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Diagnosis of Pest Problems

Alex C. Mangini

The Process

The nursery manager has a basic
knowledge of symptoms and a habit
of careful observation and can usually
diagnose most forest nursery pest prob-
lems. The first step in diagnosing a pest
problem is recognizing that a problem
exists. To do this, the manager must
routinely monitor the nursery and learn
what healthy seedlings look like under
all conditions. Once this healthy standard
has been established, the manager (and
properly trained personnel) can spot
abnormalities. In addition, routine moni-
toring allows one to catch a problem
early, when it is relatively simple and
inexpensive to treat and before extensive
damage occurs.

The next step is determining the
cause. When a problem is found, the man-
ager should use a systematic approach to
evaluate probable causes. A systematic
approach is more efficient than trying to
select a single causal factor out of many
possibilities. The key to this approach
is to consider the most probable causes
first; then, as each pest is ruled out, one
moves logically to the less likely causes.
This point is when knowledge of pest
symptoms is crucial. Before any potential
causes can be evaluated, however, it is
necessary to do a thorough examination
of both individual seedlings and the
nursery in general.

Examination of the
Nursery

The nursery manager should consider
the location of the affected beds within
the nursery as a whole. Are there any
clues based on where the problem is
located? For example, seedling damage in
depressions may indicate problems such
as poor drainage, pests that favor poor

drainage conditions, or chemical buildup.
The pattern of occurrence of symptoms
and signs is important. Is the problem
localized or widespread? For example,

a pocket of affected seedlings with a
progression of symptoms from the center
outward may indicate a disease or insect
infestation that is spreading. In contrast,
seedling damage through the entire bed
may indicate a physical problem such as
nutrient deficiency, frost damage, or fer-
tilizer burn. What cultural practices have
been done in the affected area? Consider
root pruning, fertilization, pesticide ap-
plication, and other activities in this initial
phase of the diagnostic process.

Examination of the
Seedlings

Perhaps the most important part of
the evaluation is examining the individual
affected seedlings. Look carefully at foli-
age, stems, and roots of seedlings.

Start with the foliage; it is usually the
first part of the seedling to show visible
effects of an abnormality. Often, at this
point, it is possible to determine if the
problem is insect or disease related. Insect
damage is usually obvious; either the
actual insects or their conspicuous dam-
age to the foliage are present. The foliage
may be chewed, yellowed, or otherwise
deformed by insect feeding; cast skins or
frass may be present on the foliage.

Most foliage diseases caused by
fungi, such as needle blight of conifers,
and leaf spot, rust, and anthracnose on
hardwoods, are characterized by small,
discrete, usually darkened necrotic
areas, often with fruiting bodies of the
causal fungus developing on the dead
tissue. Specialists use these fruiting
bodies in identifying the causal agent
and prescribing controls. Some fungi that

cause needle spots on conifers, such as
Lophodermium species, do not form fruit-
ing bodies until most or all of the infected
needle dies. The presence of needle spots
on pines on which fruiting bodies never
develop may indicate needle infection by
stem rusts. Knowing the distribution and
hosts of these fungi, which can be learned
from information given in this manual,
may be helpful in their diagnosis.

Other foliage symptoms, such as
general chlorosis and needle tip necrosis
on conifers, or large irregular necrotic
blotches and marginal necrosis on hard-
woods, are more difficult to diagnose. Air
pollution, unfavorable environmental or
soil factors, or root infection may cause
these symptoms.

If a problem is found on the foliage,
proceed to a close examination of seed-
ling stems. Death or discoloration of the
distal portion of the seedling or branch,
with the remainder of the seedling ap-
pearing healthy, is a good indication of
fungus, insect, or animal attack on the
stem. Discrete necrotic areas characterize
infection by pathogenic fungi, usually
with a sharp line dividing the healthy and
infected tissues. Fruiting bodies of the
causal fungi are often present. Sun scald
or chemical burns may mimic damage by
pathogens, but the lesions of the former
are often bleached rather than dark. Insect
and animal attacks are usually readily
identifiable by the feeding and gnawing
wounds. Seedling tops and branch tips
killed by pathogenic fungi are usually
brick red, whereas those killed by insect
or animal girdling are straw yellow.

Stem galls on pine seedlings are a
good indication of stem rust infection.
But galls on hardwood seedlings are
likely to be caused by insects. If girdling
by pathogenic fungi, insects, or animals

Forest Nursery Pests 1



occurs low enough on the stem, the
entire top of the seedling will die. For
this reason, it is important to examine
seedlings as soon as they exhibit the first
symptoms of chlorosis or wilting, when
the root system may still be alive and the
possibility of root problems can be more
easily excluded.

Death of the entire top of the seedling
usually indicates the presence of a root
problem. Root-related problems are often
the most difficult to diagnose because
both abiotic and biotic factors can result
in similar symptoms. For example, exces-
sive soil moisture can result in symptoms
similar to those from fungus or nematode
attack. When seedlings exhibit symptoms,
however, such as root blackening, lesions,
shedding of the root cortex, or roughening
of the bark on larger roots in the absence
of obvious adverse soil factors, one would
suspect fungus or nematode attack. Diag-
nosis of these problems usually requires
laboratory analysis of plant tissue and soil
because symptoms of most root diseases
are similar and the causal agent is usually
not evident from routine examination.
The causal agent must be identified
before proper control recommendations
can be made.

Laboratory Analysis
of Pest Samples

When the causal agent of seedling
damage cannot be identified or when
confirmation is desired, collect a repre-
sentative sample and ship it to a plant
diagnostic laboratory. Proper selection,
handling, and packaging of samples to
be submitted are crucial steps in a correct
and timely diagnosis. The following
guidelines will be useful in this regard:

2 Forest Nursery Pests

1. Select 10 apparently healthy, 10
moderately affected, and 10 severely
affected seedlings. Wrap each group
of 10 seedlings in moist paper towels
or similar wrapping material, label,
and place them in a plastic bag.

2. Place a sample of most insects
observed on the affected seedlings in
vials of alcohol and include them with
the seedlings. Mites, scales, aphids,
and caterpillars should be sent in alive
on some of the infested foliage or
stems placed in a plastic bag.

3. Collect soil samples from the affected
area and from unaffected portions of
the beds. Separate soil samples should
be obtained from the seedling root
zone. Do not include the top crust of
soil.

4. Ship the samples in a durable
cardboard box or similar container by
the fastest means available. Seedling
samples should be shipped with
refrigerant to prevent overheating and
development of mold.

If possible, include the following
information with each sample:

1. Species.
2. Age.

3. Present nursery production quantity
(thousand seedlings).

4. Percent of seedlings affected.

5. Date the symptoms were first
observed.

6. Names of other affected species.

7. Pesticides, with dosage rates and
application dates.

8. Fertilizers, with dosage rates and
application dates.

9. Possible weather problems.

10. Cultural practices recently used, such
as root pruning.

11. Fumigation history (fumigant,
formulation, dosage, rates, dates, and
season).

12. Soil type.

13. Soil analysis results (concentrations
of macronutrients, micronutrients,
organic matter, and pH).

14. Signs (fungi or insects) and disease
symptoms noted on the foliage, stems,
and roots.

15. General development of ectomycor-
rhizal feeder roots.

Laboratory diagnosis of samples
is usually rapid but may sometimes
take several weeks. This method is a
multistage diagnostic process, with time
lapses between stages to allow the fungal
pathogen or insect to develop under
controlled laboratory conditions.

Pest Selection Key

The information included in the Di-
agnosis of each chapter in this manual is
intended to guide the nursery manager or
pest specialist to the cause of an observed
problem. As mentioned previously, isolat-
ing the cause can be greatly facilitated by
a systematic assessment of the symptoms
and signs and other information available
for a specific problem. The following Pest
Selection Key (page 4) will help.



Three kinds of information are needed
to use the key:

1. The part of the plant affected—seed
or cone, roots, stem, and foliage.

2. The symptoms and signs observed—
chlorosis, dead tops, leaf spots,
swelling, or galls, etc.

3. The type of seedling on which the
problem occurs—conifer or hard-
wood.

The numbers following the host
designation refer to the chapter in the text
where pests that cause the type of damage
described in the key can be found. Some
pests may affect more than one part of
the plant, cause more than one kind of
symptom, or occur on both hardwood and
conifer seedlings. Cross-referencing the
symptoms can eliminate some pests or
problems. For example, for information
about a conifer seedling with yellowing
foliage (chapters 2, 3, 7, 11, 13, 14, 18,
19, 32, 34, 36, 37, 38, 41, 42, 45, 50, 51,
52, 54, and 56) and tip dieback (chapters

3,10, 11, 12, 14,17, 21, 32, 34, and 40),
one would consult only the chapters rep-
resented in both groups of symptoms—
3,11, 14, 32, and 34.

Selected References

Anderson, R.L.; Cordell, C.E.; Landis, T.D.;
Smith, Jr., R.S. 1989. Diagnosis of pest
problems. In: Cordell, C.E.; Anderson, R.L.;
Hoffard, W.H.; Landis, T.D.; Smith, Jr., R.S.;
Toko, H.V_; tech. coords. Forest nursery pests.
Agriculture Handbook 680. Washington, DC:
USDA Forest Service: 1-4.
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Pest Selection Key

Seedling Type

Damage Categories Conifer Hardwood
Chapters
Foliage Normal color Partly missing 21,22, 43, 51 30, 43, 51
Insect feeding 22,43, 51 29, 30, 43, 51
Insects present 21,22,42, 46 29, 30, 42, 46
Foliage discolored Stunted 2,31, 32, 36, 37,38, 48,51, 31,32, 36, 37, 38, 51, 54,
54, 55, 56 55, 56
Spots present 1,4,7,8,10,12,15,19,50 23, 24, 25, 26, 27, 32, 40,
41, 50
Defoliation 1,4,7,8,10, 32, 50, 54 23, 24, 25, 26, 27, 28, 41,
50, 54
Partly dead 1,2,8,4,7,8,9,10,13, 15, 23, 24, 25, 30, 35, 40, 41,
16, 18, 21, 22, 35, 55, 56 55, 56
All dead 1,2,8,8,11,15,18,31,32, 23,31, 32, 33, 35, 37, 38,
35, 37, 38, 55 40, 41, 55
Deformed 22,42, 48, 55 23, 24,28,41,42,55
Red/brown 2,3,7,8,9, 10, 12,13, 14, 31, 33, 35, 37, 38, 40, 50,
15,16, 17, 18,19, 21, 22, 31, 54,55
32, 35, 37, 38, 50, 54, 55
Yellow 2,3,7,11,13,14,18,19, 32, 28, 32, 34, 36, 37, 38, 40,
34, 36, 37, 38, 41, 42, 45, 50, 41, 42, 45, 50, 51, 52, 54,
51, 52, 54, 56 56
Wilted 14, 31, 33, 34, 37, 38, 40, 45, 31, 33, 34, 37, 38, 40, 45,
47,52, 54 47,52, 54
Cottony or silky material present 15, 18, 21, 35, 50 28, 35, 50
Fungal fruiting bodies visible 1,3,4,5,8,10, 12,16, 17, 23, 26, 27, 28, 32, 35
32,35
Insects present 42,50 42, 50
Insect frass present 21 29, 30
Stem Swelling (galls) 5,6, 42, 46, 54, 55 42, 46, 48, 50, 54, 55
Bark missing 20, 35, 44, 46, 47, 51, 53 35, 44, 46, 47, 51, 53
Stem cut or broken 43, 44, 47,53 29, 33, 43, 44, 47, 48, 53
Sunken areas and/or 3,6,11,13,14,16, 17, 19, 23, 24, 25, 26, 32, 33, 34,
discoloration 32, 33, 34, 35, 43, 54 35, 37, 40, 54
Tip dieback 3,10, 11,12,14,17,21,32, 283, 24, 26, 30, 32, 34, 40
34, 40
Insects present in or on stem 46 29, 46
Stem deformed 3,12, 13, 17, 33, 38, 48 29, 38, 48
Fungal fruiting bodies visible 13, 32, 34 32, 34
Root Root collar dead 3,31, 37 31,37

Primary roots dead or missing

2,32,34,37,38,47, 52,
53, 54

32, 34, 37, 38, 47, 52, 53,
54

Fine roots dead or discolored

2,31,32,34,37,38

31, 32, 34, 37, 38

Fine roots missing

2,31, 34,37, 38, 45, 51, 52

31, 34, 37, 38, 45, 47, 51, 52

Roots swollen 31, 36 29, 31, 36

Roots stripped 20, 32, 34, 38, 45,52, 54 32, 34, 38, 45, 52, 54
Insects In or on roots 45, 51 29, 45, 51

Fungal fruiting bodies visible 31 31

Seeds or cones

33, 34, 39, 44, 49, 53, 55

33, 34, 39, 44, 49, 53, 55

Soil

Disturbed

44, 47,53

44, 47,53

Discolored

56

56
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Integrated Nursery Pest Management

R. Kasten Dumroese

What is integrated pest management?
Take a look at the definition of each word
to better understand the concept. Two of
the words (integrated and management)
are relatively straightforward. Integrated
means to blend pieces or concepts into
a unified whole, and management is the
wise use of techniques to successfully ac-
complish a desired outcome. A pest is any
biotic (biological) stress factor that inter-
feres with healthy seedling development
and causes a sustained departure from the
normal physiological or morphological
condition that characterizes a healthy
seedling. So pests can be microorganisms
(for example, fungi, bacteria, viruses),
weeds, and animals (for example, insects,
nematodes, rodents, deer, and a well-
meaning, but inept-tractor operator or
chemigator). Therefore, integrated pest
management (IPM) incorporates a variety
of techniques to limit losses caused by a
variety of biotic stresses to successfully
produce a healthy seedling crop.

Most nurseries have the same compre-
hensive goals of producing high-quality
seedlings in a cost-effective manner, and
ensuring employee and environmental
safety. Formalizing those goals ensures
that any pest treatments are consistent
with those objectives. Prudent nursery
managers also have a formal, clearly
articulated, decisionmaking or manage-
ment policy. Such a document transcends
changes in staffing, and when combined
with historical records (see the next sec-
tion), can assist nursery managers in mak-
ing correct pest management decisions.
Nursery pests are always present; the
best IPM plans describe potential pests
and define the critical threshold for the
pest to be classified as a problem. After
a pest population crosses that designated
threshold, a series of control options can
be applied.

Training, Monitoring,
and Recordkeeping

Employees should be encouraged to
attend extension workshops and regional
nursery meetings. These sessions offer
opportunities to hear the latest about
new pest problems, control techniques,
pesticides, and other important nursery
topics, such as fertilization and irrigation.
Such gatherings also provide excellent
opportunity for employees to network
among other nursery professionals, and
often the information gleaned during
conversations held during breaks at these
meetings is invaluable. Generally, such
gatherings are also more focused on pests
encountered in forest and conservation
nurseries, as compared with generic
“pest” workshops required to maintain
pesticide applicators licenses. Prudent
managers can combine IPM training and
implementation as part of their overall
U.S. Environmental Protection Agency
Worker Protection Standard training. Us-
ing a variety of IPM techniques to reduce
the need for chemical applications (that
require reentry intervals) has advantages;

supervisors will spend less time notifying
employees about upcoming restrictions
and access to the entire facility by work-
ers can be better maintained.

Early detection of pest problems often
results in pest control before damage is
severe. All employees are responsible for
continually monitoring the seedlings for
pests and factors that disrupt appropriate
environmental conditions for healthy
seedling growth. After pests are detected,
designated employees who are specifically
trained to identify and document problems
can recommend appropriate IPM treatments.
These employees need to be equipped with
a hand lens; small notebook, personal
digital assistant, or digital recorder; digital
camera; and maybe even a global position-
ing system receiver in larger nurseries
(fig. L.1). If nursery staff cannot make an
accurate diagnosis, samples should be
sent immediately to appropriate pest
specialists for identification. Proper pest
identification is essential in selecting the
most cost-effective, practical, economical,
and environmentally sound IPM practice.
Full details about the pest incidence should

Figure 1.1—O0bservant employees and a hand lens are critical to any integrated pest management plan. Photo by

Niklaas K. Dumroese.
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be recorded and retained in a central
location. Historical records are valuable
assets used to accurately diagnose future
problems and increase the effectiveness
of subsequent treatments.

Managing Pests

Because good IPM plans incorporate
many pest control techniques, this holistic
approach is more practical, economical,
and ecologically sound than a control
program that relies, for example, on a
single control technique. IPM can be dis-
cussed and implemented many ways. An
effective IPM plan focuses on the three
elements necessary for pests to cause
problems in nurseries: (1) the pest is
present, (2) the environment is conducive
for the pest, and (3) the hosts (nursery
crops) are susceptible to the pest (fig. 1.2).
These collective elements are referred to

as the “disease triangle” because all three
elements are necessary for biotic disease
to occur. A good IPM program, therefore,
coordinates and targets multiple control
methods against all three components.
Moreover, using multiple methods to
control pests makes the nursery crops less
vulnerable and more resilient when either
litigation or regulation remove or restrict
the ability to use a particular pest preven-
tion technique.

It is impossible to provide an [PM
“recipe” for all nurseries, simply because
each nursery has unique goals and differ-
ent ideas of what constitutes acceptable
pest populations or damage thresholds.
Additionally, each nursery has varying
pest issues based on its geographic
location and associated environment.
Some general information is provided
in the following sections to help nursery

Figure 1.2—The “disease triangle” illustrates the concept that a host, a pest, and a conducive environment are
necessary to cause biotic disease. Abiotic disease occurs when environmental factors, such as frost, injure the

host plants. llustration by Jim Marin Graphics.
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managers and their workers gain an im-
proved understanding of the wide scope
of activities that can be part of an [PM
plan. Keep in mind that this discussion

is far from an exhaustive list of potential
techniques; hopefully, the examples pro-
vided will stimulate additional, innovative
techniques. Some techniques described
may block more than one component of
the disease triangle. Because separating
the interaction of seedling health and
proper environmental conditions is often
difficult, those two components of the
disease triangle are combined in the fol-
lowing discussion; these two components
also are the logical starting point for any
IPM plan because they primarily focus on
pest prevention rather than what can be
done after a pest is causing damage.

Providing a Healthy
Environment and
Improving Seedling
Resistance and Resilience

A healthy environment and seedling
resistance and resilience are intertwined.
When seedling damage is noted but
pests are absent, the cause can often be
traced to an environmental factor, which
highlights the importance of examining
these two components concurrently.

Abiotic (environmental) and biotic
(living) factors contribute to seedling
health. For a bareroot nursery or a
container nursery without greenhouses,
site selection is the most important abiotic
variable to consider. Having a site that
meets criteria for optimum soil texture,
pH, drainage, air flow, and water quality
(low salinity, proper pH) contributes to
healthy seedlings and is paramount in
selecting new sites or expanding existing
sites. Optimum soil is well drained, low
in clay content, and lacks any imperme-
able layers (especially close to the



surface). Poorly drained soils can lead to
root rot development in bareroot nurseries
or can result in slow drainage from a
container nursery site. If poor drainage

is a problem in a portion of the nursery,
subsoiling (deep plowing to fracture im-
permeable layers) or tiling may mitigate
the problem. Fields may also be leveled
or seed beds oriented to improve water
flow across the site.

Although soil pH can be modified,
beginning with a pH conducive for seed-
lings (generally 4.5 to 6.5 depending on
species) is best. For conifers, a pH above
5.5 generally leads to more damping-off
and root rot, and a pH above 6 can
reduce ectomycorrhizae development. A
good site is not in a frost pocket and is
protected from harsh winds.

For any nursery type, water needs to
be tested for pH and the presence of det-
rimental fungi, nematodes, insects, weed
seeds, salts, and pesticides, especially if a
surface source (river, pond, or reservoir)
is used (fig. 1.3). Although pH can be
readily adjusted downward by injecting
acid into irrigation water, it may be dif-
ficult, expensive, or impossible to remove
these other contaminants; test results can
help managers use appropriate methods to
mitigate their influence.

Proper temperatures are required
for optimum seedling growth. Improper
temperatures can reduce germination,
induce fungal attack, or directly cause
seedling mortality. For crops grown in
greenhouses equipped with environmental
controls, temperature is easily maintained
by a combination of heaters, air condi-
tioners, cooling pads, removable roofs,
shading, and irrigation. For bareroot
nurseries and outdoor container opera-
tions, maintaining desired temperatures
is difficult. High temperatures are usually

mitigated by irrigation, although some
species may require shading provided by
laths. Low temperatures in early spring
can be avoided by delaying sowing until
the soil temperature is suitable for rapid
seed germination and early seedling
growth. Damage from an early frost in the
fall can be mitigated by applying irriga-
tion water. Using a cover crop can also
help protect germinating seeds from cold
temperatures; wheat or rye, planted with
fall-sown crops, particularly hardwoods,
germinates in the fall and provides a ther-
mal blanket for the crop seeds. Similarly,
insulating fabrics can protect fall- or
spring-sown crops from excessively cold
temperatures; in greenhouses, such fabric
can help retain nighttime media tempera-
tures and foster more rapid germination
with less energy consumption.

Strong, healthy plants are more
resilient to pests. Choosing species and
seed sources appropriate to the nursery
location is important (especially for bare-
root nurseries); seedlings grown off site
will be more susceptible to environmental

stresses. Vigorous seed lots that have
rapid and uniformly high germination are
often more immune to biotic and abiotic
stresses. Seeds produced in seed orchards
usually have high vigor, and often the
clones have been selected for resistance to
pests, such as fusiform rust.

Crop density should be controlled to
ensure seedlings have access to sufficient
resources (nutrients, water, and sunlight),
whether they are grown in bareroot or
container nurseries. High crop density can
reduce seedling vigor, making them more
susceptible to pests. In addition, inter-
mingling of canopies can promote high
relative humidity, which is conducive to
foliar diseases, such as powdery mildew
and gray mold.

Water is the most dangerous input
used in nurseries. Insufficient irrigation
can lead to improper seedling nutrition,
poor growth, greater susceptibility to
pests, and mortality. Excessive irrigation,
which reduces gas exchange to and
from soil and media, can kill roots and

Figure 1.3—Nursery water needs to be tested for pH, salinity, pesticides, and the presence of fungi, nema-
todes, insects, and weed seeds, especially if a river, pond, or reservoir is the water source. Photo by Thomas D.

Landis, USDA Forest Service.
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reduce plant vigor, enabling waterborne
organisms (for example, Pythium,
Phytophthora, and some nematodes) to
become pests. Pythium spores require
water to move to new hosts, so saturated
soils are especially conducive to spread of
this disease. Excessive irrigation also fa-
vors shoot development at the expense of
root development, which could decrease
mycorrhizae development. Irrigation
timing can also be critical. Applications
made early in the day enable the foliage
to dry, which decreases the likelihood of
foliar diseases, such as gray mold.

Providing crops with proper nutrition
levels is paramount. In addition to know-
ing proper nutrition levels and which
fertilizer formulations work best for
specific species, employees need training
to efficiently and accurately administer
applications. Insufficient fertilizer use
can reduce seedling vigor and growth and
increase susceptibility to pests. Excessive
fertilizer use can stimulate damping-off
during germination, burn foliage, stunt
growth, cause excessive shoot growth and
diminish root growth or, in the case of
nitrogen and phosphorus, delay or inhibit
formation of symbiotic relationships, such
as mycorrhizae. Optimum rates yield the
healthiest seedlings.

Symbiotic microorganisms (for
example, mycorrhizae and nitrogen-fixing
bacteria) can improve nutrient and water
uptake toward enhancing seedling health.
Colonization by symbiotic microorganisms
and other favorable biotic species (for
example, Trichoderma to reduce root
disease incidence) can reduce potential
infection by pathogenic fungi.
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Managers should properly harden
crops prior to harvest to reduce seedling
stress levels. Keeping seedlings cool and
moist and handling them with care during
harvest ensures seedling quality is re-
tained. Seedlings are more susceptible to
stresses and pests when roots are allowed
to dry or seedling boxes are dropped onto
the ground.

Nursery managers often realize that
portions of their container or bareroot
nurseries are more favorable to growing
some species than other areas. Growing
seedlings in areas where the environmen-
tal and biotic features are more conducive
to that species yields healthier, more
pest-resistant crops. Continuous crop-
ping of a particular species in the same
area, especially in bareroot nurseries,
can promote the buildup of a variety of
fungal, insect, nematode, and weed pests.
Rotating crops, especially susceptible and
nonsusceptible species, and alternating
seedling production with cover crops is
one way to prevent such buildup.

Adding organic mulches is one
method for improving soil organic matter
levels; improved nursery soil tilth enhances
aeration, water-holding capacity, and
improved soil microorganism populations
that may help suppress root disease. Com-
monly used mulches include pine needles,
compost, sawdust, and straw. Nursery
staff should have any mulch material tested
to ensure it is free of pests, especially fun-
gal inoculum and weed seeds. Although
mulches can be fumigated, it is probably
more efficient to incorporate any organic
material before the traditional presowing
fumigation occurs. Avoid mulches with
high carbon-to-nitrogen ratios (for example,
fresh sawdust or straw) that can lead to
nitrogen immobilization as microorgan-
isms use the nitrogen to digest the mulch.

Reducing Pest
Populations

Pests range in size from microscopic
(fungi, nematodes, bacteria, and viruses)
to small (insects) to megafauna (rabbits
and deer), and methods for reducing pest
populations are just as varied. Often,
nursery managers equate pest control or
pest management with a repeated pesti-
cide application regime. At some nurser-
ies, such applications are made whether
the pest is present or not; some managers
consider it to be cheap insurance. Other
nurseries have discovered, however,
that reducing initial pest populations
through other techniques and resorting to
chemicals only when pests cross a critical
damage threshold, can dramatically
reduce the amount of pesticides required.
This approach can result in financial
savings and less down time because of
required reentry intervals after pesticide
applications.

Physical: Sanitation and Exclusion

One easy method to reduce pests
is by increasing sanitation across the
nursery. Sanitation can take many forms,
including keeping the landscape, seed
production areas, and nursery perimeter
free of weeds, which can reinfest bareroot
and container crops and harbor other
insect and fungal pests. Maintaining
growing areas and nearby grounds free of
accumulated junk reduces hiding places
for larger pests, such as rodents, that can
consume seeds or seedlings. Clean field
machinery before moving from one field
to another to help prevent movement of
weeds, nematodes, and fungal pathogens.
Employees can rogue dead and dying
seedlings from beds and containers to
reduce the spread of disease. Diseased
culls should be buried or composted
at a spot away from the growing area.



Employees should wash their hands to
prevent spreading contaminants when
moving from one seed source to another.
In container nurseries, tables, floors, and
the containers need to be cleaned between
crops. Solid floors are easier to keep clean
and prevent weeds and some insects, such
as fungus gnats that commonly reproduce
in the organic matter under benches.
Fungus gnats can consume seedlings
roots and act as vectors for Fusarium

root disease and gray mold by carrying
spores on their bodies. Reused containers
that have not been cleaned often reduce
seedling growth, even if traditional root
disease symptoms are absent.

Some pests are easier to exclude
than others. Screens over entry points
into greenhouses can exclude many

insects, and fences can be used to prevent
larger animals from damaging plants.
Seed germination cloths or lath or cage
structures deployed over seedbeds and
containers in outdoor growing areas can
reduce bird predation until germination

is complete (fig. [.4). Refraining from
accepting stock from other nurseries can
also reduce the likelihood of introducing
pests. Some pests can also be excluded
through trapping. Aphids, fungus gnats,
thrips, whiteflies, and others can be lured
to colored sticky traps; these traps can
also serve to monitor population levels
and control these pests. Rodents can be
removed using lethal or humane traps.
Nursery managers in the Midwest use
thick mulches of straw above their fall-
sown bareroot crops of oaks and hickories
to exclude turkey and deer predation.

Figure 1.4—A screen exclosure prevents seed predation at the Hawai'i Division of Forestry and Wildlife
Kamuela (Waimea) State Tree Nursery on the Island of Hawai'i. Photo by R. Kasten Dumroese, USDA Forest Service.

Although windbreaks around nurser-
ies can improve aesthetics, reduce soil
erosion, and decrease wind damage,
careful evaluation of the windbreak spe-
cies is important to ensure that candidates
are neither an alternate host for fungi nor
a food source or refuge for other pests.
For example, oaks serve as alternate
hosts for fusiform rust, which can infect
southern pine crops. Austrian pine, com-
monly planted as a windbreak tree in the
Lake States, is susceptible to Diplodia
blight, which can severely damage pine
seedlings. Therefore, judicious windbreak
species selection is necessary, as is keep-
ing the windbreak healthy and vigorous
so that pests are less likely to become a
problem. Unfortunately, spores of these
fungal pests can travel long distances,
making complete eradication, even to
extended distances around the nursery,
impractical to achieve.

Weeds are often excluded from fal-
low nursery fields by repeated tillage or
through suppression using a cover crop.
Cover crops reduce erosion and increase
soil organic matter but need to be selected
carefully. Intuitively, legumes that fix
nitrogen seem to be good candidates for
cover crops, but they are also known to
promote development of charcoal root
rot, black root rot, and nematodes in
the Southern States, and Fusarium root
disease in the Pacific Northwest. This
concern may be irrelevant if fields with
legume cover crops are plowed under and
enabled to decompose, or if the fields are
fumigated before establishing the next
seedling crop.

Biological Control

Biological controls can also reduce
pest populations. Incidence of root rots
can be reduced by drenching soil or media
with Trichoderma, a species antagonistic
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to many pathogenic fungi. Inoculating
crops with mycorrhizal fungi may help re-
duce incidence of root rots, either by im-
proving host resistance or by decreasing
the number of potential infection points
on seedling roots. Biological control of
insects is a bit more difficult. Although
many insect pests can be controlled with
beneficial insects, ensuring that sufficient
beneficial insects are in place at the
correct time to counteract undesirable
insects can be difficult to achieve. Often,
a minimal pest level is required to ensure
that the biological agent survives, and
this minimal level may exceed acceptable
damage thresholds. Nursery managers
must exercise care to ensure that other
pest control measures do not diminish the
efficacy of potential biological controls.
For example, some systemic fungicides
can suppress mycorrhizae development.
Predator nematodes are available for
biological control of fungus gnats in con-
tainer nurseries and harmful nematodes
in fields.

Chemicals

Chemical treatments are another piece
of any IPM plan and are useful in situ-
ations in which other IPM practices are
unavailable or ineffective (either from a
pest control or financial aspect). Chemical
pesticides (biocides, herbicides, insecti-
cides, rodenticides, and nematocides) can
be synthetic (for example, glyphosate)
or natural or botanic (for example, neem
oil). This distinction is becoming blurred,
as many botanic chemicals are now pro-
duced synthetically, rather than extracted
from their natural sources.

Chemicals can be applied to seeds to
protect them against birds, animals, and
fungi. Thiram is one such chemical; it
decreases predation by birds and small
animals and has efficacy against some
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seed- and soil-borne pathogenic fungi.
Many other chemicals (for example,
bleach, hydrogen peroxide, and fun-
gicides) have been used on forest tree
seeds; their efficacy varies by tree spe-
cies, pathogen, chemical concentration,
and treatment duration. In the South, sys-
temic fungicides are commonly used to
treat loblolly and slash pine seeds so that
newly emerged seedlings are protected
from fusiform rust.

Chemicals can be applied to soil
several ways. Fumigants are nonselec-
tive biocides. Fumigating soil before
sowing effectively reduces or eliminates
fungi, insects, nematodes, and weed
seeds. Although fumigants are effective
in reducing or eliminating soilborne
pathogenic fungi and weed seeds, they
also negatively affect beneficial micro-
organisms, such as mycorrhizal fungi
and Trichoderma species. Usually fields
are rapidly recolonized by ectomycor-
rhizal fungi because the fungi reproduce
through windborne spores, therefore,
most conifer crops become mycorrhizal.
Spores of arbuscular mycorrhizal fungi
are not airborne, so they take much longer
to recolonize hardwood (and some
conifers, such as giant sequoia and bald
cypress) nursery beds. Arbuscular mycor-
rhizal fungi can recolonize nursery beds
from adjacent, nonfumigated soils, but
applying arbuscular mycorrhizal inocu-
lum after fumigation can ensure seedlings
have their symbiotic fungi.

Pre- and post-emergent herbicides are
commonly applied to the soil immediately
before and after germination of crop
seeds to prevent weed seed germination.
Judicious, conscientious, and safe herbi-
cide use has reduced the need for more
expensive hand weeding. Some pre- and
post-emergent herbicides can be used
with a variety of hardwood and conifer

crops in bareroot and container nurseries.
Nonfumigant fungicides are less com-
monly applied to soil, and insecticides are
rarely applied, if ever. When used, these
pesticides may be applied as soil drenches
or granular formulations. Fungicides

are sometimes applied in bareroot and
container nurseries to control root rot, but
their efficacy is often low or poor, mostly
because it is difficult to move these short-
lived products to sufficient soil depths in
sufficient quantities to be useful.

Chemicals can be applied to plants
either to protect crop plants (fungicides
and insecticides) or to kill weeds
(herbicides). Fungicides and insecticides
can be contact (kills the pest on contact)
or systemic (absorbed by the seedling,
and the pest is killed when it consumes
a portion of the crop plant) pesticides.
Typically fungicides and insecticides are
applied with spray equipment although
sometimes they are injected into irriga-
tion lines. Contact pesticides have low
residual activity and therefore usually
require multiple applications, especially
to protect new growth or if reinfestation
by the pest occurs. Systemic pesticides,
translocated throughout a seedling, have
longer residual activity. Although simple
hydraulic sprayers are commonly used to
apply chemicals, electrostatic and other
specialty sprayers can reduce water and
pesticide volumes and increase pesticide
efficacy (fig. .5). Herbicides can reduce
weeds in containers, fields, and other
nursery areas. Nonselective herbicides are
often used in places where crops are not
involved, such as along irrigation lines,
fences, and near buildings, but selective
herbicides are used with seedling crops.
Recent development of “shielded spray-
ers” enables nursery personnel to apply
nonselective herbicides to weeds between
conifer or hardwood rows in nursery beds.



Figure 1.5—This modified orchard sprayer applies pesticides thoroughly to seedlings being grown at the
Missouri Department of Conservation George 0. White Nursery at Licking. Photo by R. Kasten Dumroese, USDA Forest

Service.

Embrace Integrated
Pest Management

Many good nursery managers practice
IPM without realizing it or calling it by
name. [PM becomes easier to apply if
nursery managers make an effort with
themselves and their employees to
embrace IPM as a management philos-
ophy—a priority. Doing so will enable
nursery managers to reap the maximum
benefit of any IPM program.
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Evaluating Damage to Nursery Crops
Katy M. Mallams and Tom Starkey

In spite of the best efforts at preven-
tion and control, all nurseries experience
crop damage due to pests. But the ques-
tion arises: does the damage in a particu-
lar nursery justify additional expenditures
for prevention or control? To answer that
question, managers must identify the
damage and evaluate costs and benefits
of prevention and treatment and impacts
on outplanting success. Production of
seedlings in the nursery is an integral
part of forest regeneration and restoration
programs. Damage to seedlings in the
nursery may result in crop losses or poor
field performance after outplanting in the
field. Poor performance after outplanting
may also be caused by damage occurring
after seedlings leave the nursery. Diligent
recordkeeping and evaluation and report-
ing of seedling performance is critical to
correctly identify the cause of damage
and when, where, and why it occurred, so
the most effective and least costly treat-
ments can be applied and future damage
prevented.

Evaluating Damage in
the Nursery

Damage caused by pests in forest

nurseries can affect crops in several ways.

Outright seedling mortality is the most
obvious impact. Physical damage and
growth loss may be less obvious, but are
no less important. Seedlings that have
been killed or are otherwise unsuitable
for planting are usually a total loss.
Occasionally, seedlings that are too small
or have minor physical damage can be
transplanted. Other seedlings may meet
specifications and be shippable in spite
of damage. The objective of evaluating
crops for damage is to identify whether
seedlings are suitable for outplanting or
transplanting or should be culled. The

information can also be used to make
decisions about the efficacy of control
treatments in the current crop and to
plan preventive actions in future crops.
To determine the impact of damage, and
appropriate treatment and prevention
methods, correct diagnosis of causal
agents is critical.

A program for identifying and
evaluating pest damage should be a
routine part of nursery operations. Such
evaluations may be designed either for
general pest occurrence or for specific
problems. The intensity of an evaluation
may range from informal seedbed scout-
ing to intensive sampling procedures that
permit statistical analyses. Preliminary
sampling data may be needed to deter-
mine the distribution and variation of the
damage to select the most effective and
efficient evaluation. Causal agents may
include biotic factors such as insects,
pathogens, and animals, and abiotic
factors such as the nursery environment,

mechanical damage, and chemical agents.

A person knowledgeable in identification
of damaging agents should supervise or
conduct the evaluations. It is important
to conduct evaluations when symptoms
of damage are readily visible. This step
may require surveys several times during
the crop production cycle. Proper timing
of evaluations requires understanding of

local nursery insect and disease problems.

Insects that cause damage, such as lygus
bugs, often appear in early summer. Root
diseases, stem rusts, and foliage blights
are easiest to see late in the growing
season. Fungal diseases, especially

root diseases, can manifest subtly with
chlorosis or stunting. Fungal diseases
may be difficult to diagnose in the field
and may require whole plant testing in a
laboratory. Some belowground damage,
including that caused by root diseases,

root weevils, and cranberry girdlers, may
not be visible until seedlings are lifted or
packed.

Keeping a thorough and accurate
record of evaluations is very important.
Information to record includes the date,
seedbed location, seedling species,
seedlot, family, stock type, signs and
symptoms observed, causal agent, age
of the affected seedlings, portion of
seedlings affected, and the size and distri-
bution of the affected area. Background
information that is helpful both for plan-
ning evaluations and diagnosing damage
includes soil type and drainage, irrigation
records, cultural practices, pesticide and
fertilizer use, and weather data.

After a diagnosis is made, consider-
ation of costs and benefits and analysis of
environmental impacts is needed to select
treatments that are the most economical
and safest for nursery field workers
and the environment. The loss in crop
value resulting from seedling damage
and mortality is affected by the extent
of the damage, the value of the seed and
seedlings, and the costs associated with
transplanting and treatments to control
pests. Seed value, seedling age, and stock
type are significant factors because they
represent the level of investment that has
already been made in a crop. The cost
of control treatments and transplanting
represent additional investments that may
be needed before a damaged crop can be
outplanted.

Use of economic criteria when
making decisions about treatments is
an important component of integrated
pest management. Economic damage is
the point when the loss in value caused
by damage to a crop equals the cost of
control. The economic injury level is
the population at which a pest begins
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causing economic damage to a crop. The
goal of integrated pest management is

to use all available methods to keep pest
populations below this level, but not to
completely eradicate them. The action
threshold is the point at which treatment
should be applied to prevent the eco-
nomic injury level from being reached. In
forest nurseries the action threshold for
many pests is low because the potential
for economic damage is high. Treatment
is worthwhile because large numbers of
seedlings are often involved, or because
seed values are high. In some cases, the
action threshold may be set at zero, in
other words, treatments are applied before
any damage is observed. Generally, an
action threshold of zero is used when
dealing with pests whose populations
increase rapidly, so that by the time
damage is observable the economic injury
level has been reached. Such treatments
include fumigation, seed treatments,
pre-emergent herbicides, and protectant
systemic insecticides and fungicides.

Evaluating Damage
After Outplanting

Damage to seedlings caused by pests
or abiotic factors, such as freeze injury or
anaerobic conditions in the nursery may
carry over to affect outplanting success.
If seedlings are not available for planting,
investments in site preparation may be
lost. The site may have to be prepared
again when seedlings become available
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in subsequent years. Insects and diseases
originating in the nursery are frequently
transported to outplanting sites on infest-
ed or infected seedlings. Many of these
insects and pathogens do not survive well
in the natural environment. However,
some are capable of surviving and may
continue to damage planted seedlings.
Insects and pathogens may also be spread
from one nursery to another on seedlings
that are shipped between facilities.

Not all outplanting problems are
the result of problems that may have
occurred in the nursery. Determining
whether damage to seedlings observed
after outplanting originated in the nursery
requires careful examination of signs and
symptoms, and often involves retracing
the history of the stock from lifting

through storage and planting to find clues.

Successful diagnosis may be difficult

if adequate records have not been kept.
Information that is helpful in evaluating
outplanting problems includes signs

and symptoms observed on damaged
seedlings; records from lifting, packing,
storage, and transportation (date, dura-
tion, location, temperature, and type of
container); outplanting site conditions
(site index, soil type, site preparation
methods including any chemical applica-
tions, and competition); planting records
(seedling quality, planting methods,
planting quality, and weather); and
records of subsequent events such as un-
usual weather, fertilization, and herbicide
or other release treatments.

The most serious consequence of
outplanting insect-infested or diseased
seedlings is the potential for introduction
of invasive pests and their subsequent
spread to native forests. White pine blister
rust and Port-Orford cedar root disease
are two examples of diseases that were
introduced on nursery stock early in the
twentieth century and spread into native
forests, causing widespread mortality.
More recently, the introduction and
spread of Phytophthora ramorum, the
causal agent of sudden oak death and
Ramorum blight, has highlighted the
potential for spread of diseases between
nurseries, and from nurseries to native
forests. It emphasizes the importance
of careful evaluation and identification
of diseases and insects in nursery stock.
Most States have regulations for inspec-
tion and certification of nursery stock
to protect against interstate movement
of Phytophthora ramorum and other
invasive pests.

Cooperation between nursery
managers and landowners or managers
in evaluation of damage after outplanting
can improve both nursery production
and outplanting success. The success of
these evaluations depends upon accurate
records being kept from sowing to
outplanting by the nursery manager and
those responsible for outplanting and
seedling establishment. Participation in
such evaluations can enhance a nursery
manager’s reputation as a professional
with an interest in providing the highest
quality seedlings to ensure reforestation
and restoration success.
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Soil-Pest Relationships

Jerry E. Weiland

Soil is essential for the production of
healthy nursery stock. It provides physi-
cal support for roots and supplies mineral
nutrients and water necessary for growth.
The soil is also the environment in which
plant roots interact with soilborne insects
and pathogens. Therefore, an understand-
ing of how soil properties affect both
plant and pest health is critical for making
effective pest management decisions.

Soil is a living, dynamic body
composed of mineral solids, air, water,
and organic matter (including living
organisms). Although soil characteristics
vary greatly throughout the United States,
certain basic soil properties are important
in mediating soil-pest relationships.
Some properties, such as soil texture,
are relatively fixed. Other properties,
however, can be modified to favor plant
health over that of injurious insects and
pathogens. Knowing your site along with
its associated soil properties can go a
long way in determining which disease
and pest management practices will be
most appropriate. The most relevant soil
properties are discussed below.

Texture

Soil texture (percentages of sand, silt,
and clay) is one of the most important
properties in soil-pest relationships
because it directly affects a number of
other soil characteristics crucial for plant
growth including nutrient availability,
gas exchange, and soil moisture levels.
In general, sandy loams or loamy sands
are recommended for nursery production
because they are more resistant to com-
paction and provide enough pore space
for adequate drainage and air infiltration.
Coarse-textured soils are also more work-
able across a wider range of soil moisture
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levels and resist large clod formation,
thus making soil management easier. For
example, fumigants infiltrate farther in
sandy soils with large pore spaces and
few soil aggregates (clods).

Fine-textured soils are more prone
to compaction and susceptible to poor
drainage. Both conditions inhibit root
growth and result in plant stress that can
increase susceptibility to root pathogens.
Damping-off and root rot are frequently
more severe in clay soils because of these
conditions. Fine-textured soils may slow
seedling emergence, thereby increasing
the amount of time that seedlings are in
contact with pathogenic fungi. Garden
symphylans (Scutigerella immaculata)
also tend to be more problematic in
heavier soils.

Coarse-textured soils, on the other
hand, are more favorable for nematodes,
which require larger pore spaces to move
easily. For example, the root lesion
nematode (Pratylenchus penetrans) and
Xiphinema bakeri, the cause of corky
root disease, are both more severe in
sandy soils. Root feeding insects, such
as the black vine weevil (Otiorhynchus
sulcatus), strawberry root weevil
(Otiorhynchus ovatus), and pales weevil
(Hylobius pales) similarly prefer coarse-
textured soils.

Moisture

Soil moisture is another important
property that mediates soil-pest relation-
ships. Water is essential for life and its
presence directly affects both plant and
pest health. Because the amount of water
in a soil is inversely related to the amount
of soil aeration, maintaining the proper
balance of water and air is key to plant

health. If too much water is present for

an extended period of time, roots can
suffocate. However, too little water can
lead to drought stress. In either case, roots
can sustain damage and become more
susceptible to insect and pathogen attack.

Although local climatic conditions
and water tables strongly influence soil
moisture, appropriate drainage tile place-
ment and the installation of an irrigation
system can help mitigate the effects of
standing water or a dry nursery site. Soil
moisture conditions may also need to
be managed for effective pest control.
Fumigant efficacy is dependent on soil
moisture during and after fumigation,
and excess water can lead to pesticide
leaching or uneven pesticide distribution
in nursery fields.

Two classic examples of disease
favored by excess water are damping-off
and root rot caused by Pythium and
Phytophthora species. Both pathogen
genera produce motile spores that swim
to host plant roots when soil moisture
is abundant. Certain insects such as the
European crane fly (Tipula paludosa) and
fungus gnats (Bradysia and Lycoriella
spp.) also prefer moist conditions.

Other disease and pest problems are
favored by low soil moisture. Damping-
off caused by Rhizoctonia solani and
Fusarium species can be more severe
under dry conditions. Drought stress may
increase plant susceptibility to root rot
caused by Cylindrocladium species. Simi-
larly, charcoal root rot of pine, caused
by Macrophomina phaseolina, is much
more severe in hot, dry soils. Drought
also predisposes hosts to stem diseases
such as Phomopsis canker on Douglas-fir,
Diplodia shoot blight and canker on pine,
and Cytospora canker on hardwoods.



Temperature

Soil temperature affects the rate of
seed germination, plant growth, and the
development and survival of soil pests.
The predominant factors that influence
soil temperature are local climatic condi-
tions, soil characteristics, and the amount
of vegetative cover shielding the soil
from incoming solar radiation. Several
nursery practices, however, may be used
to moderate soil temperature extremes.
In summer, irrigation and mulching can
be used to cool nursery soils. Mulching
also works to keep the soil warmer during
cold weather by reducing heat loss. In
areas that receive adequate sun, soil
solarization with clear plastic has proven
effective in reducing insect and pathogen
populations.

Warm soil temperatures are favor-
able for the development of a number
of diseases including charcoal root rot
and Fusarium root rot. Warm, moist
conditions also increase infection by Cy-
clindrocladium species, which cause root
rot in a number of ornamentals. In some
situations, excessive soil temperatures
predispose seedlings to infection. In the
case of Fusarium hypocotyl/root rot on
Douglas-fir seedlings, symptoms often
appear with the first onset of hot summer
weather when roots are unable to supply
adequate amounts of water to actively
growing seedlings. Warm soil tempera-
tures may also be crucial for biological
control efficacy. Heterorhabditis marela-
tus, an insect-feeding nematode, requires
consistent soil temperatures above 10 °C
(50 °F) to be effective against black vine
root weevil.

Cool soil temperatures slow seed
germination, seedling growth, and woody
tissue development. These conditions
prolong the amount of time that seedling

tissues remain succulent, and therefore
susceptible to infection by damping-off
pathogens. Cooler soil temperatures also
slow pest development and may reduce
the number of generations that occur each
year. Garden symphylans take 5 months
to complete their life cycle at 10 °C (50 °F),
but require less than 2 months at 25 °C
(77 °F). In addition, cold soil temperatures
restrict the geographic range of certain
insects and pathogens. The root pathogens
Phytophthora cinnamomi and Sclerotium
rolfsii are both limited by low soil tem-
peratures and do not survive where soils
regularly freeze.

Soil Reaction (pH)

Soil pH is a measure of the acidity or
alkalinity of the soil. In general, slightly
acid soils (pH 5 to 6) are recommended
for optimal seedling growth of both
hardwoods and conifers. Micronutrients
such as iron and manganese become more
available in slightly acid soils, but others
such as aluminum may become toxic as
pH levels decrease. Soil acidity is gener-
ally modified through the addition of soil
amendments. Liming serves to increase
pH and make soils more alkaline. Soil
sulfur is commonly used to quickly lower
pH, thus promoting soil acidity.

The severity of several diseases may
be significantly reduced by soil acidifica-
tion. Black root rot, caused by Thielavi-
opsis basicola, has been suppressed in
soils with a pH less than 5.2. Losses from
damping-off caused by Fusarium, Phy-
tophthora, Pythium, and Rhizoctonia spe-
cies have also been reduced by keeping
soil pH low. Some acid-tolerant patho-
gens such as Cylindrocladium, however,
may actually increase disease severity if
the soil is acidified. Aluminum sulfate,

a common soil amendment to lower soil

pH, has shown some efficacy in reducing
disease severity because several soilborne
pathogens are sensitive to aluminum and
increased soil acidity. However, caution
must be used because high aluminum
levels can be toxic to plants.

Symptoms of iron, manganese, and
zinc deficiency are common on certain
plant species grown in soils with a high
pH. Pin oak and river birch seedlings, for
example, are often chlorotic in alkaline
soils. Treatment options are determined
after a nutrient analysis of the affected
plants and include soil acidification or
fertilization with the appropriate nutrient.

Relatively little information exists
about the effect of soil pH on nursery in-
sect pests. However, the pH range of most
nursery soils is unlikely to limit insect
pests known to occur in nurseries.

Nutrients

Optimal plant nutrition is an important
component of plant health because it
helps maintain plant defenses. As with
water, too little or too much of any
nutrient can negatively affect plant health
and increase susceptibility to insect and
pathogen attack. The best strategy is to
maintain a balanced fertilization program
without promoting excessive growth.

The three main constituents of most
fertilizers—nitrogen, phosphorous, and
potassium—have been shown to affect
disease incidence and severity. Nitrogen
is the most studied nutrient and is es-
sential in many physiological processes
for growth and disease resistance. Excess
nitrogen can lead to succulent growth and
delayed tissue maturity, thereby making
plants more susceptible to fungal infec-
tion. Damping-off, for instance, is fre-
quently more severe after heavy nitrogen
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fertilization. In contrast, phosphorous
decreases the severity of damping-off

in conifers by Fusarium oxysporum.
Phosphorous accelerates tissue maturity,
thus increasing resistance to several plant
pathogens, particularly those that attack
young tissues. Phosphorous also helps
with new root generation, which may as-
sist seedlings in outgrowing root damage.
Although potassium assists root growth,
increased potassium levels in Monterey
pine have been associated with greater
susceptibility to Phytophthora root rot.
Where fusiform rust (Cronartium fusi-
forme) is prevalent, high concentrations
of all three nutrients are associated with
increased susceptibility and damage.

With the exception of calcium, little
work has been done on the effect of
other nutrients in mediating soil-pest
relationships. Calcium amendments such
as gypsum, calcium chloride, and calcium
carbonate have reduced infection by
Phytophthora species in seedlings of fruit
trees and ornamentals. It is thought to
function by strengthening plant cell walls,
thus increasing resistance to infection,
and by directly interfering with pathogen
biology.

Relatively little research has been
conducted on the effect of plant nutrition
on root insects of nursery crops. About
the only generalization that can be made
is that most root feeding insects tend to
have long generation times (root weevils
1 to 2 years, cicada up to 17 years, white
grubs 2 to 4 years) because the avail-
ability of nitrogen in roots is low.

Organic Matter

A significant proportion of research
in the last few decades has focused on the
role of organic matter (OM) in the man-
agement of soilborne diseases. Organic
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matter benefits the soil by increasing
water holding capacity, soil aeration, and
nutrient availability. However, the addi-
tion of too much carbon by incorporating
amendments such as sawdust or bark
mulch directly into the soil can result in
temporary nitrogen deficiencies. Three
strategies of OM management (bare
fallow, specific OM amendments, and
suppressive soils) have emerged in the
past few decades and show promise for
pathogen management. The first, bare
fallow, is a relatively simple strategy

for the reduction of certain soilborne
pathogen populations. The latter two
strategies, however, are more complicated
and will likely require additional research
to realize their full potential.

Periodic bare fallow treatments (every
third year) have proven effective in re-
ducing pathogen populations in bareroot
conifer nurseries. This strategy works
by removing the host and by decreasing
the amount of OM in the soil, thereby
eliminating or decreasing the food base
for soilborne pathogens. Soils without
vegetative cover also experience greater
temperature and moisture extremes that
may contribute to pathogen mortal-
ity. Significant reductions in soilborne
pathogens such as Pythium, Fusarium,
and Cylindrocarpon species have been
observed and in several cases bare fallow
has been as effective as fumigation in
reducing pathogen populations. However,
bare fallow is less likely to work as well
for certain soilborne pathogens, such
as Cylindrocladium species or Macro-
phomina phaseolina, which produce
resistant structures that survive for years
in the soil.

Incorporation of specific OM amend-
ments, such as compost or green cover
crops, has shown promise in reducing
soilborne pathogen populations in

nursery soils. Plants in the cabbage (Bras-
sicaceae), onion (Alliaceae), and grass
(Poaceae) families have received particu-
lar attention because of their ability to
produce compounds that are directly toxic
to soilborne pathogens. Perhaps the best
known example is the use of Brassica
species as a soil amendment to produce
isothiocyanates and other fungitoxic com-
pounds. Although some trials have been
promising, overall the results have been
inconsistent and much more research
needs to be conducted before this method
gains acceptance. To further complicate
matters, populations of Fusarium species
have often increased dramatically after
OM amendment. Nevertheless, not all
isolates of Fusarium are pathogenic and it
is unknown what effect these population
surges have on disease severity.

Suppressive soils are those in which
disease incidence or severity is minimal
despite the presence of the pathogen and
susceptible plant host. Suppressiveness
is often a function of the soil microbial
community, although the soil’s physical
and chemical attributes may play a role.
The functionality of suppressive soils is
maintained through a variety of means,
including crop rotation and the addition of
OM amendments, in an effort to increase
resident soil microbial diversity or to
enhance the presence of microbes that are
antagonistic to soilborne pathogens. Some
microbes identified from suppressive
soils compete with soilborne pathogens
for resources or directly affect pathogen
growth. Others, such as nonpathogenic
Fusarium oxysporum isolates, have in-
duced systemic resistance in crop plants.
Research to date has focused primarily
on agronomic and fruit crops, but the
knowledge gained from these systems
will assist interested nurseries in the
development of healthy soils with greater
microbial diversity.
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Mycorrhizae in Forest Tree Nurseries
Michelle M. Cram and R. Kasten Dumroese

Mycorrhizae are symbiotic fungus-
root associations. The colonization of
roots by mycorrhizal fungi can benefit
the host by improving nutrient and water
uptake. In exchange, the host plant provides
the mycorrhizal fungi carbohydrates (car-
bon) from photosynthesis. A substantial
portion of this carbon is ultimately trans-
ferred to the rhizosphere and is estimated
to account for up to 15 percent of the
organic matter in forest soils. Under most
environmental conditions, trees and other
plants are naturally colonized by mycor-
rhizal fungi. These mycorrhizal associations
are highly complex and dynamic, a result
of the great diversity of mycorrhizal fungi,
hosts, and terrestrial systems that interact
and evolve with changes in hosts and
environmental conditions.

Two types of mycorrhizae are found
on trees: ectomycorrhizae and arbuscular
mycorrhizae (syn. endomycorrhizae).
Ectomycorrhizal fungi enter the root be-
tween cortex cells and often form a thick
mantle outside of the short feeder roots
that is visible to the naked eye (fig. 1.6).
Forest tree species with ectomycorrhizae
include pine, firs, spruce, hemlock, oak,
hickory, alder, and beech.

Arbuscular mycorrhizal fungi
enter the root cells and cannot be seen
without the aid of a microscope (fig. 1.7).
Arbuscular mycorrhizae are especially
effective at transferring carbon to soil in
the form of glomalin, a sticky glue-like
substance that is estimated to provide
30 to 40 percent of the carbon found in
soils. Forest tree species with arbuscular
mycorrhizae include cedars, cypress, ju-
nipers, redwoods, maple, ash, dogwoods,
sycamore, yellow-poplar, and sweetgum.
Agricultural crops used by forest nurser-
ies as cover crops also form arbuscular
mycorrhizae.

20 Forest Nursery Pests

The intensive commercial seedling
production for reforestation typically
suppresses or delays colonization of
seedlings by mycorrhizal fungi. Fumiga-
tion used to control pests can limit and
sometimes remove mycorrhizal fungi
from the upper 15 to 30 cm (6 to 12
in) of soil for weeks to several months.
Some fungicides have also been found to
suppress mycorrhizae development, espe-
cially systemic fungicides (for example,
triadimefon) and fungicides applied as
soil drenches (for example, azoxystrobin,
iprodione). High fertilization rates have
also been known to suppress mycorrhizae
development, particularly when the fertil-
izer is high in phosphorus (greater than
150 ppm). Despite the negative effect
these common nursery treatments have on
mycorrhizae, the benefits of fertilization
and pest control often outweigh the delay
of mycorrhizae formation on seedlings.

Figure 1.6—Pisolithus tinctorius forms a yellow-
brown (ocher) mantle on pine feeder roots. Photo by
Michelle M. Cram, USDA Forest Service.

Figure 1.7—Arbuscular mycorrhizal fungi within western redcedar root cells. Photo by Michael P. Amaranthus,

Mycorrhizal Applications, Inc.



Ectomycorrhizal fungi are able to
infest fumigated fields or containers via
windblown spores produced by mush-
rooms and puffballs growing within or
near the nurseries. These ectomycorrhizal
fungi are often well-adapted to intensive
nursery systems. Thelephora terrestris is
common in most North American nurser-
ies (fig. 1.8). In the Pacific Northwest,
Laccaria laccata and Inocybe lacera are
also common forest nursery colonizers.
In contrast, arbuscular mycorrhizal fungi
produce soilborne spores that are unlikely
to colonize container growing media and
can be slower to recolonize fumigated
soils. This delay in colonization can limit
production of species highly dependent
on arbuscular mycorrhizae.

Artificial inoculation with mycor-
rhizal fungi can be beneficial for a variety
of tree seedlings and sites; however,
there are many documented cases in
which artificial inoculation resulted in no
measurable benefit or significant losses
in seedling survival and growth. The
symbiotic association between plants and
mycorrhizal fungi requires a balanced
exchange of carbon to expanded nutrient
and water uptake to be mutually benefi-
cial. If the environmental conditions that
plants are growing in are fully adequate
for growth, then mycorrhizal fungi may
add little benefit to offset their carbon
use. Rapid colonization of seedlings by
mycorrhizal fungi naturally present in the
nursery or at a typical outplanting site
may also render artificial inoculation un-
necessary. Results of artificial inoculation
will vary greatly depending on the host,

species or strain of mycorrhizal fungi, and

environmental conditions of the nursery
and outplanting sites. The complexity

of interactions between mycorrhizal as-
sociations and environmental conditions

requires careful testing of a particular
mycorrhizal inoculant to ensure a positive
benefit-to-cost ratio before operational use.

Artificial inoculation with mycorrhi-
zal fungi in the nursery is used to increase
seedling performance in situations known
by researchers and managers to have
consistently positive results. Pisolithus
tinctorius, an ectomycorrhizal fungus,
has been known to increase survival and
growth of pine and oak seedlings on strip
mine spoils in the Eastern United States
(fig. 1.9). Artificial inoculation with ar-
buscular mycorrhizal fungi (for example,
Glomus intraradices) for species such as
incense cedar, redwood, giant sequoia,
and western redcedar significantly
increase seedling density and growth in
the nursery, and survival and early growth
after outplanting on some sites. Many
other examples exist of nurseries that use
artificial inoculation of mycorrhizal fungi

Figure 1.8—Thelephora terrestris fruiting bodies on
slash pine. Photo from USDA Forest Service Archive.

in hardwood beds following fumigation,
container operations, or as requested by
their clients.

Mycorrhizal fungi may be purchased,
usually in the form of spore inoculum.
These products typically are applied in
the nursery as a dry granular to soil or
media before sowing or as a drench after
germination. Some container media are
sold with mycorrhizal fungi or spores
incorporated. It may be difficult to find
commercial products that contain only
one species of mycorrhizal fungi. Many
products often combine multiple species
of mycorrhizal fungi, other biological
organisms (for example, bacteria and
Trichoderma spp.), and nutrients, making
each ingredient’s benefit difficult to as-
sess. When testing mycorrhizal products
that also contain nutrients, it is imperative
to include a nutrient control to determine
if seedling response is caused by the fungi

Figure 1.9—Pisolithus tinctorius (Pt) fruiting bodies
form under a Virginia pine originally inoculated with
Pt and planted on a strip-mine Spoil. Photo by Michelle
M. Cram, USDA Forest Service.
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Pesticide Regulations

John W. Taylor, Jr.

The pesticides available to nursery
managers are constantly changing; new
products enter the market while others de-
part because of new formulations, changes
in market share, or new regulations.
Currently, Federal pesticide regulation is
found primarily in three acts—the Federal
Insecticide, Fungicide, and Rodenticide
Act (FIFRA) of 1972, as amended,; the
Resource Conservation and Recovery Act
(RCRA) of 1976; and the Comprehensive
Environmental Response, Compensation,
and Liability Act (CERCLA) of 1980.

Federal Insecticide,
Fungicide, and
Rodenticide Act

This law defines the conditions for de-
veloping, registering, and using pesticides
and has been amended several times. The
1978 amendment produced significant
changes in the requirements for registra-
tion, classification, and use of pesticides.
The requirements for registration mainly
affect pesticide manufacturing companies
and will not be addressed here. The 1978
amendment gave States broader authority
and responsibility for registering pesti-
cides. States automatically have authority
to register pesticides for use within the
State for special local needs. Formerly,
States had registration authority only
with approval of the U.S. Environmental
Protection Agency (EPA). Now, however,
EPA may disapprove State registration if
the use differs from Federal registration,
if it creates an imminent health hazard,
or if the State has authorized the use on
crops where EPA has not established
adequate crop tolerances or residue
levels. Two other separate, but closely
related, areas in FIFRA have also been
amended—classification of pesticides
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and applicator certification. To make
maximum use of the State programs for
training and certification of applicators
of restricted-use pesticides, EPA is
authorized to classify pesticide uses by
regulation as a separate part of the regis-
tration process. Designation of restricted-
use pesticides supports State applicator
certification programs, in which almost
all States train and certify applicators

of restricted-use pesticides. Restriction
of pesticide use also provides EPA an
alternative way to reduce pesticide risks
besides outright cancellation of an ap-
plicator’s registration. The provisions of
FIFRA are legally binding. Violations of
the provisions in the act carry both civil
and criminal penalties. Private applicators
who violate the act are subject to civil

or criminal penalties of up to $1,000.
Commercial applicators are liable for
civil penalties up to $5,000 and criminal
penalties of up to $25,000 and 1 year in
prison. FIFRA explicitly gives States

the primary responsibility for enforcing
requirements of the act. FIFRA also
requires that commercial applicators keep
records on their employment of restricted-
use pesticides. The content and length of
time the application records must be kept
vary from State to State, but 2 years is
generally the maximum that records must
be kept. State enforcement agencies have
the authority to make unannounced visits
during normal business hours to inspect
the records of commercial applicators.

The 1978 amendments also clarified
an issue of broad concern—the legality of
pesticide uses or practices not addressed
in the label direction. The following
pesticide-use practices have been specifi-
cally excluded from the definition of “use
inconsistent with the label” and are,
therefore, permissible:

1. Application of the pesticide at less
than the labeled dosage, concentra-
tion, or frequency.

2. Application of the pesticide to control
an unnamed target pest, as long as the
crop, animal, or site is included on the
label.

3. Pesticide applied using methods not
specifically prohibited by the label
wording.

4. Application of pesticide(s) with ferti-
lizers, if not prohibited by the label.

This act was amended by the Food
Quality Protection Act (FQPA) of 1996,
which sought to resolve inconsisten-
cies between the two major pesticide
statutes, FIFRA and the Federal Food
Drug and Cosmetic Act (FFDCA).
Historically, FIFRA was used as a guide
for the registration of pesticides in the
United States and prescribes labeling and
other regulatory requirements. FIFRA is
designed to prevent unreasonable adverse
effects on human health or the environ-
ment, whereas the FFDCA guides the
establishment of tolerances (maximum
legally permissible levels) for pesticide
residues in food. The primary objectives
of the FQPA are—

1. Mandate a single, health-based
standard for all pesticides in all foods.

2. Provide special protection for infants
and children.

3. Expedite approval of “safer” pesti-
cides.

4. Create incentives for the development
and maintenance of effective crop pro-
tection tools for American farmers.

5. Require periodic reevaluation of
pesticide registrations and tolerances.



Although the FQPA was originally
focused on food use pesticides, the risks
associated with each pesticide were
evaluated across all registered uses of
each pesticide, and across all pesticides
with a “similar” mode of action, and
a “risk cup” which represented the
total exposure allowed from all these
sources was developed. If the “risk cup”
“overflowed,” then the registrant, in order
to maintain registration of the material,
had to reduce the risk until it met the
EPA’s acceptable level. This is the point
at which minor use—nonfood pesticides
such as those used in forest tree nurser-
ies—became involved as registrations
were removed to reduce composite risk.
Implementation of the requirements has
significantly affected, and will continue
to affect, the range of pesticide choices
available to manage pests in forest tree
nurseries.

Resource Conservation
and Recovery Act

The second Federal regulation
governing pesticide use is the Resource
Conservation and Recovery Act of 1976.
RCRA is designed to extensively monitor
hazardous wastes. The act identifies solid
wastes that are hazardous and sets forth
requirements that govern their handling,
storage, and disposal. This law applies
to all hazardous wastes unless they are
specifically exempted. The EPA admin-
isters the act with assistance from the
Materials Transportation Bureau of the
U.S. Department of Transportation. The
major provisions of the act for controlling
hazardous wastes include—

1. A definition of “hazardous waste.”

2. A manifest system to monitor hazard-
ous waste from its generation to its
disposal. This system is frequently
called “cradle to grave tracking.”

3. A permit requirement for facilities
that treat, store, or dispose of hazard-
ous waste.

4. A requirement that every State must
have a hazardous waste program.

Any installation that stores, dis-
poses of, transports, or offers to transport
hazardous waste must obtain an EPA
identification number from the Regional
EPA Administrator. Once the “waste”
designation has been applied to any pes-
ticide on EPA’s hazardous waste list or
residues of these pesticides resulting from
a spill cleanup, they can be stored for
only 90 days before disposal. Otherwise,
a storage permit must be obtained from
the Regional EPA Administrator. People
transporting hazardous wastes for offsite
disposal must prepare a shipping manifest
that contains certain specific information
as described in Section 3010 of RCRA.

Specific pesticide waste regulations
were developed by EPA in the Code of
Federal Regulations (CFR 260-266 and
122-124) and became effective in October
1980. Pesticides listed in subpart D of
Part 261 of the act are not classified as
hazardous wastes until the decision is
made to dispose of them or they are stored
pending disposal. Pesticides that have
been determined to be excess are still
considered pesticides. Pesticide contain-
ers that have been triple rinsed are not
considered hazardous wastes under these
regulations and can be disposed of either
at approved landfills or by burial.

Comprehensive Envi-
ronmental Response,
Compensation, and
Liability Act

The Comprehensive Environmental
Response, Compensation, and Liability
Act established what is known as the
“Superfund” for cleaning toxic wastes.
This law was enacted in 1980 and is codi-

fied in Title 42 of the United States Code,
beginning in section 96D.

The Superfund, initially $1.6 billion,
was set up to pay for cleaning up spills of
hazardous materials and the disposal areas
themselves. The act specifies who is liable
for reimbursing the fund. It also requires
that spills be reported.

There are some basic differences
between RCRA and CERCLA. RCRA is
not self-implementing. Rather than telling
companies what they must do, Congress
directed EPA to formulate regulations
that would control company activities.
CERCLA’s approach is very different—
it establishes liabilities and obligations
and does not require promulgation of
regulations to be effective. A second
important difference between the two
bills relates to the time periods they are
designed to control. Whereas CERCLA is
designed primarily to determine liability
arising out of historic waste management
practices, RCRA is designed to affect
current hazardous waste management
activities. Another difference is that
although the principal burden of imple-
menting CERCLA rests with the Federal
Government, the requirements of RCRA
are primarily a State responsibility,
subject to EPA approval.
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These laws affect nurseries when
pesticides classified as hazardous are
disposed (RCRA), or when problems
arise (CERCLA). Nursery managers who
have questions regarding this subject can
contact the hazardous waste management
officials in their State. Pesticides may
be used safely and effectively to control
nursery pests, but careful attention must
be paid to both the Federal and State laws
governing their use. Questions regarding
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the legal use of pesticides should be
directed to the proper pesticide control
official.

State Pesticide
Regulations

In addition to the three Federal laws,
States also have regulations governing the
purchase, use, and disposal of pesticides.
Before any pesticide use project is

initiated in any State, a responsible of-
ficial must determine that all applicable
State pesticide regulations are being
followed.
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Conifer Diseases

1. Brown Spot Needle Blight

Scott A. Enebak and Tom Starkey

Revised from chapter by Albert G. Kais, 1989.

Hosts

Brown spot needle blight, caused by
the fungus Mycosphaerella dearnessii
(syn. Scirrhia acicola, Eruptio acicola),
is most commonly found on longleaf
pine. The fungus also infects seedlings
of slash, loblolly, shortleaf, spruce, pitch,
pond, Sonderegger (longleaf x loblolly
pine), Virginia, Scots, and eastern white
pine.

Distribution

Brown spot needle blight occurs in
nurseries throughout the Southern United
States. It has also been reported on sus-
ceptible pines in plantations, landscapes,
and Christmas tree plantations in the
Central Plains and Great Lakes regions,
Oregon, and Vermont.

Damage

Infected seedlings are seldom killed
in the nursery, but repeated and severe
infections result in defoliation that
reduces seedling vigor, which, in turn,
may result in poor seedling survival and
growth following outplanting. Longleaf
pine seedlings are most susceptible while
in the grass stage as conditions near the
ground favor the pathogen and seedling
infection. The buildup of fungal inoculum
increases the number of infections on
needles that eventually coalesce and
result in defoliation (fig. 1.1). Generally,
after the seedling is out of the grass stage
(1 m or 3.2 ft), the disease is not an issue.
On some pine species used for Christmas
trees, however, the disease can cause
significant economic losses.
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Figure 1.1—Longleaf pine seedlings infected with brown spot needle blight in the nursery. Photo by Edward L.

Barnard, Florida Division of Forestry.

Diagnosis

Infections and the appearance of
lesions occur from May to October.
Infection begins with small, grayish-green
spots, which become a straw-yellow color
and then light brown with chestnut-brown
margins (fig. 1.2). Spots coalesce, and the
needle tissue dies beyond and between
infection sites. Needles with multiple
lesions appear mottled and have three
distinct zones: a green basal portion, a
mottled middle portion, and a dead apical
portion (fig. 1.3). Severe infection results
in premature defoliation or needle cast
and reduced photosynthetic surface and
seedling vigor, which prolongs the grass
stage and could eventually affect seedling
survival.

Two types of fruiting bodies are
produced. (1) Conidia are produced in
acervuli, which appear on lesions as small
black dots visible to the naked eye (fig. 1.4).
Conidia are exuded in sticky masses up to
1 mm long that split the epidermis of the
leaf. These spores are cylindrical, curved,

Figure 1.2—Typical lesions caused by Mycosphae-
rella dearnessii on conifer needles. Photo from USDA
Forest Service Archive.
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Figure 1.3—Longleaf pine seedling with advanced symptoms of brown spot needle blight. Photo by George
Blakeslee, University of Florida.

Figure 1.4—Fruiting bodies (acervuli) of Mycosphaerella dearnessii on needle. Photo by Edward L. Barnard, Florida
Division of Forestry.

1 to 4 septate, olive green to brown, and
19 to 35 by 3.5 to 4 microns (fig. 1.5).
(2) Ascospores are produced in pseudo-
thecia embedded in dead leaf tissue. They
are hyaline, oblong-cuneate, unequally
two-celled, and 15 to 19 by 3.5 to 4.5
microns, with two prominent oil drops
in each cell (fig. 1.6). Brown spot needle
blight can be mistaken for Dothistroma
needle blight as the two diseases have
similar symptoms and fruiting bodies.

Biology

Seedling infection occurs when spores
enter the needles through the stomata.
Ascospores are released during periods
of high moisture (rain, dew, and fog),
can be disseminated great distances by
the wind, and are the principal means by
which the fungus infects seedling nursery
beds. Conidia are produced in acervuli on
needle lesions that result from ascospore
infection. In contrast to the long-distance
movement of ascospores, conidia are dis-
seminated short distances by rain splash

Figure 1.5—Conidia of Mycosphaerella dearnessii. Photo by Albert Kais, USDA Forest  Figure 1.6—Ascospores of Mycosphaerella dearnessii. Photo by H.C. Evans, CAB
Service, at http://www.bugwood.org. International, at http://www.bugwood.org.
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and cause local buildup of the disease in
seedling beds. Ascospores are produced
on seedlings 2 to 3 months after the
seedlings are initially infected. Both spore
forms overwinter in dead and infected
needle tissue.

Control

Prevention

Inherent susceptibility differences
to M. dearnessii exist in longleaf pine.
The use of longleaf seed sources known
to be resistant to infection will decrease
the chance of infection and disease in the
nursery and after outplanting.

Cultural

Sowing seed in bareroot nurseries
at densities of 160 seedlings per m? (15
seedlings per ft?) or less will increase ven-
tilation among seedlings. Mulch is used
to reduce mortality from sand splash.
Top-clipping longleaf pine needles during
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the growing season will decrease mois-
ture, decrease conditions necessary for
infection, and increase fungicide efficacy.
Removing clipped needles from nursery
beds decreases the level of inoculum if
the fungus is present. This decrease may
be important if longleaf pine will be sown
in the same area during the next cropping
cycle.

Chemical

The most effective control measure
is the application of fungicides. Careful
monitoring of the seedling crop should
be conducted during the growing season.
When symptoms first appear, fungicides
labeled for brown spot needle blight
control should be applied.
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2. Cylindrocarpon Root Disease

Robert L. James

Hosts

Cylindrocarpon species have very
wide host ranges, including many agricul-
tural, natural, and nursery plant species.
In forest nurseries, the major affected spe-
cies include five-needle pines, especially
western white pine and whitebark pine,
Douglas-fir, true fir, and occasionally
other pine species and western larch.

Distribution

Cylindrocarpon-associated diseases
probably occur at some level in most
bareroot and container nurseries in the
Western United States. Most damage has
been associated with bareroot nurseries
in the Pacific Northwest and container
nurseries in both inland and coastal areas.

Damage

Damage on container white pine and
whitebark pine can be substantial within
container nurseries (fig. 2.1). Cylindro-
carpon may cause severe root decay, with
epidermal and cortical tissues in both the
primary and secondary roots being affect-
ed. Although diseased container seedlings
may sometimes appear dwarfed, above-
ground symptoms are not often evident.
Root decay can be extensive, however,
and is noticed after seedlings are lifted
from containers. Although seedlings with
severe root decay must be culled, those
that are slightly affected usually perform
satisfactorily after outplanting on forest
sites. Cylindrocarpon is often rapidly
replaced with other, nonpathogenic fungi
after outplanting.

Container or bareroot transplants
may become seriously diseased by Cy-
lindrocarpon species after transplanting

Figure 2.1—Foliar symptoms associated with Cylindrocarpon root disease. Photo by Robert L. James, USDA

Forest Service.

in nursery soils. Affected seedlings often
have chlorotic or necrotic foliage, bottle
brush appearance of recent growth, and
blackened or decayed roots. Severely
affected seedlings are killed.

Diagnosis

Typical root disease symptoms
may not occur on container stock with
extensive root decay induced by Cylin-
drocarpon. Root decay becomes evident
after lifting diseased seedlings from
containers. On bareroot and transplant
stock, typical root disease symptoms
are common, including foliar chlorosis
and necrosis, reduced growth, black
or decayed roots, and mortality. Other
nursery pathogens, however, species such
as Fusarium, Pythium, and Phytophthora,
may cause similar symptoms. Therefore,
isolations from diseased seedling roots
onto selective media are required for
pathogen identification.

Biology

The most commonly isolated Cylin-
drocarpon species from diseased conifer
seedlings is C. destructans. Other species,
however, including C. didymum, C. tenue,
and C. cylindroides, are sometimes asso-
ciated with disease. Cylindrocarpon species
are commonly soilborne and are especially
prevalent within the rhizosphere of many
plants. At least three spore types are pro-
duced by most Cylindrocarpon species:
multicelled macroconidia (fig. 2.2), one- or
two-celled microconidia, and thick-walled
resting spores called chlamydospores.
Macroconidia and microconidia are pro-
duced from phialides located on various
branched conidiophore types. Chlamydos-
pores form within plant tissues following
nutrient extraction and within macroconidia.
When susceptible hosts are present, carbo-
hydrate exudates from roots stimulate
chlamydospore germination in soil.
Cylindrocarpon rapidly colonizes the
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Figure 2.2—Multicelled macroconidia typical of
those produced by Cylindrocarpon species. Photo by
Robert L. James, USDA Forest Service.

rhizosphere, invades cortical and vascular
tissues, and induces root decay. In some
cases, C. destructans can induce cortical
tissue necrosis without actually invading
cortical cells by producing plant toxins.
After colonization, roots are decayed or
host plants are killed, chlamydospores
form and the cycle is repeated. Although
some Cylindrocarpon species have
perfect (sexual) states, which may pro-
duce other spores called ascospores, the
imperfect (Cylindrocarpon) state is the
most important for disease epidemiology.

Control

Cultural

Roots from a previous susceptible
seedling crop can be an important Cy-
lindrocarpon inoculum source in nursery
soil. By rotating a nonsusceptible crop
into infested soils or by fallowing for at
least one growing season (accompanied
by periodic fallowed soil tilling), damage
from Cylindrocarpon can be decreased.
In container nurseries, Cylindrocarpon
species are usually most damaging to
over-watered seedlings. Therefore, proper
irrigation regulation and the use of well-
drained growing media are both important
in limiting damage to container stock.
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Chemical

Preplant soil fumigation reduces or
eliminates potentially pathogenic fungi
in nurseries, including Cylindrocarpon.
Most fumigants that are effective against
other soilborne pathogens adequately
control Cylindrocarpon. Cylindrocarpon
can be introduced into nursery soils on
infected transplant roots; this introduction
may be especially serious if transplanting
into fumigated soil because few other
organisms remain after fumigation to
limit pathogen inoculum buildup. Careful
transplant culling for root decay and fun-
gicide root dips prior to transplanting may
help limit disease severity. Drenching soil
with fungicides is usually ineffective in
seedbeds or transplant fields after disease
symptoms become evident.

Cylindrocarpon can be introduced
into container stock on reused containers
that have been inadequately sterilized
prior to using for a new seedling crop.
Hot water or chemical (bleach, copper,
and sodium metabisulfite) treatment is
necessary for reducing pathogen inocu-
lum on reused containers.
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3. Diplodia Shoot Blight, Canker, and Collar Rot

Glen R. Stanosz

Hosts

Diplodia pinea and D. scrobiculata
(previously known as the single species
Sphaeropsis sapinea) cause serious dis-
eases of many conifers. Although many
conifers, including species of spruce, fir,
and larch, can be hosts, severe damage is
most common on hard (two- and three-
needled) pines, including Austrian, jack,
Monterey, mugo, ponderosa, red, and
Scots pines.

Distribution

These pathogens are widely distrib-
uted in the continental United States,
although D. pinea appears to be more
common and more frequently associated
with severe damage.

Damage

Seedlings of all ages may be rendered
unmerchantable due to shoot blight, can-
ker, and collar rot leading to deformity or
death. In addition, these pathogens may
persist on or in asymptomatic seedlings,
be transported with seedlings to field
sites, and proliferate to cause seedling
mortality after planting. Seed rot and
damping-off of young seedlings have also
been attributed to Diplodia pathogens.

Diagnosis

Infection during the first growing sea-
son can result in rapid seedling mortality
with retention of dead needles (fig. 3.1).
On older seedlings, diseased needles
often turn yellow, then from red to brown
or gray, with stem curling or crooking
resulting from shoot death before full
needle elongation (fig. 3.2). Cankers on
seedling stems begin as discrete, purplish,
resinous lesions that result from direct
infection or pathogen growth into stems

from diseased needles. Collar rot
symptoms include relatively rapid needle
desiccation and seedling death, with
blackening of the lower stem and root
collar inner bark, and dark staining of the
underlying wood (fig. 3.3).

Asexual fruiting bodies of these Di-
plodia pathogens are black flask-shaped
pycnidia that can be seen with the naked
eye or a hand lens. They are produced
in dead needles and stems and also are
abundant on open female cones (fig. 3.4).

Figure 3.1—2Dead red pine seedlings killed by Diplodia pinea in the first season of growih. Photo by Glen R.

Stanosz, University of Wisconsin-Madison.

Figure 3.2—Distorted red pine shoot killed by Di-
plodia pinea during elongation. Photo by Glen R. Stanosz,
University of Wisconsin-Madison.

Figure 3.3—Darkly discolored inner bark tissues
and stained wood of seedling killed by Diplodia collar
rot. Photo by Glen R. Stanosz, University of Wisconsin-Madison.
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Biology

D. pinea and D. scrobiculata survive
in and sporulate on dead needles, stems,
cones on diseased trees, and debris on the
ground. Viable spores can be disseminat-
ed by rain splash year round, but are most
abundant during spring and early summer
when young shoots are most susceptible.
Germination occurs rapidly during moist
weather, with infection through stomata,
directly through the surface of young
stems, or through fresh wounds. Pycnidia
with conidia can develop within a few
weeks after infection, so multiple disease
cycles within a single growing season are
possible.

Control

Biological

Inherent host resistance is maintained
by avoiding both water stress and exces-
sive nitrogen fertilization, which increase
susceptibility to disease. Grow nonhost
species or less susceptible conifers such
as five-needled pines in areas of nurseries
where inoculum is present.

Cultural

Eliminate inoculum sources,
including host trees in windbreaks and
adjacent forests, in the nursery vicinity to
minimize disease. Host materials, such
as bark, needles, and cones, should not
be used as soil amendments or mulches.
Practices such as early morning irriga-
tion and decreasing bed densities may
promote shoot drying, which reduces in-
fection frequency. Do not move infested
seed, diseased seedlings, and seedlings on
which the pathogens persist asymptomati-
cally into or out of the nursery.

Chemical

Protectant fungicides can reduce
the disease incidence in nursery beds.
Repeated applications are required during
shoot elongation, however. Note that if
inoculum sources are present, fungicide
application has not been shown to reduce
or eliminate asymptomatic persistence of
these pathogens on nursery seedlings that
appear to be healthy.
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I
4. Dothistroma Needle Blight

Glen R. Stanosz

Hosts

Dothistroma needle blight (also
known as red band needle blight) dam-
ages many pine species and their hybrids
and may occasionally affect some other
conifers growing in close proximity to
diseased pines. Austrian, lodgepole, Mon-
terey, ponderosa, and western white pines
can be severely affected, but red and
Scots pines appear to be quite resistant.
The disease is caused by two fungi that
were only recently recognized as distinct
species, Dothistroma septosporum
(sexual stage Mycosphaerella pini) and
D. pini (without a known sexual stage).

Distribution

Dothistroma needle blight occurs
widely in the continental United States.
Each pathogen’s geographic distribution
is not completely known, however, with
D. pini reported primarily from the North
Central region.

Damage

Although serious damage to nursery
stock is not common, the disease has
severely affected landscape trees, Christmas
trees, and those in windbreaks, shelter-
belts, and some plantations (fig. 4.1).
Trees can be almost completely defoliated
and may die if disease occurs repeatedly.

Diagnosis

Spots and bands begin to appear on
needles early in the fall following infec-
tion in the Great Plains region and Central
United States, but may develop at any
time in areas with more moderate climate.
Spots and bands may be tan to orange-red
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to brown, and needles with bands may die
back from their tips (fig. 4.2). Portions
of needles between spots and bands
often remain green, as may the bases.
Lower needles are often affected more
severely than those higher in the crowns
of established trees. Diseased needles are
shed prematurely, but may persist well
into the year after infection. On severely
affected trees, only the terminal needles
may remain, resulting in a “lion’s tail”
shoot appearance.

The black asexual fruiting bodies of
these Dothistroma pathogens form within
the dead portions of needles and can be
seen with the naked eye or a hand lens.
Conidia are exuded in a mass through a
longitudinal rupture of the epidermis on
one or both sides of the fruiting body
(fig. 4.3). D. septosporum and D. pini
conidia are colorless, cylindrical, with
tapered to rounded tips and slightly

Figure 4.1—Severe Dothistroma needle blight
damage to Monterey pine. Photo by Glen Stanosz,
University of Wisconsin-Madison.

Figure 4.2—Symptoms of Dothistroma needle blight on lodgepole pine. Photo from USDA Forest Service Archive at

http://www.bugwood.org.
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truncated to rounded bases, and usually
have two to several cells. D. septosporum
conidia are 15 to 40 microns long and

2 to 2.5 microns wide. D. pini conidia
(fig. 4.4) are similar in length, but are

3 to 5 microns wide. Conidia of both
Dothistroma species can resemble those
of the brown spot needle blight pathogen
Lecanosticta acicola, but L. acicola co-
nidia are somewhat olive in color. In the
continental United States, M. septosporum
sexual fruiting bodies have been reported
only from the far Western States. These
sexual fruiting bodies also rupture the
epidermis of necrotic areas of needles and
release fusiform, two-celled ascospores
that are 10 to 14 microns long and 2.5 to
3.5 microns wide.

Relatively slow growth can make
obtaining cultures of these fungi chal-
lenging. After surface disinfestation, very
small needle segments that bear fruiting
bodies can be excised and placed on
malt extract agar or potato dextrose agar
amended with lactic acid or streptomycin
sulfate to inhibit bacterial growth.
Alternatively, isolates can be obtained
by incubating symptomatic needles in a
moist chamber and transferring masses of
exuded conidia to culture media. Incubate
the conidia at 20 °C (68 °F). Species
identity confirmation is facilitated using
molecular methods.

Biology

D. septosporum and D. pini survive
and sporulate in dead areas of needles on
diseased trees. In the Great Plains region,
one cycle of disease per year has been
observed, with spores exuded in moist
weather and disseminated by rain splash
from spring to fall. Multiple disease cycles
within a single growing season may occur
in areas with a more moderate climate.

Figure 4.3—Fruiting bodies of Dothistroma pini on Austrian pine needle. Photo by Glen Stanosz, University of
Wisconsin-Madison.

Figure 4.4— Conidia of Dothistroma pini. Photo by Glen Stanosz, University of Wisconsin-Madison.
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Control

Biological

Variation in resistance within and
among pine species has been reported,
and nonhosts should be considered in
areas where disease is chronic or severe.

Cultural

Elimination of severely affected
trees that provide inoculum will decrease
incidence and severity of disease in pro-
duction areas and landscapes. Improving
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airflow and decreasing wet foliage
frequency and duration can also reduce
damage. Host species needles should not
be used as soil amendments or mulches.
Do not move diseased seedlings into or
out of the nursery.

Chemical

Protectant fungicides can also reduce
disease incidence and severity. Due to the
long duration of inoculum availability,
however, repeated applications, perhaps
throughout the entire growing season,
may be required.
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§. Eastern and Western Gall Rusts
Michael E. Ostry and Jennifer Juzwik

Revised from chapter by Glenn W. Peterson, William Merrill, and Darroll D. Skilling, 1989.

Hosts

Eastern gall rust (or pine-oak gall
rust), caused by one of several formae
speciales of the fungus Cronartium
quercuum, affects jack, Scots, shortleaf,
Virginia, and other hard pines. Alternate
hosts needed to complete its life cycle
include a number of red oak species (sec-
tion Lobatae) and bur oak. The disease
may be misidentified as fusiform rust that
is common on southern pines. In contrast,
western gall rust (or pine-pine gall rust),
caused by the fungus Peridermium hark-
nessii (syn. Endocronartium harknessii),
is an autoecious fungus and needs no
alternate host. Western gall rust affects
many native hard pines of Canada and
the United States, including ponderosa,
lodgepole, jack, Monterey, Jeffrey, Coulter,
knobcone, bishop, and gray pines. Non-
native hosts that are naturally infected
by the pathogen include Scots, Aleppo,
mugo, and Canary Island pines.

Distribution

Eastern gall rust occurs east of the
Great Plains from Canada to the Gulf of
Mexico where the oak alternate hosts are
present. Western gall rust is generally
found throughout the pine forests of
Western Canada and the United States.
In the Eastern United States, it is found
as far south as Virginia.

Damage

Seedlings affected by eastern or
western gall rust in a nursery usually
do not die in the nursery. Losses in the
nursery are incurred, however, when
diseased seedlings are culled before
shipping. Seedling death often occurs
after outplanting or in older trees from

wind breakage of weakened stems at galls.
Reduced wood quality is associated with
main stem galls on older trees. Once out-
planted, infected seedlings and young trees
serve as foci for new infections, especially
seedlings infected with P. harknessii,
because the fungus can spread directly
from pine to pine. Infection of oak seedling
leaves and older trees by C. quercuum
results in small necrotic or chlorotic areas,
but harm to the tree is minimal. Infected
oak, in and around nurseries, serve as foci
for new infections of susceptible pine.

Diagnosis

Look for swellings or globose to
irregularly shaped galls on the stem
(figs. 5.1 and 5.2). Galls are rarely
evident until the summer after the year
of infection. Galls formed by either
western or eastern gall rust fungi are
similar in size and shape and the species
cannot be distinguished based on gall
shape. The presence of the characteristic
brown, hair-like spore-bearing structures
(telial stage of fungus) on oak leaves in

the vicinity, however, suggests that the
affected pine seedlings may be infected
by the eastern (pine-oak) rust fungus.
Conversely, the absence of oak hosts,
or the absence of infected leaves on

Figure 5.2—Aeciospores of Cronartium quercuum
on gall. Photo by Michael E. Ostry, USDA Forest Service.

Figure 5.1—Gall caused by Cronartium quercuum on pine seedling. Photo from USDA Forest Service Archive.
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nearby oaks suggests that observed galls
are caused by the western (pine-pine)
rust fungus. The presence of numerous
globose to elongate galls on established
pine stems and branches in the vicinity of
the pine fields or nursery are indicative
of the presence of gall rust fungi. These
galls are particularly conspicuous in the
spring when they are covered by bright
orange masses of powdery spores called
aeciospores (fig. 5.3). Aeciospores of
these rust fungi rarely develop on galls
found on nursery seedlings. Although
the aeciospores of the two fungi are
morphologically identical, they can be
distinguished in the laboratory based on
characteristics of the germ tube length on
culture plates; extended in pine-oak rust
and limited in pine-pine gall rust.

Figure 5.3—Aeciospores of Cronartium quercuum
being dispersed from galls. Photo by Michagl E. Ostry,
USDA Forest Service.
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Biology

Acciospores of C. quercuum form on
galls of saplings and trees. These spores
are wind-disseminated to oak leaves less
than 3 weeks old, where they infect and
produce repeating spores (urediniospores)
and teliospores. Basidiospores produced by
the teliospores are then wind-disseminated
to pine in late summer-early fall where
they infect needles. The fungus grows
within needles and into the stem where
galls form about 1 year after infection.
Timing of the different types of spore
production differs by region. P. harknessii
form orange spores on galls that morpho-
logically resemble aeciospores but
function like teliospores. On the galls,

P. harknessii forms orange spores that
morphologically resemble aeciospores
but function like teliospores. Following
dispersal, these spores germinate and
infect needles on current year pine shoots
early in the growing season.

Control

Prevention

If practical, remove both oak and
infected pines within and around nursery
fields. Pines resistant to both gall rusts
exist and additional resistant selections
may be available in the future. Jack pine
seedlings from various sources have been
found to be resistant to both gall rusts, but
the resistance to both is not correlated.
Thus, separate screenings are required for
the diseases on this host for areas where
both occur.

Cultural

Culling seedlings with galls, either
within beds or after lifting, minimizes
shipping of gall rust infected stock.

Chemical

Routine fungicide sprays with select-
ed chemicals are effective in preventing
infection by gall rust fungi. Fungicide use
by nurseries varies by geographic region,
however. In the Southeastern United
States, fungicide sprays for fusiform rust
will be effective against eastern gall rust
as well.
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6. Fusiform Rust
Scott A. Enebak and Tom Starkey

Hosts

Fusiform rust, caused by the fungus
Cronartium quercuum f. sp. fusiforme,
requires both southern pine and oak trees
to complete its life cycle.

Although 32 pine species have been
shown to be susceptible to the fungus, the
southern pine species most affected by
the disease in nurseries are slash and lob-
lolly pine, which are highly susceptible;
longleaf and pond pines, which are less
susceptible; and pitch and shortleaf pines,
which are relatively resistant.

Members of the black oak group are
the most common alternate hosts of the
fungus, but 33 oak species are susceptible
to the disease. Southern red oak and water
oak are the most common alternate host
for this fungus in the Southern United
States.

Distribution

Fusiform rust is indigenous to the
Southern United States and can be found
from Maryland south to Florida and
west to Arkansas and Texas. The disease
incidence is highest in a zone approxi-
mately 150 miles wide, extending from
the South Carolina coast to Texas where
environmental conditions favorable for
spore production and the susceptible (oak
and pine) hosts occur together.

Damage

Fusiform rust is by far the most seri-
ous nursery disease of slash and loblolly
pine; in contrast, the fungus does not
cause any economic loss on oaks. Within
the high disease incidence zone, nurseries

must take steps to control this disease on
pine hosts. Although mortality may not
occur in the nursery, infected seedlings
rarely survive to age five or may result in
poorly formed trees. To minimize losses
in the field and disease introductions,
infected seedlings must be culled at the
nursery before outplanting.

Diagnosis

In the early spring, examine the
underside of oak leaves in the vicinity
of the nursery for orange urediniospores
and brown, hair-like teliospores (fig. 6.1).
The presence of urediniospores and telia
on oak leaves indicates that if susceptible
pine seedlings are in nearby nurseries,
they will most likely become infected.
Beginning in late summer, examine
seedling stems for slight swellings or
epidermal discolorations on the main
stem above the root collar. On loblolly
and slash pine, the typical spindle-shaped

stem gall becomes considerably larger
and more obvious by the time the seed-
lings are lifted later in the season (fig. 6.2).
On longleaf pine, however, the galls
occur right at the groundline and tend

to be more globose (fig. 6.3). During the
fall, yellow-orange droplets of fluid may
be observed on the galls. These droplets
contain pycniospores, one of the five spore
stages produced by the fungus (fig. 6.4).

Figure 6.1—~Uredinal pustules and hair-like telia
of Cronartium quercuum £ sp. fusiforme on the un-
aerside of an oak leaf. Photo by Robert L. Anderson, USDA
Forest Service, at http://www.bugwood.org.

Figure 6.2— Typical spindle-shaped galls on loblolly pine seedlings infected with fusiform rust. Photo by Tom

Starkey, Auburn University.
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Figure 6.3—Typical gall (bottom seedling) formed on longleaf pine seedlings infected with fusiform rust. Photo

by Tom Starkey, Auburn University.

Figure 6.4—Swelling on seedling stem and pyc-
niospores produced by Cronartium quercuum £ sp.
fusiforme. Photo by Scott A. Enebak, Auburn University.
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Biology

This disease is caused by an obligate
fungal parasite that requires living host
tissue for survival. The orange aecio-
spores produced on pine galls in early
spring only infect expanding oak leaves.
A few weeks after oak infection, uredinial
pustules develop on the underside of oak
leaves; the uredinial pustules then pro-
duce urediniospores, which may reinfect
other young oak leaves. As these infected
oak leaves mature, telia will appear and
they produce basidiospores. The basidio-
spores are produced from spring to early
summer during periods of high humidity
and moderate temperatures, and are the
only spores of this fungus that can infect
pine needles and shoots. It is at this time

of the growing season when seedlings in
the nursery are germinating and emerging
from the soil and are highly susceptible to
basidiospore infection.

Control

Prevention

Use of conifer seed from genetically
improved families or selected rust-resistant
stock is the most effective and practical
long-range approach to lessening the dis-
ease’s effects on loblolly and slash pine.

Cultural

Only rust-free seedlings should be
shipped from the nursery because infected
seedlings rarely survive past age five
and only serve to introduce or increase
the disease in the field. Check seedlings
for fusiform rust infection before lifting.
If infection is present, then either cull
seedlings or destroy infested beds.

Chemical

The use of fungicides provides the
most effective control method in forest
tree nurseries. Seedling infection can
be prevented by applying a registered
fungicide as a seed treatment before
sowing and then followed with three to
four foliar sprays every 2 to 3 weeks from
seedling emergence through mid-June. A
spreader-sticker can be added to improve
coverage and reduce fungicide weather-
ing. The frequency, timing, and coverage
of fungicidal sprays are important for
effective rust control.
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]
7. Larch Needle Cast

Katy M. Mallams

Revised from chapter by Sally J. Campbell, 1989.

Hosts examining it under a microscope (fig. 7.2).
The individual spores are transparent,
Larch needle cast, caused by the one-celled, peanut-shaped, and 9 to 13
fungus Meria laricis, affects many larch 4y 3 10 4 microns in size. Fallen needles
species, including western, European, should also be examined for the fruiting
Japanese, hybrid, and Siberian larches. bodies.
Distribution

The disease is widespread in North
American forests. It is common on
nursery stock in the Northwestern United
States and Western Canada.

Damage

Severe infection by M. laricis, where
virtually every needle is killed, will
result in seedling mortality. If infection
is relatively light, most seedlings will
survive; however, seedling growth will
be reduced and many seedlings may need
to be culled. In the Northwest, good field
survival has been obtained for seedlings
that were moderately-to-severely infected

Diseased seedlings may occur
in small patches or may be scattered
throughout the nursery seedbed. Symp-
toms may become evident very suddenly
during or after wet weather. The disease

in the nursery. The most severe damage Figure 7.1—Lower needles of bareroot larch seedlings affected by larch needle cast. Photo by Sally J. Campbell,

occurs where larch seedlings are grown in  USDA Forest Service.
one place for 2 or more years.

Diagnosis

As soon as buds break and needles
have expanded, look for yellow to brown
spots on needles. Infection usually
moves from the needle tip toward the
base. The entire needle will turn yellow,
then red-brown, sometimes rapidly, and
fall prematurely. Needles closer to the
ground will be infected first and most
heavily (fig. 7.1). Cushion-like tufts of
spores emerge through the stomata on
the lower surface and occasionally on the
upper surface of infected needles. These
structures may be visible with a hand

lens as white dots, but are more reliably Figure 7.2—Stained fruiting bodies of Meria laricis on a western larch needle. Photo by Sally J. Campbell, USDA

identified by staining the sample and Forest Service.
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is sometimes confused with frost damage.
In bareroot nurseries, larch needle cast is
most noticeable and severe on seedlings

1 year old or older (fig. 7.3); however,
disease symptoms may sometimes be
observed in the fall of the first growing
season. The disease has also been ob-
served in containerized nursery stock
(fig. 7.4), where the symptoms appear
from middle to late summer.

Biology

The fungus overwinters, presumably
as spores or mycelium, on fallen needles
or in the dead terminal needles retained
by trees or seedlings. Initial infection may
occur as soon as buds break and needles
have expanded in the early spring. On 1-0
seedlings, infection most likely originates
from spores produced on adjacent 2-0
seedlings or on infected larch in the
vicinity of the nursery. Infection on 2-0
seedlings originates from infected needles

Figure 7.3—Western larch seedlings severely
affected by larch needle cast. Photo by Sally J. Campbell,
USDA Forest Service.

Figure 7.4—Containerized larch seedlings affected by larch needle cast. Photo ®Her Majesty the Queen in right of

(Canada, Natural Resources Canada, Canadian Forest Service.

shed the previous winter. Fungal fruiting
bodies and conidia are produced after
infection; the process of infection and
production of conidia continues through-
out the spring and summer, provided
that weather conditions are favorable. To
develop, the fungus needs high humidity
and cool to moderate temperatures. Wet
spring weather favors disease develop-
ment. Further infections are halted by hot,
dry weather. Infection can also occur in
the winter, but symptom development is
slow.

Control

Prevention

To avoid introducing the fungus into
disease-free nurseries, grow all larch from
seed rather than importing stock from
other nurseries. Rotate larch seedbeds
so that seedlings are not grown in the
same sections for consecutive years and
1-0 seedlings are not grown adjacent to

2-0 seedlings or transplants. To reduce
inoculum, remove larch trees adjacent

to nurseries; replace larch with other
species. Transplant 1-year-old seedlings
to a different part of the nursery to

avoid reinfecting them with the fungus
that overwintered in fallen needles. In
nurseries where the disease occurs, reduce
irrigation as much as possible and irrigate
early in the day to promote rapid drying
of foliage. In container nurseries, thor-
oughly sanitize growing areas between
crops. In bareroot nurseries, plowing
under diseased needles may reduce the
level of inoculum. Since most infection
occurs on 1-year-old or older seedlings,
outplant 1-year-old seedlings whenever
possible.

Chemical

Fungicides have not provided
consistent protection against larch needle
cast, probably because it is difficult to
cover all needle surfaces. To maximize
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effectiveness, protective fungicides
should be applied at bud swell, a second
time 4 weeks later, and subsequently at
2- to 3-week intervals throughout most of
the growing season. Additional applica-
tions may be needed during extended
periods of rain or irrigation. Continue
treatments until overhead irrigation is

no longer needed or hot, dry weather
predominates. Fungicides are usually not
needed on 1-0 seedlings unless they are
scheduled for 2-0 seedlings.
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8. Needle Cast Diseases of Pines

Katy M. Mallams

Hosts

Nearly all pine species are susceptible
to infection by one or more of the fungi
that cause needle cast diseases. Most of
the needle cast fungi are weak pathogens
and have specific host preferences.
However, some host-pathogen combina-
tions can result in significant outbreaks of
disease when weather and site conditions
are favorable. Nonnative species such as
Scots, Austrian, and Japanese black pine
are especially susceptible to needle cast
diseases and can suffer severe damage
in the nursery. With the exception of red
pine, seedlings of native pine species
are normally not seriously affected in
the nursery. Three species of fungi,
Cyclaneusma minus, Lophodermium
seditiosum, and Ploioderma lethale, are
the most common cause of severe needle
cast disease outbreaks in nurseries that
grow pines. These pathogens and their
host species are listed in table 8.1.

Distribution

The fungi that cause pine needle cast
diseases are widely distributed throughout
North America and can usually be found
wherever their hosts are present.

Damage

The cohort of needles affected depends
on which fungus is involved. L. seditiosum
primarily infects newly elongated needles
on the current season’s shoots. P. lethale
mainly infects 2-year-old needles. C. minus
infects all needles except those of the
current year. Damage usually becomes
evident the year following infection when
the affected needles die and fall prema-
turely. Needle cast diseases seldom result
in mortality, but extensive needle loss
may result in reduced growth and loss

of vigor. Severely discolored or defoli-
ated seedlings may lose their sale value
because of poor appearance. If infected,
outplanted seedlings may perform poorly
and may serve as a source of inoculum
for infection of other nearby pines. For
these reasons, diseased seedlings should
be culled.

Diagnosis

Lophodermium and Ploioderma
needle cast symptoms become visible
on current-year needles between late
autumn and the next spring. Initially,
yellow to reddish-brown spots develop
on infected needles (fig. 8.1). These spots
can be confused with damage caused by
sucking insects. As the spots enlarge,
needles infected by L. seditiosum take on
a mottled appearance. By summer, they
turn brown and fall from the tree. Needles
infected by P. lethale turn grayish-brown
but remain green near the base. Seedlings

severely affected by either disease may
appear scorched (fig. 8.2). Fruiting bodies
(apothecia) of L. seditiosum and P. lethale
appear beginning in late spring on dead
portions of infected needles and on fallen
needles. The fruiting bodies of L. sedi-
tiosum are small, black football-shaped
structures visible with the naked eye

(fig. 8.3). Fruiting bodies of P. lethale
appear as elongated black lines (fig. 8.4).

Cyclaneusma needle cast symptoms
appear on 2-year-old needles in late
summer or autumn the year after the
needles were infected. Spots on infected
needles are initially light green. The spots
enlarge into yellow bands, and eventually
the entire needle becomes yellow, often
with transverse brown bands. Fruiting
bodies of C. minus initially develop in
the brown areas, and later on the entire
lower surface of the infected needles.
These fruiting bodies are initially small
and inconspicuous, gradually elongating.

Table 8.1—Needle cast fungi causing disease on pine seedlings and their hosts.

Species Pines highly susceptible

to damage in nurseries

Other recorded pine hosts, not commonly
damaged in nurseries

Scots, Austrian, and
Monterey

Cyclaneusma minus

Cuban, gray, Jeffrey, limber, lodgepole,
mugo, ponderosa, Virginia, eastern white,
and others

Austrian, red, Scots',
and Monterey?

Lophodermium
seditiosum

Aleppo, rough-barked Mexican, and Virginia

Austrian, red, and
Japanese black

Ploioderma lethale

Austrian, Japanese black, Cuban, loblolly,
pitch, pond, red, sand, shortleaf, slash,
spruce, Table Mountain, and Virginia

" Particularly short-needle strains originating in France and Spain.

2 When grown outside its native range.

Figure 8.1—Typical needle spots on red pine caused by Lophodermium species. Photo by USDA Forest Service,

North Central Research Station Archive, at http://www.bugwood.org.
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Figure 8.2—From a distance, diseased pine foliage appears scorched. Photo by Joseph O'Brien, USDA Forest Service,

at http://www.bugwood.org.

The fungal tissue erupts through the
epidermis, which typically splits in two
thin flaps to expose the fungal tissue.
The fungal tissue is yellow to orange,
later becoming white or tan as the spore-
producing surface is exposed (fig. 8.5).

Identifying the species causing needle
cast diseases often requires microscopic
examination by a specialist. Many sap-
rophytic or weakly pathogenic fungi that
grow on dead or dying needles but do not
cause disease have fruiting bodies that
may appear very similar to the pathogenic
species. Accurate identification is neces-
sary to determine if the symptoms are due
to a needle cast disease and the species
involved. Accurate identification is also
necessary to time chemical treatments for
effective control.
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Biology

All three species release spores when
mature fruiting bodies are moistened by
rain or irrigation, although the seasonality
of spore release differs. C. minus spores
are released throughout the year when
temperatures are above freezing, peaking
4 to 6 hours after rain begins. L. seditio-
sum spores are released in late summer

Figure 8.3—Fuiting bodies of Lophodermium Spe-
cies on pine needles. Photo by Robert L. Anderson, USDA
Forest Service, at http://www.bugwood.org.

and fall, and occasionally at other times
of the year if conditions are favorable.

P. lethale spores are released during late
spring and early summer. These fungi
also require moist conditions for spore
germination and infection. L. seditiosum
and P. lethale spores infect only current-
year needles. C. minus spores infect
current-year needles in late spring and
older needles from spring through autumn.
Year-to-year variations in weather and
differences in climate among geographic
areas will affect the exact timing of spore
release and infection by these fungi.

Spores may be produced on infected
trees in the vicinity of the nursery, on
infected nursery stock, and on fallen
needles. Infected seedlings transplanted
from other facilities and pine needles
used as mulch are potential sources of
inoculum. L. seditiosum also fruits on
cone scales and can be introduced into
nurseries on cone fragments mixed with
seeds. Severe outbreaks of needle cast
diseases are most likely to occur after
cool, moist weather in spring, summer, or
early fall creates favorable conditions for
buildup of abundant populations of spores
and widespread infection of susceptible
hosts.

Figure 8.4—Fruiting bodies of Ploioderma lethale
0n pine neeales. Photo by Department of Plant Pathology and
Plant-Microbe Biology, Cornell University.
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Figure 8.5—Fruiting bodies of Cyclaneusma minus on Scots pine needles. Photo by Joseph O'Brien, USDA Forest

Service, at http://www.bugwood.org.

Control

Prevention

Ideally, nurseries that grow pines
should be located as far as possible from
pine forests. Pines in windbreaks and
residential areas adjacent to nurseries can
also be sources of inoculum. Seed should
be inspected and thoroughly cleaned
before sowing to remove cone scales that
may harbor inoculum. Pine seedlings
received from other nurseries should be
inspected carefully before transplanting.
Do not use pine needle mulch.

Cultural

Allow needles to remain wet for the
shortest possible time. Low seedling
density will encourage good air circula-
tion, allowing seedlings to dry as rapidly
as possible after rain and irrigation. Drip

irrigation is ideal for keeping foliage dry.
If overhead sprinklers are used, watering
in the morning will help seedlings dry
faster. After pine seedlings are lifted,
fallen needles should be removed or tilled
in if susceptible pines will be grown
nearby the following year.

Chemical

Fungicides can be used to protect
healthy foliage from infection. They must
be applied just before and during spore
release periods, and before infection oc-
curs. To be effective, thorough coverage
of the foliage is required. The timing of
fungicide applications should be based on
proper identification of the causal fungus,
local weather conditions, and the product
label recommendations. Wet years will
require more frequent applications. High-
density plantings and areas with a history
of needle cast diseases may also require
more frequent fungicide treatments.
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9. Passalora Blight

Charles S. Hodges and Michelle M. Cram

Hosts

Passalora blight (Cercospora blight),
caused by Passalora sequoiae (syn.
Cercospora sequoiae), is associated with
several members of the cypress family
(Juniperus, Cupressus, Chamaecyparis,
Thuja, Cryptomeria) and the bald cypress
family (Taxodium, Sequoia, Sequoiaden-
dron). Nursery seedling infection by
P. sequoiae has been reported on eastern
redcedar, giant sequoia, cypress, and bald
cypress. A similar disease on cypress and
Jjunipers, also commonly known as Pas-
salora blight, is caused by Pseudocerco-
spora juniperi (syn. Cercospora sequoiae
var. juniperi).

Distribution

Both fungi that produce Passa-
lora blight have wide distribution in the
Southern and Midwestern United States.
P. sequoiae also has been reported from
the West Coast and Hawaii.

Damage

Damage to seedlings in the nursery
by both fungi varies from very light to
almost complete defoliation. In southern
forest nurseries, P. sequoiae has caused

serious damage to eastern redcedar; while

in the North Central States, P. juniperi
has been a more significant problem on
Rocky Mountain juniper in windbreaks
and other plantings. No information is
available on infected seedling survival
and growth rates after outplanting; how-

ever, Passalora blight is likely to continue to

develop in the field on seedlings infected
in the nursery. The danger of introduc-
ing the fungus into new areas exists if
infected seedlings are outplanted.
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Diagnosis

Seedling foliage with Passalora blight
becomes brown along the stem and on the
lower branches. The disease continues to
develop upward and outward until only
the upper branch tips remain green on
severely infected seedlings (fig. 9.1).
This damage pattern differentiates
Passalora blight from the more common
Phomopsis blight on juniper (see chapter
12) where the disease develops from the
tips of the branches inward.

The fruiting structures of both fungi
are very similar. Dark brown pustule-like
structures, or stromata, develop on needles
shortly after they turn brown, and are easily
visible with a hand lens. The stromata are

50 to 115 microns in diameter for P. se-
quoiae and 60 to 200 microns in diameter
for P. juniperi. Yellow-brown to brown
conidiophores protrude from the stromata,
forming a compact layer over the surface.
The conidiophores are geniculate (bent
abruptly; knee shape) and are 50 to 125
by 4 to 6 microns for P. sequoiae and 20
to 45 by 3 to 5 microns for P. juniperi
(fig. 9. 2). The two fungi can be distin-
guished by their conidial characteristics.
P. sequoiae spores are yellow-brown,
cylindrical, slightly tapering, mostly 5 to
6 septate, echinulate (prickles) and aver-
age 40.5 by 5.4 microns (fig. 9.3). P. ju-
niperi spores are olive-brown, cylindrical,
mostly 5 to 6 septate, slightly echinulate,
and average 40.8 by 3.1 microns.

Figure 9.1—~PFassalora blight symptoms on eastern redcedar. Photo courtesy of the University of Wisconsin.
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Figure 9.2— Conidiophores of Passalora sequoiae. Photo by Charles S. Hodges.

Biology

Initial infection of first-year nursery
seedlings usually comes from older
infected plants in the nursery or from
infected nearby windbreaks or landscape
plantings of susceptible hosts. Spring
inoculum is produced from fungal

Figure 9.3—Conidia of Passalora sequoiae. Photo by
Charles S. Hodges.

structures that overwintered on needles
of infected trees or seedlings. Disease
symptoms develop within 2 to 3 weeks,
and fruiting bodies form after the foliage
turns brown. The resulting conidia are
spread primarily by wind. Production

of conidia and new infections can occur
throughout the spring and summer. Wet
weather and moderate temperatures favor
disease development.

Control

Prevention

Do not use known hosts of the two
fungi as windbreak or landscape plants in
or near the nursery. If known-host plants
are present, remove any that are infected.
Variation in resistance to P. juniperi
among genotypes of eastern redcedar
and Rocky Mountain juniper has been
reported. In general, eastern redcedar has
been found to be more resistant to

P. juniperi than Rocky Mountain juniper.
If available, use seed sources resistant to
Passalora blight.

Cultural

Use irrigation early in the morning
to promote rapid drying of foliage. After
a disease outbreak or lifting, incorporate
residual seedlings and debris into the soil
to reduce spring inoculum.

Chemical

Fungicides labeled for use in forest
nurseries against leaf or needle diseases
on conifers can be used to reduce infec-
tion and spread of Passalora blight. A
standard spray schedule may be necessary
throughout the growing season to control
this disease in some areas.
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10. Pestalotiopsis Foliage Blight

Scott A. Enebak

Revised from chapter by Charles E. Affeltranger and Charles E. Cordell, 1989.

Hosts

Pestalotiopsis foliage blight, caused
by Pestalotiopsis funerea (syn. Pestalotia
funerea), affects seedlings of many
conifer hosts. Eastern white pine has been
particularly sensitive to the pathogen in
southern forest nurseries.

Distribution

Pestalotiopsis foliage blight occurs
in forest tree nurseries throughout the
United States wherever susceptible
conifer hosts are grown.

Damage

Widespread mortality seldom occurs
in the nursery; however, the fungus has
been associated with damping-off, root
and collar rot, shoot or tip blight, twig
dieback, and stem cankers. Outplanting of
infected and severely damaged seedlings
(defoliation, tip blight, etc.) can result
in greater mortality and reduced growth
when compared with apparently healthy
seedlings.

Diagnosis

The first symptoms appear from late
August to October. Infected seedlings
have small yellowish spots on the needles
that eventually coalesce and turn brown.
Needle browning will progress rapidly
toward the needle tips. Symptoms appear
in small patches throughout the nursery
(fig. 10.1) and, if conditions are favor-
able, seedlings in the entire nursery bed
may look brown and scorched (fig. 10.2).
Extensive defoliation can occur within a
few weeks. By the time seedlings are har-
vested (December to March), defoliation
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Figure 10.1—3Small infection center of Pestalotiop-
Sis blight on eastern white pine. Photo by Scott A. Enebak,
Auburn University.

can be so intense that only a few green
needles remain near the terminal bud.

On affected needles, small, shiny, black,
fruiting bodies can be seen with the naked
eye or with a 10x hand lens. Under moist
conditions, long, black ribbons of spores
are exuded from the fruiting bodies.
Individual spores are mostly five-celled
and are 22 to 32 by 7 to 13 microns. The

spores are ornamented with two to three
slender appendages on one end and a
single appendage on the other (fig. 10.3).

Biology

P. funerea is known as both a
pathogen and an opportunistic colonizer
of stressed and damaged conifers. The
fungus produces acervuli fruiting bodies
on browned needles and stems. Conidia
erupt from the fruiting bodies when
moistened in a sticky black matrix or
hornlike projections called tendrils. Rain
splash, irrigation, and perhaps insects
spread the spores. Infection is correlated
with extended periods of above-average
rainfall during the growing season and
there appears to be a moisture relation-
ship as disease increases with increasing
precipitation. The disease incidence
is highest and damage most severe in
densely stocked seedbeds.

Figure 10.2— Widespread defoliation of eastern white pine due to Pestalotiopsis blight. Photo by Scott A. Enebak,

Auburn University.



Conifer Diseases

Figure 10.3—Conidia of Pestalotiopsis species associated with foliage blight of conifers. Photo by Michelle M.

Cram, USDA Forest Service.

Control

Prevention

Use of disease-free mulches such as
hydro-mulch, sawdust, and pine bark is
recommended. Avoid pine straw mulch,
since it may carry the fungus into the
nursery. In nurseries that grow white pine
seedlings, avoid using white pine for
windbreaks, which can be an inoculum
source. Cull infected seedlings and never
ship diseased seedlings between nurseries.

Cultural

Plant at densities of fewer than 270
seedlings per m? (25 seedlings per ft?) as
high seedling densities increase moisture
retention of the foliage and decrease air
movement—conditions that favor the
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spread of the fungus. Irrigate during the

early morning hours, when seedlings

dry most quickly. Remove and destroy
seedlings that have 50 percent or more of
their foliage discolored or that are 25 per-
cent or more defoliated. More intensive
practices may be needed when culling
white pine seedlings that may be used for
Christmas tree stock.

Chemical

Fungicides registered for use in
conifer nurseries have been effective in
controlling this disease. If the disease is
prevalent, apply foliar sprays to seedlings
from May to October. Use additional
fungicides during periods of excessive
rainfall. Soil fumigation has been shown
to be effective in reducing the disease
incidence in problem areas.
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11. Phoma Blight

Robert L. James

Revised from chapter by Michael D. Srago, Robert L. James, and John T. Kliejunas, 1989.

Hosts

Phoma blight is associated primarily
with Phoma eupyrena, although a few
other Phoma species are sometimes
isolated from diseased plant tissues. The
disease primarily affects Douglas-fir;
red and white fir; mugo, lodgepole, and
ponderosa pines; and Engelmann spruce.

Figure 11.1—B8light in terminal bud of a true fir
seedling. Small black fruiting bodies of the fungus are
visible on dead needles. Photo by Robert L. James, USDA
Forest Service.

Distribution

Phoma blight probably occurs at low
levels within bareroot nurseries in most
Western States.

Damage

Phoma blight causes chlorotic and
necrotic foliage, tip dieback, defoliation,
and mortality of 1-0 bareroot seedlings.
Stem cankers of 2-0 stock may also
occur. Losses vary, but can be significant

during certain years at some nurseries. Figure 11.2—Dieback progressing down the stem of a

true fir seedling. Note discoloration on stem and at base
of needles. Photo by Robert L. James, USDA Forest Service.

Diagnosis

On young 1-0 bareroot seedlings,
chlorotic needles become evident near
the groundline. Foliage covered with
soil becomes necrotic. As the disease
progresses, the entire seedling becomes
chlorotic and finally dies. On Douglas-fir
seedlings, infected needles often turn
a golden brown and frequently drop
prematurely. Terminal and lateral branch
dieback or blight occurs on both Douglas-
fir and true firs but is more common on
the latter. Dieback starts at or near the
buds, progresses down the stem, and,
if continued, results in seedling death
(figs. 11.1 and 11.2). Stem cankers as-
sociated with colonization by P. eupyrena
may occur on older (2-0) Douglas-fir
seedlings, but mortality is rare on older
seedlings. Phoma produces black fruiting
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bodies (pycnidia) on dead needles,

stems, and canker margins. Other fungi
(Sphaeropsis, Sirococcus), however, may
form similar looking fruiting bodies on
diseased conifer seedlings. Microscopic
examination of spores from fruiting bod-
ies is necessary to verify which pathogen
is involved. Phoma spores are hyaline and
one-celled (fig. 11.3). Size varies accord-
ing to species; spores of P. eupyrena are
3 to 6 by 1.5 to 3 microns.

Biology

Phoma species are common soil
inhabitants. Overhead irrigation or rain
splash may result in excessive soil collar
buildup around young seedling stems.
Phoma can invade seedlings from soil
collars, usually through the lower needles.
Phoma then spreads up the seedling
crown, killing needles until the seedling
is defoliated. Phoma also frequently kills
new buds. On older seedlings, soilborne
Phoma spores can infect needles;

Figure 11.3—Clear, oval, one-celled spores of Phoma Species. Photo by Robert L. James, USDA Forest Service.
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colonization then progresses to stems,
eliciting cankers. Seedlings weakened by
nutrient imbalances, such as excess cal-
cium and iron, are especially susceptible
to attack.

Control

Cultural

Sowing bareroot beds early to
increase seedling height during the first
year may be helpful in reducing damage
and mortality. Foliage above soil cones
formed during the winter following the
first growing season seldom becomes
infected. Mulches that reduce soil cone
formation help limit Phoma blight
incidence.

Chemical

Fumigating soil before planting re-

duces or eliminates potentially pathogenic
fungi in nurseries, including Phoma. Most

Phoma species are good saprophytes,
and high soil populations may build up
on incorporated cover crops and organic
amendments. When disease symptoms

become noticeable, fungicide applications

at 2- to 4-week intervals during the dor-
mant season (October to April) reduces
losses.
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12. Phomopsis Blight

Edward L. Barnard

Hosts

Many members of the Cupressaceae
(cypress family) are susceptible to infec-
tion by Phomopsis juniperovora. Juniper
species are particularly susceptible,
followed by cypress and cedar species.
The pathogen is occasionally detected on
other gymnosperm hosts, but these occur-
rences are of relatively little importance.

Distribution

P. juniperovora and the blight it
causes occur throughout the eastern half
of the United States, California, and the
Pacific Northwest.

Damage

Phomopsis blight can cause severe
seedling loss in nursery beds leading to
the failure of an entire crop (fig. 12.1).
This disease will initially appear as a tip
or shoot blight and occur in individual
patches of the nursery beds. As the blight
spreads to adjacent seedlings, the initially
infected seedlings may progress from
dieback to mortality. Seedlings affected
by Phomopsis blight perform poorly
and have high mortality rates following
outplanting.

Diagnosis

P. juniperovora infects only im-
mature, succulent foliage; therefore,
infection and associated symptoms are
initiated at growing seedling terminals
and branch tips (fig. 12.2). Infections may
appear initially as small yellow spots on
young foliage but rapidly progress to a
blight resulting in reddish browning and
eventually graying foliage with necrosis
of small twigs and stems. Infected
stem and branch tips often curl into a
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Figure 12.1—Seedbed of eastern redcedar badly damaged by Phomopsis juniperovora. Photo by Gregory A. Hoss,
Missouri Department of Conservation.

Figure 12.2—Tips of eastern redcedar seedlings showing symptoms of Phomaopsis blight. Photo by Edward L.
Barnard, Florida Division of Forestry.
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“shepherd’s crook” as infected tissues
dry and become gray. Small, pale orange,
grayish or black, pimple-like pycnidia
(asexual spore-producing structures) de-
velop in, and erupt from, necrotic tissues.
Under high moisture conditions (humid-
ity, rainfall, or irrigation), active pycnidia
exude pale yellowish to cream-colored
masses or hair-like tendrils of conidia
(fig. 12.3). Two different conidia spores
are produced by pycnidia (fig. 12.4).
Alpha-spores are elliptical, colorless,
single spores with two oil drops (7.5 to
10.0 by 2.2 to 2.8 microns). Beta-spores
are needlelike, colorless, single spores
that are curved at one end (20 to 27 by

1 microns). The alpha-spores are the only
conidia that germinate and sometimes are
the only spores produced by pycnidia.

Other foliage blights affecting mem-
bers of the Cupressaceae can sometimes
be confused with Phomopsis blight.
Infections caused by Passalora sequoiae

Figure 12.3—Pycnidia of Phomopsis juniperovora
on Symptomatic foliage of eastern redcedar exuding

string-like tendrils of asexual spores (conidia). Photo
by Edward L. Barnard, Florida Division of Forestry.

(equal to Cercospora sequoiae and As-
perosporium sequoiae) typically progress
from older needles or scales on lower
branches, spreading upward and outward
over time. Infections caused by Kabatina
Jjuniperi and Sclerophoma pythiophyla are
similar in development and appearance

to those caused by P. juniperovora and
are best distinguished by microscopic
examination.

Biology

P. juniperovora overwinters in
host tissues infected the previous year.
Conidia (asexual spores) are produced
in the spring in pycnidia formed the
previous year. These spores are released
and disseminated by splashing rain or
overhead irrigation. New infections occur
on succulent young foliage tissues with
new pycnidia and sporulation developing
on infected tissues within 3 to 4 weeks.

Figure 12.4—Alpha-spores (elliptical) and beta-
spores (needlelike) of Phomopsis juniperovora. Photo
by Michelle M. Cram, USDA Forest Service.

Control

Cultural

Avoid excessive irrigation and high
seedbed densities as these conditions
favor moisture buildup and retention and
disease development. Do not sow seed
of susceptible hosts adjacent to beds
containing older host seedlings and avoid
using junipers and other hosts as nursery
windbreaks, because older seedlings and
adjacent trees may be problematic inocu-
lum sources. Infected seedlings should be
rogued from seedbeds to minimize spread
of infective spores. Irrigation should be
applied early during the day to enable
quick drying of the foliage. In some
areas and for some uses, disease resistant
Jjunipers may be a helpful alternative
management strategy.

Chemical

Protective fungicides applied at 7- to
10-day intervals during seasons of active
seedling growth are helpful.
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13. Phomopsis Canker

Katy M. Mallams

Hosts

Phomopsis canker, caused by the
fungus Phomopsis lokoyae (sexual state:
Diaporthe lokoyae), affects coastal and
Rocky Mountain Douglas-fir. A similar
species, P. occulta, causes cankers on
Sitka spruce, western hemlock, western
larch, and western redcedar.

Distribution

Phomopsis canker is widespread
in the Pacific Northwest and northern
California.

Damage

Phomopsis canker occurs sporadically

in nurseries and plantations, especially
1 to 2 years after droughts and damaging

frost events. It is most common on seedlings

in the second growing season, although
1-year-old seedlings are occasionally af-
fected. Phomopsis species cause cankers
at the base of new growth. Shoots above
the canker are killed, but lateral shoots
below the canker are not affected and
normally will develop into a new leader.
The greatest impact of the disease in the
nursery is a reduction in seedling quality
and an increase in the number of culls.

In plantations, the disease causes top-kill
and occasional mortality of small trees.
Mortality is infrequent and is usually
scattered throughout nursery beds. Wide-
spread damage has occurred occasionally
in nurseries when bud break coincided
with prolonged wet weather.

Diagnosis

Cankers become visible on stems
and branches of current-year growth in
spring and summer (fig. 13.1). Cankers
are usually sharply defined and appear
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Figure 13.1—~Closeup of Phomopsis canker on a
larch seediling. Photo from USDA Forest Service Region Six
Archives.

sunken because of callus tissue growth
around the margins. Often a small dead
branchlet is noticeable in the center of the
canker. Cutting away bark at the edge of
the canker reveals a sharp edge between
healthy white and reddish or brown dis-
eased tissue. Foliage beyond the canker
turns yellow and dies quickly after the
canker encircles the twigs or branches.
When the canker occurs in succulent
young growing tissue, rapid tissue death
may cause the stem to bend into the shape
of a shepherd’s crook (fig. 13.2). These
symptoms are typical of many diseases,
so observation of fruiting bodies and

spores is necessary to positively identify
the pathogen. Both the asexual and sexual
states of the fungus produce fruiting
bodies on dead tissue within the cankers.
They are visible with a 10x hand lens and
appear as small, black, spherical pimples
(fig. 13.3). P. lokoyae and P. occulta
produce two types of single-celled spores;
ellipsoid alpha-spores, and needlelike,
curved, beta-spores. The alpha-spores

of both species are similar in shape and
size (6 to 10 by 2 to 4 microns), while the
beta-spores of P. lokoyae are smaller (10
to 12 by 1.5 to 2 microns) than P. occulta
(20 to 30 by 1 microns).

Figure 13.2—Douglas-fir seedling with shepherd’s
crook caused by rapid death of succulent young tis-
Sue. Photo by Katy M. Mallams, USDA Forest Service.

Biology

The asexual spores produced in the
pycnidia are waterborne and spread short
distances to new hosts by rain splash
or sprinkler irrigation. Under favorable
temperature and humidity conditions, the
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Figure 13.3—Fruiting bodies of Phomopsis on the stem of a larch seedling. Photo by Petr Kapitola, State Phytosanitary

Administration, Czechia, at http://www.bugwood.org.

spores germinate and infect young shoots
and small branchlets. Succulent shoots
and tops of young seedlings are killed
rapidly. In older seedlings with woody
tissue, the fungus grows into and kills the
inner bark of the branch or stem during
the winter. Asexual fruiting bodies are
produced the following spring and sum-
mer. Fruiting bodies of the sexual state
are produced in autumn. These fruiting
bodies produce windborne spores, which
may play a role in long-distance spread.
The fungus can also persist as a sapro-
phyte on fallen cones and dead twigs, and
in dead tissue on live seedlings.

Control

Cultural

Weakened trees are most susceptible
to infection by canker fungi. In nurser-
ies, extra attention to watering during

unusually hot, dry periods may help
prevent stress that predisposes seedlings
to disease. Seedlings stressed by early
fall or late spring frost, herbicide damage,
and other abiotic events should also be
carefully monitored. Wounds, including
those caused by top-pruning, and fissures
in the stems of Douglas-fir seedlings
caused by rapid elongation, provide
infection courts for this and other canker
fungi. Preventing wounds and avoiding
over-fertilization that results in rapid

top growth may reduce the likelihood of
infection.

Chemical

Phomopsis canker is normally so scat-

tered that chemical use is not necessary.
However, when conditions are especially
favorable for the fungus, regular applica-
tion of fungicides may prevent infection
and disease development.
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14. Pitch Canker of Pines
Scott A. Enebak, Tom Starkey, and Tom Gordon

Revised from chapter by George M. Blakeslee, Thomas Miller, and Edward L. Barnard, 1989.

Hosts

Pitch canker, caused by the fungus
Fusarium circinatum (syn. Fusarium
subglutinans F. moniliforme var. sub-
glutinans), has been reported on over
20 pine species throughout the world. In
the Southern United States, hosts include
slash, loblolly, longleaf, shortleaf, sand,
spruce, and Virginia pine. In nursery set-
tings, the disease is most serious on slash,
longleaf, and shortleaf pine. In California,
Monterey, knobcone, and bishop pines
are the most widely affected host species.
Monterey pines can suffer significant
damage in seedling nurseries.

Distribution

This disease was first detected in the
Eastern United States during the 1940s
and can now be found throughout the
Southern United States from Virginia
to Florida, west to Texas in any natural
forest, plantation, seed orchard, and forest
tree nurseries that produce susceptible
pine hosts. The fungus also has been
introduced into California where the
pathogen, with help from a suite of insect
vectors, infects and kills susceptible pines
in landscapes, native forests, Christmas
tree farms, and seedling nurseries.

Damage

This disease can cause significant
seedling mortality in the nursery and
may appear as pre- and post-emergence
damping-off or seedling culls at the end
of the growing season. Also, seedlings
that appear healthy but have latent infec-
tions may result in seedling mortality
after outplanting and thus, additional
losses may occur in the field.
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Diagnosis

On young seedlings, lesions either on
the stem at the groundline or on the upper
taproot result in foliage discoloration and
seedling death. Seedlings may either
remain erect or collapse and be misdiag-
nosed as damping-off. Seed infestation
by F. circinatum should be strongly sus-
pected if poor germination and low stand
densities are associated with individual
seed sources. On older seedlings, stem
lesions result in a purplish discoloration,
followed by top dieback. Stem lesions
near the groundline or the upper taproot
usually cause discoloration and foliage
wilt on the upper stem (fig. 14.1). If large
enough, removal of the bark along the
seedling stem or taproot of the seedling
may reveal the darkly stained, resin-soaked
xylem, which is a symptom of fungal
infection (fig. 14.2).

The disease can be easily diagnosed
later in the growing season as either
single dead seedlings (seed infestation)

Figure 14.1—Discoloration and foliage wilt of
Monterey pine seedlings infected by Fusarium circi-
natum. Photo by Cassandra Swett, University of California.

or small groups (soil infestation) of seed-
lings found scattered throughout nursery
beds (fig. 14.3). Look for discolored,
yellow-green, brown to red foliage. On
seedlings with succulent tissues, look for
wilting foliage along the stem. Wilting
results from the development of resin-
soaked lesions either on the stem, near the
groundline or on the upper portion of the
taproot. Removing the bark exposes the
resin-soaked wood, which is the primary
method to confirm the presence of pitch
canker when compared to a healthy, un-
infected seedling (fig. 14.4). Particularly
with longleaf pine, seemingly disease-free
healthy seedlings with latent infections
are lifted, only to die after outplanting in
the field.

The fungus can be cultured from in-
fected tissues on acidified potato dextrose

Figure 14.2—Stained, resin-soaked xylem of a
Monterey pine seedling infected by Fusarium circina-
tum. Photo by Cassandra Swett, University of California.
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Figure 14.3—Sand pine seedling affected by pitch
canker. Photo by George Blakeslee, University of Florida.

agar. The pathogen is characterized
microscopically by curved, multiseptate
macroconidia, 32 to 53 by 3.0 to 4.5 microns
(fig. 14.5) and abundant oval to oblong
microconidia, 8 to 12 by 2 to 3 microns,
produced on polyphialides (fig. 14.6);
chlamydospores are absent. The fungus
also produces coiled knots of hyphae that
do not produce spores.

Biology

The most common mode of entry
into the nursery is via infested seed.
The fungus can also enter a nursery as
airborne inoculum from nearby infected
trees or can possibly be carried by insects.
The distribution of infected seedlings
within nurseries suggests that insects may
be an important wounding agent. After
a nursery becomes infested, secondary
disease spread during the growing season

Figure 14.4—~Resin-soaking at the root collar of longleaf pine caused by Fusarium circinatum (/eft) and a
healthy uninfected seedling (right). Photos by Tom Starkey, Auburn University.

probably results from inoculum produced
on previously infected seedlings. Insects
and their feeding activities may play a
role in late-season infections.

Control

Prevention

Use disease-free seed to prevent the
fungus from being introduced into the
nursery and causing seedling mortality.
Suspected seedlots should be tested to
determine if the seed is infested. Infested
seedlots should not be sown or at a
minimum, should be disinfested using
fungicidal seed treatments. Suspected
seed or seed of unknown origin should
not be mixed with other noninfested
seedlots during processing and seed
treatment. Within pine species, families
can differ in susceptibility and some may

Figure 14.5—Macroconidia of Fusarium circina-
tum. Photo by Michelle M. Cram, USDA Forest Service.
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Figure 14.6—Conidiophores (polyphialides) and microconidia of Fusarium circinatum. Photo by Michelle M. Cram,

USDA Forest Service.

sustain visible evidence of disease in
seed orchards. Cones from those families
should not be processed with disease-free
cones. Proper cone and seed-handling
procedures must be used to minimize
fungal contamination of seed in the cone
collection process.

Cultural

Remove pitch canker-infected trees in
windbreaks, seed orchards, border plant-
ings, or adjacent stands, thereby reducing
nearby inoculum sources that could
enter the nursery. Sanitation of seedling
beds during the growing season may be
achieved by removing and destroying
infected seedlings from the nursery to
prevent fungal spread. Care should be
taken not to move soil associated with
diseased trees into noninfested areas of
the nursery. Soil treatment at infested
sites with an eradicative material may be
appropriate (see Chemical section that
follows).
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During lifting and packing, cull
symptomatic seedlings to reduce dispersal
of the fungus to outplantings and to
minimize exposure of healthy seedlings
to diseased ones. Culling is particularly
important with longleaf pine that may be
infected, but do not exhibit the symptoms
in the nursery. Removing bark from seed-
ling stems will expose the darkly stained,
resin-soaked wood, which is a diagnostic
symptom of Fusarium circinatum infec-
tion.

Chemical

Fumigate with standard formula-
tions and dosage rates to eradicate the
pathogen from the soil. Treating the seed
with hydrogen peroxide or bleach may
decrease the chances of seed infestations
and subsequent seedling mortality by this
fungus. The treatment of seed and timely
applications of fungicides registered
for the fungus will decrease the disease

incidence. Registered efficacious fungi-
cides for pitch canker control are limited.
When an outbreak of the disease is
observed, insect control (especially fungal
gnats in containers) will help minimize
the spread of the pathogen.
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15. Rhizoctonia Blight of Southern Pines

Tom Starkey and Scott A. Enebak

Revised from chapter by James T. English and Edward L. Barnard, 1989.

Hosts Diagnosis

Rhizoctonia blight, caused by species
of Rhizoctonia (sexual states in the genera
Thanatephorus or Ceratobasidium)
occurs on many southern pine species. In
forest seedling nurseries, longleaf pine is
highly susceptible to Rhizoctonia blight
due to the close proximity of the needles
to the soil, while loblolly pine is more
affected by aerial web blight. Slash pine
has been observed to be resistant to the
aerial form of the disease.

On longleaf pine, water-soaked, chlo-
rotic lesions appear at the base of needles
(fig. 15.2). The basal ends of the needles
initially appear healthy but gradually

Distribution

Rhizoctonia blight occurs throughout
the Southern United States wherever
susceptible hosts are grown.

Damage

Rhizoctonia blight can cause signifi-
cant seedling mortality in both bareroot
and container nurseries growing longleaf
and loblolly pine. Seedling damage by
Rhizoctonia includes damping-off and
rot of roots, stems, needles, and terminal
buds. The early grass stage of longleaf
pine is particularly vulnerable to damping-
off, needle loss, rot, and eventual mortality.
On loblolly pine, aerial web blight is the
most common form of damage. The dis-
ease does not generally cause widespread
mortality across nursery beds, but rather
occurs in isolated disease foci within a
nursery bed that may coalesce over time
(fig. 15.1). Coastal loblolly pine families
are more susceptible to the aerial web
blight form although the disease severity
varies among pine families. The effects of
infection in the nursery (without mortality)
on field performance of outplanted stock
are unknown.

Figure 15.1—Rhizoctonia foliar blight disease
foci in loblolly pine (foreground). Photo by Tom Starkey,
Auburn University.

turn yellow and then brown. In time, the
needle base, terminal bud, and upper
taproot, darken and decay (fig. 15.3).
Foliar aerial web blight on loblolly pine
can become severe among the lower, in-
terior needles within a nursery bed weeks
before symptoms even become visible on
the seedling’s upper foliage. Often, the
disease is discovered only when upper
needles are top-clipped, revealing brown
patches, dead needles, and bare stems
within the canopy (fig. 15.4). Infected
foliage turns gray and is covered with fine
aerial mycelial webbing. The affected
foliage abscises, leaving a bare seedling
stem. Unlike longleaf pine, loblolly

pine stems and buds do not appear to

be infected by the fungus. Frequently,
Rhizoctonia blight appears in circular

to irregular patterns scattered within the
seedling bed. These infection centers
typically consist of several dead seedlings
surrounded by seedlings with different
degrees of discoloration and stages of
infection (fig. 15.5). Rhizoctonia species

Figure 15.2—Necrotic and chlorotic lesion at the base of longleaf pine associated with Rhizoctonia species.

Photo by Edward L. Barnard, Florida Division of Forestry.
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Figure 15.3—Death of terminal bud (left) and
needle bases of longleaf pine caused by Rhizoctonia
species. Healthy seedling is shown on the right. Photo
by Edward L. Barnard, Florida Division of Forestry.

can be cultured easily on most common
laboratory media. Cultures vary in color
from pale yellow to dark brown. These
fungi generally do not produce spores in
culture. However, cultures develop gray
to dark brown sclerotia (fig. 15.6). Micro-
scopically, these fungi may be recognized
by the characteristic right-angle branching
of the hyphae, which have constrictions at
the points where they connect with parent
hyphae (fig. 15.7). In older cultures, cross
walls usually develop just beyond the
hyphal constrictions.

Biology

How Rhizoctonia species infest a
nursery is uncertain, but inoculum sources
may include contaminated seed, airborne
basidiospores, infested soil carried on
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machinery, or mulch material added to
the nursery soils. Longleaf pine seedlings
are infected through the terminal bud

and needle base at or just below the soil
surface. Irrigation and rain water, which
splash soil onto the low-growing longleaf
pine seedlings, create conditions favor-
able to infection. This situation is often
intensified in sandy soils. After a nursery
bed becomes infested, the fungus spreads
within soil by mycelial growth. The exact
mode of infection for the aerial blight in
loblolly pine is unknown, but infection is
initiated on the weakened foliage within
the interior seedling canopy during warm
weather and free moisture after seedling
canopy closure within a nursery bed.
Basidiospores may also be involved with
infection as well. Rhizoctonia overwinters
as sclerotia, either within plant debris or
in the soil. The disease tends to be more
severe in soils that are in their second and
third crop since soil fumigation.

Figure 15.4—Necrotic lower needles associated
with Rhizoctonia foliar blight in loblolly pine. Photo by
Tom Starkey, Auburn University.

Figure 15.5—Typical nursery bed damping-off of longleaf pine caused by Rhizoctonia species. Photo by
Edward L. Barnard, Florida Division of Forestry.
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Figure 15.6—Typical culture of Rhizoctonia spp. showing characteristic brown Sclerotia. Photo by Edward L.

Barnard, Florida Division of Forestry.

Figure 15.7—Hyphae of Rhizoctonia species
showing characteristic right-angle branching and
constrictions near septa. Photo by Gerald Holmes, at
http://www.bugwood.org.

Control

Prevention

Use only recently collected, clean
seed for sowing. When feasible, sow
longleaf pine seed in the fall—losses in
fall-sown longleaf pine have been appre-
ciably less than when seedlings are sown
in the spring. Variation exists among
loblolly pine families and susceptibility
to infection, piedmont sources tend to
tolerate the fungus over coastal sources.
In addition, Rhizoctonia blight appears to

develop more rapidly in neutral to alka-
line soils, so lower soil pH may mitigate
the disease.

Cultural

Avoid the movement of infested soils
within nurseries on machinery or hand
tools. Irrigate early in the day to prevent
long periods of wet foliage. Maintain soil
pH below 6.0 to minimize activity of the
fungus. High nitrogen fertilization favors
Rhizoctonia development. Longleaf seed
beds can be mulched to reduce soil splash.

Chemical

Fumigate nursery beds to reduce
soilborne inoculum. Early detection of
damping-off is critical to minimize seed-
ling loss. After symptoms are observed,
applications of a registered fungicide
should begin as soon as possible. For the
aerial blight, regular fungicidal sprays
after canopy closure occurs can provide
effective control to this disease. Efficacy
of chemical control varies with chemicals.
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]
16. Scleroderris Canker

Michael E. Ostry and Jennifer Juzwik

Revised from chapter by Darroll D. Skilling, 1989.

Hosts

Scleroderris canker, caused by the
fungus Gremmeniella abietina (anamorph
Brunchorstia pinea) consisting of several
races and ecotypes, affects many conifer
species. Two races of the fungus are
known in North America. The North
American race primarily affects jack and
red pine in the Eastern United States and
Canada and lodgepole pine in Western
Canada. Austrian and eastern white pine
are less commonly affected in the eastern
region. The European race infects all pine
species, but is primarily found on red and
Scots pine and occasionally on Austrian
and eastern white pine. The European
race of the fungus is more aggressive
than the North American race on these
common hosts.

Distribution

The European race has been found in
New York, Vermont, New Hampshire,
Maine, southern Ontario, Quebec, New
Brunswick, and Newfoundland. The
North American race has been found
in the Lake States, New York, and
New England. In Canada, the North
American race is widely distributed in
Ontario, Quebec, Nova Scotia, and New
Brunswick, and has occasionally been
found in British Columbia and Alberta on
lodgepole pine.

Damage

The disease can cause significant mor-

tality to susceptible hosts in the nursery.
The risk of spreading the fungus through
nursery stock shipments is high because
symptoms are frequently not visible until
the spring after lifting and shipping even
though infection occurred during the
previous season. Infected seedlings die
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after outplanting, but also serve as foci
for further spread of the fungus. Outplant-
ing of pine seedlings infected with either
race may result in large losses in the field.
Detection of diseased seedlings within
the nursery may result in curtailment of
seedling shipments and potential destruc-
tion of all similar nursery stock in the
same field.

Diagnosis

Both races of the fungus cause similar
symptoms on infected seedlings and
the races cannot be distinguished by the
morphological spore characteristics. Look
for an orange-brown discoloration at the
infected needle base (fig. 16.1). Infected
needles later turn brown. Often infected
needles are loose and drop during late
spring and summer leaving only the bare
stem. Infected buds die and, therefore,
do not expand in the spring. Resinous
lesions and a yellow-green discoloration
under the bark are sometimes observed
in recently killed tissue. Small, black
fruiting structures called pycnidia (1 mm

wide) are commonly produced at the base
of dead needles on dead stems (fig. 16.2).
The spores (conidia) produced in pycnidia
have 4 to 5 cells, pointed ends and are 30
by 3 microns in size. Microconidia (5.0 by
1.5 microns) are occasionally produced in
some pycnidia.

Biology

The fungus is spread by airborne
or rain-splashed spores. The North
American race produces both asexual
(conidia) and sexual spores (ascospores),
while ascospores of the European race are
rare. Ascospores are produced by dark
brown apothecia; 1 mm wide, cup-like
structures that form on dead infected
twigs. Ascospores can initiate the disease
in the nursery, but the asexual stage of the
pathogen causes the greatest spread and
damage.

Infection can take place throughout
the growing season, but the primary
infection period is from May to July. The
fungus can grow at low temperatures in

Figure 16.1—~0range discoloration at base of needles infected by Gremmeniella abietina. Photo from USDA Forest

Service Archive.
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Figure 16.2—Pycnidia of Gremmeniella abietina at bases of infected needles on killed stems. Photo from USDA

Forest Service Archive.

the winter down to -6 °C (21.2 °F) and
becomes especially damaging under
heavy snow when it can extensively
colonize seedlings.

Control

Sclerroderris canker is easily
controlled in the nursery with regular
fungicide applications. Begin treatment as

soon as new growth appears in the spring.
Sprays should be repeated at 2-week
intervals until the first of July, then at
4-week intervals until September. One or
two extra sprays may be needed if rainfall
is unusually heavy during early summer.
The European strain may require spraying
every 2 weeks until late October because
of a longer spore dispersal period.
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Figure 17.3—Sirococcus shoot blight needle droop symptoms on red pine. Photo by Glen R. Stanosz, University of

Wisconsin-Madison.

differentiation of Sirococcus shoot

blight from other diseases with similar
symptoms, such as Diplodia shoot blight.
Conidia of these three Sirococcus species
are colorless, fusiform, with rounded tips
and rounded to slightly truncate bases,
two-celled, and approximately 9 to 16 by
2 to 4 microns in size (fig. 17.5).

Sirococcus species cultures can be
obtained by placing pieces of surface-
disinfested, symptomatic needles or
stems on malt extract agar or potato
dextrose agar amended with lactic acid
or streptomycin sulfate to inhibit bacte-
rial growth. Pycnidium and conidium
production may be stimulated by placing
sterile host needles on the medium, with
incubation in the light at 20 °C to 24 °C
(68 °F to 75 °F). Molecular methods can
be used to identify isolates of each of the
three Sirococcus species associated with

conifers, or detect their presence on or in
host samples without the need to obtain
cultures.

Biology

Sirococcus conifer pathogens survive
in and sporulate on dead needles, stems,
cones on diseased trees, and debris
on the ground. Viable spores can be
disseminated by rain splash year-round,
but are most abundant during spring and

early summer when young shoots are
most susceptible. Spores can be splashed
from seedling to seedling in nursery beds,
and from overstory trees to understory
seedlings and saplings. Moist weather
and low light conditions reportedly favor
infection.

Control

Biological

Grow nonhost species in areas of
nurseries where inoculum is available.

Cultural

Eliminate inoculum sources, including
host trees in windbreaks and adjacent for-
ests, in the nursery vicinity to minimize
disease. Host materials, such as twigs,
needles, and cones, should not be used as
soil amendments or mulches. Practices
that promote shoot drying, such as early
morning irrigation and decreasing bed
densities, may reduce infection frequency.
Do not move infested seed or diseased
seedlings into or out of the nursery.

Chemical

Protectant fungicides can reduce dis-
ease incidence in nursery beds. Repeated
sprays during shoot elongation may be
required, however.

Figure 17.4—Pycnidia of Sirococcus conigenus on pine needles. Photo by USDA Forest Service, North Central

Research Station Archive, at http://www.bugwood.org.
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Figure 17.5—Conidia of Sirococcus conigenus. Photo by Glen R. Stanosz, University of Wisconsin-Madison.
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18. Snow Molds of Conifers

Jill D. Pokorny

Hosts Brown felt blights also affect many lower branches that are below the snow

Snow molds are a select group of
fungi that grow and attack dormant
plants at low temperatures under snow
cover. They are fungal pathogens of
forage crops, winter cereals, and conifers.
These fungi have adapted different
survival strategies to enable them to grow
at subzero temperatures under snow. The
freezing resistance of mycelia and spores
is considered a key to their survival.

Two types of snow molds affect
conifers: snow blights and brown felt
blights. Snow blight fungi produce annual
mycelium that disappears from plant
surfaces soon after snowmelt, and brown
felt blight fungi produce brown mycelium
that grows perennially on plant surfaces
and persists long after snowmelt.

Two fungi account for most of the
snow blight records in North America:
Phacidium abietis and Lophophacidium
hyperboreum. Other snow blight fungi,
most notably, Phacidium infestans and
Sarcotrochila, have been cited to occur
in North America; however, these reports
are considered unconfirmed due to
changes in taxonomic nomenclature and
questions regarding pathogenicity.

Two fungi commonly cause brown
felt blight in North America: Herpotri-
chia juniperi and Neopeckia coulteri.
Herpotrichia juniperi occurs on fir and
spruce and Neopeckia coulteri occurs
only on pines.

Snow blights affect many conifer
hosts including Engelmann, Norway,
black, Colorado blue, red, and white
spruces; balsam, grand, white, Pacific
silver, and subalpine firs; Douglas-fir;
eastern and western white pine; and
eastern hemlock.

conifer hosts including Engelmann, Nor-
way, Sitka, and white spruces; alpine, bal-
sam, grand, noble, red, European silver,
Pacific silver, and white firs; bristlecone,
foxtail, Jeffrey, limber, lodgepole, mugo,
ponderosa, sugar, western white, and
whitebark pines; mountain and western
hemlocks; western redcedar; common,
creeping, alligator, and Rocky Mountain
junipers; and Pacific yew.

Distribution

Snow blights occur in the boreal
and alpine regions of the United States,
especially in areas of higher elevations
and with deep snow accumulation. Brown
felt blights occur only in the mountains of
the West.

Damage

Significant losses can occur to seed-
lings in northern nurseries when snow
cover persists in the spring. Small trees,
in natural and planted forests, can also be
affected, resulting in severe damage to

Figure 18.1—\White spruce seedlings in a nursery
bed showing symptoms of snow blight. Photo by Gaston
Laflamme, Canadian Forest Service, Laurentian Forestry Centre,
as published in Diseases of Trees and Shrubs, 2nd edition,
Cornell University Press, 2005.

line. Small trees beyond the seedling
stage will often retain some foliage and
survive.

Diagnosis

Look for severe browning or mortality
of seedlings in the early spring, just after
snowmelt (fig. 18.1).

Because snow mold fungi can grow
under snow, seedlings that appear healthy
in the fall may show severe damage the
next spring. In nursery beds, infection
frequently occurs in patches and is usu-
ally most severe in areas where snowmelt
is delayed. Needles, twigs, and branches
become covered with a mass of mycelium
(mycelial mats) that become visible as the
snow melts. The mycelial mat color and
persistence are diagnostic features that
help to distinguish between brown felt
blights and snow blights.

Brown felt blights are readily
identifiable by the brown mycelial mats
that cover twigs, branches, and needles
(fig. 18.2). Fungal growth is prolific on

Figure 18.2—Alpine fir showing the diagnostic dark
mycelial mats of brown felt blight. Photo by Cornell Uni-
versity Department of Plant Pathology and Plant-Microbe Biology,
as published in Diseases of Trees and Shrubs, 1st edition, Cornell
University Press, 1987.

Forest Nursery Pests 71



Conifer Diseases

branches and foliage that are buried under
snow (fig. 18.3). As the snow melts, and
mats are exposed, fungal development
ceases. Freshly exposed mats are dark
brownish-black, weathering to grayish-
brown. They are resistant to summer
desiccation, persist on infected needles,
and resume growth during the winter
and the next spring as a perennial blight.
The needles and twigs under the mats die
but remain attached for 1 year or more.
Spherical black fruiting bodies form on
and in the mats the second winter after
infection.

In the case of snow blights, affected
needles become covered with mycelial
mats that are white and cobweb-like in
appearance (fig. 18.4). Unlike the brown
mycelial mats of felt blights, the white
mats of snow blights are ephemeral
and do not persist after the snow melts.
Affected needles first appear yellow,
gradually turn red to reddish-brown,

and finally to gray, and remain attached
for 1 to 2 years. In late summer, black
fruiting bodies appear on the underside of
discolored needles. Morphology of these
fruiting bodies varies with the fungus
species involved. Fruiting bodies may
appear as small black dots, aligned in
rows on each side of the midrib (fig. 18.5)
or as elongated black lines that extend
along one-half or more of the length of
the needle.

Biology

The biology of snow mold fungi is
unique. Although most plant pathogenic
fungi overwinter in a dormant state, the
snow molds actively grow during the
winter and infect conifer needles that are
buried under the snow.

Black fruiting structures develop on
blighted needles and release spores during
moist weather in the fall. The spores are

Figure 18.3—Prolific mat development on lower branches of white fir that were buried in Snow. Photo by Duane

Mallams.
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Figure 18.4—Snow blight mycelium and symptoms
on white spruce needles recently under Snow. Photo by
Gaston Laflamme, Canadian Forest Service, Laurentian Forestry
Centre, as published in Diseases of Trees and Shrubs, 2nd edi-
tion, Cornell University Press, 2005.

Figure 18.5—Fir needles showing snow blight fruit-
ing bodies (small black dots), aligned in two lines on
either side of the midrib. Photo by Susan K. Hagle, USDA
Forest Service, at http://www.bugwood.org.

windborne, land on healthy needles, and
cause infection once the needles become
covered in snow. As the snow melts in the
spring, mycelium grows from the infected
needles to healthy nearby needles, form-
ing the characteristic mycelial mats. Fun-
gal growth ceases during the summer and
resumes again in the fall. The windborne
spores are the most important source of
new infections.

Control

Prevention

Snow molds may occur on the low
branches of trees up to pole size and on
spruces and firs that are larger than pole
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size; therefore, inoculum sources within
the nursery should be removed. Use
northern seed sources, which are usually
more resistant to these fungi than seed
from southern areas. If possible, avoid
nursery sites where snowmelt is delayed.

Cultural

Avoid growing susceptible tree
species in nursery beds where snow
accumulates in drifts. Remove infected
seedlings and those adjacent, apparently
healthy seedlings to reduce the spread
of the disease from localized infections.
Increase potassium fertilizer application
when potassium is deficient because low

potassium increases snow blight severity.

Chemical

No fungicides are specifically regis-
tered for snow blight or brown felt blight
control.
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19. White Pine Blister Rust
Lee E. Riley and Judith F. Danielson

Hosts

White pine blister rust, caused by the
fungal pathogen Cronartium ribicola, is
an exotic, invasive disease that is native
to Asia. It was introduced to both the east
and west coasts of the United States in the
early 1900s on infected eastern white pine
nursery stock imported from Europe.

Blister rust has a complex life cycle
that requires alternate hosts for spread of
the disease. The life cycle includes five
spore forms that most commonly alternate
between five-needle pines and currant or
gooseberry (Ribes spp.) leaves, although
Indian paintbrush and snapdragon have
recently been determined to serve as
alternate hosts as well.

All five-needle pines are susceptible
to the fungus, although some species
are more susceptible than others. Of the
species native to North America, western
white, sugar, eastern white, and whitebark
pines are most susceptible; limber and
southwestern white pines are moderately
susceptible; and the susceptibility of
bristlecone pine is under investigation.
Blister rust is the most important exotic
pathogen of forest trees worldwide, and
has been particularly devastating to large
forested areas and forest stand structure in
North America.

Distribution

After introduction from Europe on
both coasts of the United States, the
pathogen spread throughout the entire
range of white pines in North America.
Although less of a problem in the East,
the disease is found from the Atlantic
Provinces of Canada south through
Georgia and as far west as Minnesota
and Iowa. In Western North America,
the pathogen is infecting white pine
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species from British Columbia and
Alberta through the Intermountain West
and Pacific Northwest, south through the
Rocky Mountain Region, California, and
the Southwest, and into Mexico, and is
actively continuing its spread in elevation
and latitude. It is most severe where con-
ditions are cool and moist for extended
periods in late summer and early fall.

Damage

Although young seedlings are more
susceptible to infection by C. ribicola
than older trees, mortality is rare in 1- or

2-year-old nursery stock because of the
length of the disease cycle. If spores

are present and conditions are optimal,
seedlings may become infected during the
first growing season. Some mortality may
occur in the second year or in any hold-
over or transplanted stock. Depending on
the genotype, mortality is quite likely to
occur in infected seedlings following out-
planting. Blister rust is a major cause of
mortality in regenerating and outplanted
five-needle pines, making reestablishment
of these species extremely difficult (fig.
19.1).

Figure 19.1—~Recent blister rust mortality on 13-year-old outplanted sugar pine in southwestern Oregon.

Photo by Judith F. Danielson, USDA Forest Service.
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Chemical

Fungicides in the ethylene-
bisdithiocarbamate class of compounds
have been found to be effective in con-
trolling rust fungi. Triadimefon, a systemic
chemical in the triazole class, has shown
some longer term effectiveness in protect-
ing seedlings from white pine blister rust
infection.
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20. Cranberry Girdler

Art Antonelli

Revised from chapter by David L. Overhulser and Paul D. Morgan, 1989.

Hosts

The cranberry girdler (Crysoteuchia
topiaria) in the family Crambidae belongs
to a large group of turfgrass pests called
sod webworms. As well as damaging
turf, this insect commonly damages 2-0
nursery stock of Douglas-fir, noble fir,
larch, and spruce. Other stock occasion-
ally damaged includes 1-0, 3-0, and 2-1
Douglas-fir and 1-0 larch.

Distribution

The cranberry girdler has been
observed in bareroot conifer nurseries in
the Western United States.

Damage

Cranberry girdler larvae feed on the
roots and lower stems of seedlings and
in some cases may completely girdle and
kill the plant. Damage is most likely to
occur in nurseries adjacent to grass fields,
which are prime habitats for this insect.

Diagnosis

On the lower seedling stem and
taproot, look for patches where the bark
and cortex have been removed (fig. 20.1).
Damage to seedlings is usually noticed
during lifting operations or when severely
damaged seedlings change color in the
fall. At that point, control is ineffective.
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Figure 20.1—Feeding damage of the cranberry girdler on lower stem and roots of Douglas-fir seedlings.

Photo by Thomas D. Landis, USDA Forest Service.

Biology

Adult moths (fig. 20.2) emerge in
grass fields from May to July. Moths
are visible during the day. They fly
with quick, jerky movements for short
distances. Female moths deposit eggs on
and around nursery stock. Eggs hatch in
3 to 5 days, and larvae (fig. 20.3) feed in
nursery beds from June to October, when
they spin the cocoons and overwinter.
Feeding by the late instars in August

Figure 20.2—NMale adult of cranberry girdler.
Photo by Ken Gray. Image courtesy of Oregon State University.

to October is what damages seedlings.
Moth populations vary from year to year
because of the effects of predation and
disease on larval survival. Birds such as
starlings, killdeer, sandpipers, and black-
birds feed on overwintering larvae. A
naturally occurring soil fungus, Beauveria
bassiana, also kills overwintering larvae.

Figure 20.3—Larva of cranberry girdler. Photo by
Ken Gray. Image courtesy of Oregon State University.
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Control

Cultural

Avoid using cover crops that might
provide host material for the cranberry
girdler or other sod webworms. Cultivate
or apply herbicides to noncrop areas to
control weeds and grasses.

Chemical

Traps baited with an attractant and
placed in grassy areas adjacent to the
nursery can be used to monitor popula-
tions and to time insecticide applications
for moth control.
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21. Pine Tip Moths

John T. Nowak

Hosts

Tip moths, Rhyacionia species (fam-
ily: Tortricidae), are very common young
pine seedling pests throughout the United
States, particularly in the Southeastern
United States. The Nantucket pine tip moth
(R. frustrana) (fig. 21.1) is a ubiquitous
pest of loblolly, shortleaf, Virginia, pitch,
Scots and red pine in the Eastern United
States, and ponderosa and Monterey pine
in the Western United States, where it
was accidentally introduced. Longleaf,
slash, and eastern white pine are also
occasionally infested, but are much less
susceptible. The subtropical pine tip moth
(R. subtropica) and pitch pine tip moth
(R. rigidana) are also found in the East,
but typically infest slash, longleaf, and
pitch pine, respectively. The western pine
tip moth (R. bushnelli) prefers ponderosa
pine, but also infests other pine species.

Distribution

The Nantucket pine tip moth’s range
extends from Massachusetts south to
central Florida and west through central
Missouri, Oklahoma, and east Texas.
Disjunctive populations also exist in New
Mexico, Arizona, and California. The
Nantucket pine tip moth’s eastern range
overlaps with the Subtropical pine tip
moth and the pitch pine tip moth. The
subtropical pine tip moth’s range closely
follows the range of its primary host slash
pine, extending through southern South
Carolina south to southern Florida and
west to Mississippi. The western pine tip
moth has a wide distribution in the West-
ern United States, from Montana, North
and South Dakota, and Nebraska, to the
Pacific Northwest, and south to Arizona
and New Mexico.
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Figure 21.1—Adult Nantucket pine tip moth. Photo by Chris Asaro, Virginia Department of Forestry.

Damage

Pine tip moths can reduce seedling
growth, lead to stem deformity and can
occasionally cause seedling mortality if
infestation levels are high enough.

Diagnosis

Pine tip moth feeding damage in buds
and shoots causes the affected plant tissue
to turn brown (fig. 21.2). Dried resin can
also be found on the buds and shoots
where the insect bored into the seedling.
Larval frass is evident when the damaged
shoot or bud portion is dissected.

Biology

Pine tip moths have between one and
six generations per year depending on
moth species and climate, usually cor-
responding to the number of host growth
flushes. Pine tip moths can overwinter as

Figure 21.2—Nantucket pine tip moth damage on
loblolly pine shoots. Photo by Chris Asaro, Virginia Depart-
ment of Forestry.

larvae or pupae, and usually overwinter in
buds and shoots. Some species overwinter
in the duff layer at the tree base. The
adults emerge in spring and mate shortly
after emergence. The female moths lay
single eggs or clusters on shoots, needles,
and buds (fig. 21.3). The newly hatched
larvae mine needles before beginning

to feed on buds and shoots underneath
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Figure 21.3—Piich pine tip moth eggs. Note: darkened eggs have been parasitized by Trichogramma egg
parasites. Photo by Harry 0. Yates, USDA Forest Service.

Figure 21.4—Closeup of resin buildup on pine shoot with pupal exuvia from emerged tip moth. Photo by Chris

Asaro, Virginia Department of Forestry.

a protective web filled with pine resin
(fig. 21.4). Larvae grow larger and begin
to feed inside the buds and shoots, with
the length of feeding damage somewhat
proportional to the number of larvae feed-
ing within each shoot.

Control

Chemical

A number of contact and systemic
insecticides are available for tip moth.
Contact insecticides can be quite effective
at controlling tip moth infestations, but
applications must be properly timed to
reach newly hatched larvae before they
enter buds and shoots. Typically, it is
prohibitively expensive to spray each
generation, especially over multiple
years. Systemic insecticides are also
effective and can provide 1 or 2 years of
control from one application. They can
only be applied at the seedling planting
time or during the first year, however, and
are ineffective if applied directly to larger
trees.
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22. Sawtlies
John T. Nowak

Hosts and Distribution

Several sawfly species (families:
Diprionidae and Tenthredinidae) are com-
mon pests of young conifers, including
several introduced species. The more
common species, hosts, and distribution
are listed in table 22.1.

Damage

Although sawflies are common pests,
they rarely cause seedling mortality.
Defoliation is generally light, although
localized epidemics have been reported.
Sawflies are often divided into two
groups: spring and summer sawflies.
Spring sawflies generally feed on older
foliage, and summer sawflies feed on both
old and new foliage. The summer sawflies
are the most destructive.

Diagnosis

Pine sawflies generally feed gregari-
ously (fig. 22.1) in small groups and the
larvae look similar to caterpillars with
noticeable differences upon close inspec-
tion, including the number of prolegs
(fig. 22.2) (sawflies have six or more pairs
of prolegs and caterpillars have two to
five pairs). Newly hatched larvae will
often feed on needle edges. The damaged
needles will turn brown and sometimes
curl. As the larvae grow larger, they begin
to consume the entire needle.
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Table 22.1—Common species, hosts, and distribution of sawflies in North America.

Species

Redheaded pine sawfly
Neodiprion lecontei

Hosts

Scots, jack, red, shortleaf,
loblolly, longleaf, and slash

pine

Distribution

Eastern United States and
southeastern Canada

White pine sawfly
Neodiprion pinetum

Eastern white pine

Throughout the range of its host

Introduced pine sawfly
Neodiprion similis

Eastern white pine is

preferred, also Scots, jack,

and red pine

Eastern United States introduced

European pine sawfly
Neodiprion sertifer

Scots, red, jack, and
eastern white pine

Northeastern and Midwestern
United States; parts of Ontario

Larch sawfly
Pristiphora erichsonii

Tamarack and western larch

Great Lake States, eastern
Canada, Washington, Oregon,
ldaho, and Montana

Hemlock sawfly
Neodiprion tsugae

Hemlock and Pacific silver fir

Coastal Oregon, Washington,
and British Columbia; also interior
forests of Montana, |daho, and
British Columbia

Lodgepole sawfly
Neodiprion burkei

Lodgepole pine

Montana and Wyoming

Two-lined larch sawfly
Anoplonyx occidens

Western larch

Northwestern United States

Yellowheaded spruce
sawfly
Pikonema alaskensis

Most species of spruce

Alaska, southern Canada, and
Northern United States
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Figure 22.1—Pine sawfly damage on young pine sapling. Photo by Albert (Bud) Mayfield, Florida Department of Agricul-
ture and Consumer Services, at http://www.bugwood.org.

Figure 22.2—Sawfly picture showing the typical number of prolegs (seven in this case). Graphic by Randall
Blackburn, Smithsonian Institution, at http://www.bugwood.org.

Biology

A generalized sawfly larvae is
presented below. After the adults mate,
the female adults (fig. 22.3) use their
saw-like ovipositor to lay eggs in slits cut
into needles. After feeding on the needles,
the larvae will often drop to the forest
floor and spin cocoons. For most conifer
sawfly species, the last generation of the
year will overwinter in a prepupal stage in
the spun cocoon in the forest duff layer.
Pupation occurs in spring. Some species
overwinter in the egg stage. Spring
sawflies generally have one generation
per year, but summer sawflies often have
multiple generations per year depending
on climate.

Control

Cultural

For localized infestations, it may be
practical to remove sawflies by hand or
other means.

Chemical

Several contact insecticides are
available for controlling sawfly larvae.
Insecticide applications should target
early stage larvae.
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Figure 22.3—Adult female sawfly laying eggs on needle with saw-like appendage. Photo by Gyorgy Csoka, Hungary
Forest Research Institute, at http://www.bugwood.org.
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23. Anthracnose

Jill D. Pokorny

Hosts resulting in a decrease in growth and on sycamore and oaks, the fungi may also

By definition, anthracnoses are leaf
and twig diseases caused by a number
of different but closely related fungi, all
of which produce conidia in blister-like
fruiting bodies called acervuli. Many
anthracnose fungi are classified as asco-
mycetes and belong to genera including
Apiognominia, Gnomonia, Gnomoniella,
and Glomerella. The conidial states
(anamorphs or asexual stages) are
classified as coelomycetes and belong
to genera including Aureobasidium,
Colletotrichum, Cryptocline, Diplodina,
Discella, and Discula.

Each anthracnose fungus is specific
to the host tree it affects. For example,
the oak anthracnose fungus infects oak
trees only and will not spread to other tree
species. Although these fungi are host-
specific, several different anthracnose
fungi can infect a single tree host. For
example, several different anthracnose
fungi can affect maple.

Anthracnose diseases have a very
broad host range and affect many hard-
wood tree species in the United States.
Symptoms are most severe on American
sycamore, ash, maple, white oak, and
black walnut. The disease is less common
and damaging on hosts including birch,
catalpa, elm, hickory, linden, bur, red and
black oak, pecan, and yellow-poplar.

Distribution

Anthracnose diseases of hardwood
seedlings occur throughout the range of
the host species.

Damage

Anthracnose diseases may cause par-
tial or complete defoliation of seedlings,
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vigor. Mortality of infected plants is rare.
Anthracnose symptoms are more severe
in years that have extended cool, wet
spring weather.

Diagnosis

Symptoms vary with the tree host af-
fected and the timing of the year the dis-
ease is observed. Symptoms are confined
to the leaves on most tree hosts. However,

affect buds, twigs, and shoots, and cause
shoot blight, twig cankers, and branch
dieback. On black walnut and hickory, the
nuts may be affected.

Symptoms on infected leaves appear
as dead areas (lesions) that range in size
from small discrete spots (fig. 23.1) to
medium size lesions (fig. 23.2) to large,
irregular blotches (figs. 23.3 and 23.4).
Lesions vary in color, and range from

Figure 23.1—Small, discrete spots on maple. Photo by Jill D. Pokorny, USDA Forest Service.

Figure 23.2—Medium-sized lesions on black
walnut. Photo by Jill D. Pokorny, USDA Forest Service.

Figure 23.3—Large, irregular leaf blotch lesions on
white 0ak. Photo by Joseph 0'Brien, USDA Forest Service, at
http://www.bugwood.org.
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Figure 23.4—Large, irregular leaf blotch lesions on maple. Photo by Jill D. Pokorny, USDA Forest Service.

black to reddish brown to tan. On sycamore
(fig 23.5) and maple (fig. 23.6) trees, lesions
often develop and extend along the leaf
veins and midrib. Individual lesions may
coalesce and cause large areas of the

leaf to die, resulting in an overall wilted
or scorched appearance to the leaves.
Most infected leaves and leaflets fall
prematurely.

Figure 23.6—This lesion developed and expanded

along a major leaf vein on maple. Photo by Jill D. Pokorny,

USDA Forest Service.

When seedlings are infected early in
the spring, the emerging leaves are often
killed, turn black, and resemble damage
caused by frost. If infection occurs during
leaf expansion, growth of the infected

Figure 23.5—Vein-associated leaf blight lesion on
Sycamore. Photo by Clemson University, USDA Cooperative
Extension Slide Series, at http://www.bugwood.org.

tissue slows or stops as the rest of the leaf
continues to expand. As a result of this
unequal growth, the leaf tissue around the
lesion becomes distorted and puckered
(fig. 23.7). As leaves mature, they tend

to become more resistant to infection and
individual lesions are typically smaller in
size.

Figure 23.7—Ash leaves exhibiting distorted and puckered growth adjacent to a large lesion. Photo courtesy of

the Plant Disease Clinic, University of Minnesota.
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Blister-like fruiting bodies, called
acervuli, form within the lesions on leaves,
twigs, and fruit. They are particularly
abundant on leaf veins and can be seen
easily with a 10x hand lens (fig. 23.8).
They vary in appearance from brown to
pinkish in color. The pinkish color, when
present, is that of conidia being produced
in mass, within a mucilaginous matrix.

Biology

All fungi that cause anthracnose
diseases have similar life cycles and
require water from rain, dew, or fog to
infect a tree. Because of these parameters,
anthracnose is usually most severe in
years with extended rainy weather periods
in the spring and early summer. Disease
development often subsides during
summer months when environmental
conditions become hot and dry.

Figure 23.8—Closeup of acervuli (brown dots) on
and beside leaf veins on the lower leaf surface of a
lesion on white oak. Photo by Paul Bachi, University of Ken-
tucky Research and Education Center, at http://www.bugwood.org.
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Anthracnose fungi overwinter in in-
fected leaf-and-twig debris on the ground
or in cankered twigs and branches on the
tree. During rainy periods in the spring,
these fungi discharge large numbers of
microscopic spores of the sexual state,
called ascospores. The spores are spread
by wind or splashing rain onto young,
developing leaves of host seedlings. If
the leaf surfaces remain wet for several
hours, the spores germinate and produce
lesions on the new leaves.

On most tree hosts, the fungi will
produce secondary spores, called conidia,
within the lesions that form on the leaves.
Conidia are produced in large numbers
and are also spread from leaf to leaf by
wind and splashing rain. If rainy periods
occur during the summer and fall, rapid
increase and spread of anthracnose can
occur by means of these secondary
conidial spores. In some cases, such as
maple anthracnoses, only conidial spores
are present and the sexual states that
produce ascospores, if any, are unknown.

Control

Prevention

Avoid this disease by planting
anthracnose-resistant species or varieties
when available. Some cultivars of London
plane such as Columbia, Liberty, and the
older Bloodgood, have a high level of re-
sistance to anthracnose and are preferred.
In the case of oaks, the red oak group is
more resistant than the white oak group.

Cultural

Avoid close spacing and overhead
irrigation of cuttings and young trees.
Eliminate the overwintering fungus in
plant materials in and around the nursery.
Rake leaves and prune out severely

infected twigs and branches to reduce the
overwintering population of anthracnose

fungi. Destroy infected material by burn-
ing or other appropriate means.

Chemical

Anthracnoses can be controlled with
properly timed applications of a suitable
fungicide. For effective control, fungi-
cides must be applied before the disease
appears in the spring. Apply the first spray
at bud break, and repeat applications at
7- to 14-day intervals during cool, wet
weather. Refer to the chemical labels for
specific information.

To reduce chances for pathogens to
develop chemical resistance, it is best
to rotate the use of several different
fungicides within the chemical spray
program. Selected fungicides should have
different modes of action and be applied
in a rotational order.
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24. Leat Spots and Blights
Michelle M. Cram and Will R. Littke

Hosts

Most hardwood species are affected
by one or more fungi or bacteria that
cause leaf spots and blights.

Distribution

Large varieties of fungi and bacteria
cause leaf spots and often have wide
distribution throughout their host’s range.

Damage

The impact of leaf diseases on seed-
lings can range from minor loss of leaf
area to entire crop loss. Leaf disease in-
cidence can increase dramatically within
nurseries due to seedling densities and
frequent irrigation in nurseries. Defolia-
tion of young seedlings in nurseries can
lead to serious damage and mortality if
the seedlings are unable to produce new
leaves. Some leaf diseases will also infect
the stem causing cankers that can result in
stem breakage and mortality. Susceptibil-
ity to leaf diseases can vary greatly within
a genus (for example, Populus). Damage
by leaf diseases is typically reduced when
resistant genotypes are used.

Diagnosis

The degree of leaf damage by a
pathogen determines if it is characterized
as a leaf spot or blight. Leaf spots are
discreet necrotic areas a few millimeters
to centimeters in size (fig. 24.1). Blight
refers to a rapidly spreading leaf disease
that kills most of the leaf, often including
the stem, resulting in early leaf drop.
Leaf spots vary in size, shape, and color
depending on the pathogen and host.
Most leaf diseases can be identified by the
spores produced in fruiting bodies—
typically black pycnidia or stromata.

Fungi in the Phyllosticta genus cause
circular leaf spots that have a dark brown
to purple outer ring and a light brown
center with pycnidia eventually forming
in the center (fig. 24.2). Septoria species
produce a similar leaf spot (fig. 24.3). Other
pathogens such as Pseudocercospora species
tend to cause angular leaf spots by attack-
ing the tissue between veins (fig. 24.4).
Round, thick black structures called tar
spot formed by Rhytisma species are

Figure 24.1—Tubakia leaf spot on oak caused by
Tubakia dryina. Photo by Michelle M. Cram, USDA Forest
Service.

Figure 24.2—Leaf spot on red maple caused by
Phyllosticta minima. Photo by Michelle M. Cram, USDA
Forest Service.

common on maple and willow leaves

(fig. 24.5). Another type of leaf disease
caused by Taphrina species produces leaf
blisters by stimulating infected cells to
enlarge. These blisters begin as yellow
bulges (2 to 20 mm) that last for a few
weeks, eventually turning brown. Blisters
can coalesce, affecting the entire leaf and
resulting in defoliation (fig. 24.6).

Figure 24.3—Septoria leaf spot on red alder caused
by Septoria alnifolia. Photo by Will R. Littke, Weyerhaeuser
Company.

Figure 24.4—Leaf spot on common persimmon
caused by Pseudocercospora fuliginosa. Photo by
Michelle M. Cram, USDA Forest Service.
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Figure 24.5—Developing stromata of Rhytisma punctatum on bigleaf maple. Photo by Will R. Littke, Weyerhaeuser

Company.

Bacteria also cause leaf spots and
blights and are common on trees in the
Prunus genus (fig 24.7). Bacterial leaf
spots appear as water-soaked dark brown
or black spots that can enlarge during wet
years leading to early defoliation. Bacte-
rial leaf spots will ooze bacteria if cut and
placed under a microscope.

Figure 24.6—Leaf blister on black cottonwood
caused by Taphrina populina. Photo by Will R. Littke,
Weyerhaguser Company.
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Biology

Most leaf diseases have similar
disease cycles. Sexual spores called
ascospores are produced in leaves and
stem tissue infected in the previous year.
These spores are moved in the spring by
wind and rain splash to infect new foli-
age. Further spread of the disease occurs
during the asexual stage of the pathogen

when conidia spores are produced in
fruiting bodies throughout the late spring,
summer, and early fall. These spores are
spread by irrigation, rain splash, and wind
to surrounding leaves, further intensifying
the infection centers. Some pathogens

of leaves also infect stems (for example,
Septoria spp.) and cause cankers that
result in stem breakage and mortality (see
chapter 26).

Taphrina species do not produce
spores in fruiting bodies; instead, asco-
spores are produced from a layer of asci
that breaks through the surface of the in-
fected leaf. The ascospores will then bud
and form blastospores. These spores can
infect newly expanding leaves or over-
winter in bud scales and bark until bud
break in the spring. Warm, wet springs
favor the development of Taphrina leaf
diseases, but serious infections are rare.

Bacteria that cause leaf diseases are
spread by water and cutting tools and can
infect leaves, twigs and fruit. Bacteria
can overwinter in infected plant tissue
and on plant surfaces until environmental
conditions and host material are favorable
for infection in the spring.

Figure 24.7—~Bacterial leaf spot on chokecherry. Photo by Michelle M. Cram, USDA Forest Service.
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Control

Cultural

High seedling density and frequent
irrigation favor leaf diseases. Culture
techniques that encourage rapid drying of
foliage can reduce the infection severity.
Irrigate in the morning and consider
lower seedling densities to permit more
airflow and quick drying. After seedlings
are lifted, incorporate all plant debris in
the soil to reduce this inoculum source.
In hardwood stooling beds, rogue any
severely infected clones. Use resistant
cultivars or clones if available.

Chemical

Control of leaf spots that affect seed-
ling production often requires fungicides
applied to the foliage every few weeks,
beginning in the spring. Early population
control of pathogens that cause leaf
diseases is critical to avoiding premature
defoliation. Pathogens that also cause
stem cankers require regular inspection
and control through the late summer.

Control of bacterial leaf spot diseases
requires the use of copper-based fungicides
and bactericides as preventative sprays.

If copper-resistant strains of bacteria are
present, it may be necessary to increase
the action of copper by the addition of
fungicides containing ethylene-
bis-dithiocarbamate.
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25. Marssonina Blight
Michael E. Ostry and Jennifer Juzwik

Revised from chapter by Michael E. Ostry and Arthur L. Schipper, Jr., 1989.

Hosts

Marssonina blight affects all aspen
and poplar species native to North
America. The disease also damages many
introduced poplar species and hybrids.
Poplar species in the Populus section are
susceptible to M. brunnea f. sp. trepidae,
while species in the 4igerios section are
susceptible to M. brunnea f. sp. brunnea.
Marssonina balsamiferae has been
reported occurring on balsam poplar in
Ontario and Manitoba. Marssonina cast-
agnei infects white poplar and M. populi
is commonly found on quaking aspen.

Distribution

Four species of Marssonina and

several formae speciales (f. sp.) are found

throughout their poplar hosts’ ranges.
International transport of infected poplar
cuttings may have contributed to the
spread of the pathogens.

Damage

On highly susceptible poplar clones,
the blight causes premature defoliation,
significantly affecting growth. In addition
to leaves and petioles, the fungi also
infect young stems.

Diagnosis

Leaf symptoms vary, depending upon
the susceptibility of the poplar species or
hybrid, the species of Marssonina, and
the severity of disease. Look for small,
brownish, circular to angular spots, 1 to
2 mm across (fig. 25.1). These spots
develop on leaves in spring and early
summer. The center of the spots usually
appears whitish. Spots may eventually
join to form large, angular, rust-brown
to black necrotic blotches (fig. 25.2).
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In addition to leaf spots, lesions may
develop in petioles (fig. 25.3) and suc-
culent new stem growth (fig. 25.4). These
lesions enlarge longitudinally and may
become several millimeters in length.
Whitish masses of conidia are produced
from fruit bodies (acervuli) in the center
of the lesions. Conidia of Marssonina
species are oval, hyaline, and divided by
one septum into a small basal cell and a
larger upper cell. They often have one

or more prominent vacuoles in each cell.
The size of conidia varies with species:
11 to 21 by 4 to 7 microns (M. brunnea)
(fig. 25.5), 15 to 23 by 5 to 8 microns (M.
castagnei), 18 to 21 by 4.5 to 5.5 microns

Figure 25.1—~Leaf spots caused by Marssonina
brunnea on a poplar leaf. Photo by Michael E. Ostry, USDA
Forest Service.

(M. balsamiferae) and 17 to 27 by 8 to 13
microns (M. populi). The perfect states of
these fungi belong to the genus Drepano-
peziza but are rarely seen.

Biology

Marssonina species overwinter in
lesions on infected stems and on fallen
leaves. In the spring during wet weather,
the fungus releases ascospores (Drepa-
nopeziza species) and possibly conidia,
which were produced in fallen leaves or
in lesions produced during the previous
growing season. The spores are carried
by wind and rain splash. Leaves, petioles,

Figure 25.2—Fnlarged, angular leaf spots caused by
Marssonina brunnea. Photo by Michael E. Ostry, USDA Forest
Service.

Figure 25.3—Lesions caused by Marssonina brunnea on petioles of poplar leaves. Photo by Michael E. Ostry,

USDA Forest Service.
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Figure 25.4—1Lesions caused by Marssonina brun-
nea on poplar stems. Photo by Michael E. Ostry,
USDA Forest Service.

and succulent stems of susceptible
seedlings become infected, resulting in
leaf spots and shoot lesions. Throughout
the summer, conidia produced on these
lesions are exuded in masses and dissemi-
nated by rain splash and wind to adjacent
leaves and stems.

Control

Prevention

Several poplar species and hybrids
resistant to Marssonina have been

Figure 25.5— Conidia of Marssonina brunnea.
Photo by Michael E. Ostry, USDA Forest Service.

identified (fig. 25.6). Planting resistant
clones and preventing the movement of
these fungi on infected stock are the best
disease preventative measures.

Cultural

Examine nursery stock for Marsso-
nina infection. Cull infected hardwood
cuttings to avoid spreading the fungus on
planting stock. Remove and destroy, or
plow under, diseased plant debris. Reduce
planting density to improve air move-
ment. When possible, avoid overhead
irrigation systems.

Figure 25.6—Leaves of poplar clones resistant (left) and susceptible fo Marssonina brunnea. Photo by Michael E.

Ostry, USDA Forest Service.

Chemical

Fungicides can be used in the nursery
to control Marssonina blight. Apply
fungicides when disease symptoms first
appear and make additional applications
at recommended intervals. Rotate use
of fungicides with different modes of
action to reduce potential development of
resistant pathogens.
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26. Poplar Cankers
Michael E. Ostry and Jennifer Juzwik

Hosts and Causal Fungi

Bark necrosis, cankers, and dieback
on native poplar species and hybrid
poplars are caused by several species of
fungi. The most common causal fungi
are Septoria musiva, Septoria populicola,
Cytospora chrysosperma, Phomopsis mac-
rospora, Dothichiza populea, Fusarium
solani, and Lasiodiplodia theobromae.

Distribution

These fungi are found throughout na-
tive and introduced hybrid poplars ranges
in North America.

Damage

Poplar cankers can kill or severely
weaken infected poplar seedlings and
planted unrooted poplar cuttings. In addi-
tion, hardwood cuttings can be damaged
during storage by a disease known as
blackstem (fig. 26.1) caused by species of
Cytospora, Phomopsis, and Dothichiza.
Fungi introduced into plantations on in-
fected nursery stock can result in planting
failures (fig. 26.2).

Diagnosis

Symptoms resulting from stem
infection by these fungi may be similar,
particularly in early stages of the disease.
Often it is necessary to examine spores
or obtain cultures from diseased tissues
to positively identify the causal fungus.
In the spring, look for small necrotic or
discolored areas with definite margins on
stems. They are initially inconspicuous,
but as the cankers develop, a distinct
depressed area is observed in the affected
bark. All of the possible pathogens, ex-
cept F. solani, often produce pimple-like
fruit bodies called pycnidia that protrude
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Figure 26.1—~Poplar cuttings affected by blackstem disease during improper storage. Photo by Michael E. Ostry,

USDA Forest Service.

through the affected bark (fig. 26.3).
White, yellow, or orange conidia, often
seen as coils of spores, exude from the
pycnidia during wet weather (fig. 26.4).
When dry, these masses of conidia appear
as fine tendrils. Some of the resulting

Figure 26.2—Planted poplar cutting killed by
blackstem disease. Photo by Michagl E. Ostry, USDA
Forest Service.

cankers may girdle the stem, and the
portion distal to the canker dies. Septoria,
in addition to causing cankers (fig. 26.5),
can cause leaf spots (fig. 26.6) and can
prematurely defoliate highly susceptible
clones.

Figure 26.3— Canker on poplar stem caused by
Dothichiza populea. Photo by Michael E. Ostry, USDA Forest
Service.

Figure 26.4—Coiled tendrils of spores exuding
from poplar stem infected by Phomopsis macrospora.
Photo by Michael E. Ostry, USDA Forest Service.
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Figure 26.5— Canker caused by Septoria musiva on
poplar stem. Photo by Michael E. Ostry, USDA Forest Service.

Biology and Spread

These fungi overwinter in cankers on
infected tree stems or on dead plant mate-
rial on the ground. Septoria also over-
winters in infected leaves. In the spring,
the fungi produce spores that are spread
by wind and rain splash. New infections
occur during periods of high humidity
that develop after overhead irrigation or
rainfall throughout the summer.

Control

Prevention

Plant locally adapted, disease-
resistant poplar clones to minimize dam-
age. Removing native poplar trees near

the nursery will reduce fungus inoculum.
Many of these fungi colonize stressed
trees so maintaining high tree vigor will

minimize the risk of disease development.

Cultural

Use canker-free cuttings to establish
nursery beds. Provide adequate water and
nutrients to avoid tree stress. Infected
poplar seedlings and unrooted poplar
cuttings from diseased nursery stool beds
should be culled to avoid shipment of
diseased stock. Remove all leaves and
debris after harvest to eliminate overwin-
tering inoculum sources. Store cuttings
at approximately -3 °C (26.6 °F) to avoid
blackstem disease. Protect cuttings or
rooted stock from drying out or becoming
overheated during processing, storing,
shipping, and planting.

Chemical

Fungicides can be used in the nursery
to reduce some pathogen populations that
lead to canker development. For example,
control of the leaf disease Septoria
musiva by fungicides can reduce disease
pressure and canker development.
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Figure 26.6—Leaf spots on poplar leaves infected by Septoria musiva. Photo by Michagl E. Ostry, USDA Forest Service.

Forest Nursery Pests 97



Hardwood Diseases

2°7. Poplar Leat Rusts
Michael E. Ostry and Jennifer Juzwik

Hosts

All Populus species are potential
hosts of poplar leaf rust fungi, Melamp-
sora species. Distinguishing different leaf
rust species is often problematic. Com-
plexity in leaf rust situations is related
to the extensive planting of many poplar
species and interspecific hybrids, natural
or human-aided movement of Melampsora
species into new geographic regions,
and the occurrence of Melampsora races
(formae speciales). Furthermore, mixed
race infections on single leaves and the
evolution of natural hybrids of rust fungi
contribute to this complexity. A critical
need exists for monitoring poplar rust
populations in this intricate system. Two
poplar leaf rusts are dominant in the United
States. In the East, larch is the alternate
host of M. medusae; in the West, Douglas-
fir is the alternate host for M. occidentalis.
Infection of coniferous alternate hosts is
confined to young needles and the damage
is usually minor.

Distribution

Melampsora leaf rusts affect native
and introduced hybrid poplars throughout
North America.

Damage

Leaf rust can cause partial or com-
plete defoliation by midsummer, reducing
seedling vigor and quality. Premature
defoliation can predispose seedlings to
environmental stresses and invasion by
secondary damaging agents.

Diagnosis

On poplar leaves, look for orange-
yellow spore-bearing (uredinial) pustules
(figs. 27.1 and 27.2). When these pustules
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Figure 27.1—Uredinia pustules with urediniospores of Melampsora medusae on poplar leaf. Photo by Michael E.

Ostry, USDA Forest Service.

Figure 27.2—Uredinia pustules with urediniospores of Melampsora occidentalis on poplar leaf. Photo by

Michael E. Ostry, USDA Forest Service.

rupture, large numbers of powdery
urediniospores are released. From late
summer to autumn, yellowish crusts
(telia), darkening to brown, are produced
among the uredinia. On conifers, yellow
spots occur on needles as the accial stage
develops. When mature, the aecia rupture

and release powdery aeciospores. Aecia
are preceded by an inconspicuous stage
(pycnia) that produce their pycniospores
in droplets (fig. 27.3). The uredinio-
spores, teliospores, and aeciospores of
M. occidentalis are generally larger than
those of M. medusae.
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Figure 27.3—Melampsora medusae pycniospore
droplets on needles of larch. Photo by Michael E. Ostry,
USDA Forest Service.

Biology

Melampsora species require a conifer-
ous alternate host to complete their life
cycle. The conifer species varies with
the rust species. Telia are produced on
poplar leaves in the fall and appear as
brown to black, crusty patches on fallen
leaves. In spring, the teliospores in these
fallen leaves germinate and produce
basidiospores, which are windblown to
the developing needles of coniferous
hosts where infection takes place. The
first fungal structures to develop on
infected needles are the pycnia, which
produce haploid spores (pycniospores)
associated with sexual reproduction. In
summer, shortly after the pycnia develop,
aeciospores are produced on the needles
and are windblown to poplar leaves.
Yellow-orange uredinia pustules develop
on infected poplar leaves and release
urediniospores that are carried by wind

to adjacent leaves, thus intensifying

the disease on poplar hosts throughout
the growing season. In the fall telia

are produced, completing the annual
disease cycle. Since both aeciospores and
urediniospores are windborne, infection
of poplars can occur at considerable dis-
tances from conifer hosts. In areas of the
Southern United States where ornamental
larch is grown, leaf rust epidemics can
occur without need for windborne spores
from larch in more northerly locations.

Control

Prevention

Planting poplar species and clones
selected for resistance to the local
Melampsora species population is the
most effective practice. Growing poplars
near coniferous alternate hosts will result
in infection earlier in the season and
increased disease severity. In the South,
remove susceptible evergreen poplars
to reduce the amount of overwintering
uredinia. Leaf microflora and saprophytic
microorganisms have been shown to be
antagonistic to rusts and may function
as natural biological control agents.
Planting large, monoclonal beds should
be avoided. This precautionary measure
minimizes a new rust species or race from
becoming damaging in the future.

Chemical

Application of fungicides labeled
for control of Melampsora on poplar
can reduce infection of leaves. Begin
applying fungicidal sprays in the summer
when conditions are favorable for spore
development, dispersal, and infection.
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28. Powdery Mildew
Michelle M. Cram and Glen R. Stanosz,

Hosts

Powdery mildew diseases of
hardwoods are primarily caused by fungi
in the genera Erysiphe, Phyllactinia,
Pleochaeta, and Podosphaera. Many of
the fungi in these genera were previously

classified as Microsphaera, Sphaerotheca,

and Uncinula. Hardwood species com-
monly affected by powdery mildew
include dogwood, yellow-poplar, oak,
sycamore, cherry, maple, black walnut,
hickory, buckeye, elm, and cottonwood.

Distribution

Powdery mildew diseases occur on

hardwood seedlings grown throughout the

United States. Worldwide, more than 500
fungi cause powdery mildew on 7,000
different plant species.

Damage

Infection of seedling leaves by
powdery mildew can result in leaf distor-
tion, chlorosis, reduced photosynthesis,
and partial defoliation. Early infection
and severe disease can result in reduced
growth.

Diagnosis

White, powder-like colonies form on
the surface of leaves and occasionally
stems in the spring and early summer
(figs. 28.1 and 28.2). In some species,
these light-colored colonies can become
brownish with age. Powdery mildew
often affects the upper leaf, but can be

found on the underside of the leaf as well.

The powdery appearance of the disease
is the result of conidia. These spores are
produced in chains or singly during the
asexual reproduction stage in the genera

Oidium, Ovulariopsis, and Streptopodium.

100 Forest Nursery Pests

Figure 28.1—Flowering dogwood affected by a powdery mildew fungus. Photo by Michelle M. Cram, USDA Forest

Service.

The conidia are single-celled, colorless,
and in the range of 20 to 50 by 12 to

20 microns. Diagnosis of these fungi to
species is based on the individual char-
acteristics of the conidiophores, conidia,
and host.

Chasmothecia (syn. cleistothecia) are
produced during the sexual reproduction
stage on the surface of the plant, in or on
the mycelia mat. Chasmothecia are spher-
ical, typically 0.1 to 0.2 mm in diameter
and change from colorless to yellow,
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Figure 28.2— Powdery mildew fungus on Norway
maple. Photo by Glen R. Stanosz, University of Wisconsin-
Madison.

then to brown, and finally to black. They
have appendages to assist in anchorage
and dispersal that are straight, flexuous,
branched, or hooked. Chasmothecia and
their appendages are barely visible with
the naked eye, but seen more easily with a
hand lens. Ascospores of the sexual stage
are borne within one or more sac-like
structures called asci (singular is ascus)
that develop within the chasmothecia
(fig. 28.3). Species identification is based
on the characteristics of the chasmothecia
including appendage type and ascus
number and size.

Biology

Cool evenings and warm, humid
days favor the development of powdery
mildew. Typically, powdery mildew
occurs when ascospores or conidia ger-
minate, followed by infection of the host
epidermal cells. Only a few species will
parasitize the internal cells (mesophyll
and palisade cells) of the host. Under
favorable conditions of 15 to 28 °C (59
to 82 °F) new generations of conidia are

Figure 28.3— Chasmothecium broken open to show
asci and ascospores. Photo by Glen R. Stanosz, University of
Wisconsin-Madison.

produced every 4 to 6 days. These spores
move by air and water to new infection
sites and can germinate on dry surfaces.
There are three patterns of the disease
cycle. In warm regions, the fungi produce
conidia throughout the year, creating mul-
tiple overlapping cycles of the disease.

In temperate regions, these fungi survive
winters and hot, dry summers by produc-
ing chasmothecia. As conditions become
favorable again for disease development,
ascospores are released to initiate new
infections. A third type of disease cycle
includes the overwintering of mycelium
in the buds of woody plants or in mild
climates on the leaves of evergreens.
When the infected buds break and the
new shoots develop, conidia are produced
to initiate new infections.

Control

Cultural

Frequent irrigation and high seedling
density enhances development of
powdery mildew by maintaining high

humidity over a longer period of time.
Encourage rapid drying of foliage by
irrigating in the morning and consider
lower seedling densities. Because succu-
lent tissues are highly susceptible, avoid
over-fertilization with nitrogen. Reduce
potential spring inoculum in the nursery
by incorporating any infected plant debris
into the soil after lifting.

Chemical

The use of fungicides during the
spring and into the summer may be
needed for powdery mildew control for
some hardwood species. Early control
of powdery mildew can be important to
avoid damage and growth loss. Because
host ranges of individual powdery
mildew fungi vary considerably, a correct
identification can help determine the need
to protect other species being produced
in the vicinity of diseased trees. Rotate
fungicides with different modes of action
to avoid development of resistance in
powdery mildew fungi.
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29. Cottonwood Borers

Forrest L. Oliveria and James D. Solomon

Hosts

Eastern cottonwood is the major host
of the cottonwood borer (Plectrodera
scalator) and the clearwing borer (Paran-
threne dollii). Poplars and willows are
also affected by these insects.

Distribution

The distribution corresponds closely
with the eastern cottonwood range in the
Eastern United States. The range of both
borers extends westward into the Plains
States; P. scalator is reported as far west
as New Mexico and Montana. The largest
populations occur in the Southern and
Central States.

Damage

P. scalator larvae hollow, partially
sever, or girdle seedling roots, causing
structural weakening, loss of vigor, and
mortality. Feeding by adult beetles of
P. scalator often causes terminal death,
followed by excessive branching, forking,
and crooked stems. Stools for vegetative
cutting production heavily infested with
P. dollii do not produce vigorous shoots
for vegetative cuttings. Some breakage
occurs at tunneled sites.

Diagnosis

Initially, P. scalator infestations may
go unnoticed because attacks occur at
or below the groundline, and the larvae
tunnel downward in the roots. As the
infestation increases, look for plant
weakening, mortality, and breakage near
the groundline. Plants suspected of being
infested should be lifted and have their
roots examined. Infested roots are usually
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Figure 29.1—=Galls on roots of cottonwood Seedlings infested with Plectrodera scalator. Photo by James D.

Solomon, USDA Forest Service.

swollen and galled (fig. 29.1). They have
breaks and openings in the bark, and frass
often protrudes from gallery openings. In
contrast, uninfested roots are compara-
tively smooth and uniform in shape.

Infested root dissection reveals galler-
ies with one or more large, white, legless,
longicorn-type larvae (fig. 29.2). Light
brown, fibrous (usually excelsior-like)
frass (fig. 29.3) is occasionally ejected
from bark openings at the groundline.

From June through August, the large,
black and white longhorn beetles (fig. 29.4)
can be seen feeding on bark and terminals.

Attacks by P. dollii occur on the
aboveground stem and are concentrated
around the basal portion of the plant.
Initial attacks are characterized by sap
ooze and frass ejected from entrance
holes. Attack sites often appear cankered
and have enlarged entrances (fig. 29.5).

Figure 29.2—/arva of Plectrodera scalator in root
of cottonwood seedling. Photo by James D. Solomon,
USDA Forest Service, at http://www.bugwood.org.



Hardwood Insects

Infested stem dissection reveals gal-
leries with one or more white to pinkish,
caterpillar-like larvae with brown heads
and thoracic shields (fig. 29.6). Granular
frass piles (fig. 29.7), which are different in
texture from the fibrous frass of P. scalator,
often accumulate on the ground at the
base of infested plants. Infested stems are
commonly drilled by woodpeckers feeding
on the larvae during winter.

P. dollii adults are dark, rusty red,
clearwing moths (fig. 29.8) that closely
mimic wasps.

Figure 29.3—fibrous frass produced by larva of
Plectrodera scalator af base of cottonwood seedling.
Photo by James D. Solomon, USDA Forest Service, at http://
www.bugwood.org.

Figure 29.4—Aqult of Plectrodera scalator.
Photo by Charles T. Bryson, USDA Agricultural Research Service,
at http://www.bugwood.org.

Figure 29.5—~£ntrance holes in stem of cottonwood
seedling, caused by larvae of Paranthrene dollii.

Photo by James D. Solomon, USDA Forest Service, at http://www.
bugwood.org.

Biology

Both borer species overwinter as
larvae—P. scalator in roots and P. dollii
in stools, trunks, and branches. P. scalator
adults emerge mainly during June and
July, cut niches in the bark, and lay eggs
singly at or just below the groundline.
Young larvae tunnel downward into the
roots and produce galleries up to 25 mm
(1.0 in) wide and 23 mm (0.9 in) long.
The life cycle of P. scalator requires 1 to
2 years.

Figure 29.6—Larva of Paranthrene dollii in stem of
cottonwood seedling. Photo by James D. Solomon, USDA
Forest Service, at http://www.bugwood.org.
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Figure 29.7—Granular frass of Paranthrene dollii at base of cottonwood seedling. Photo by James D. Solomon, USDA

Forest Service.

Figure 29.8—Adqult of Paranthrene dollii. Photo

by James D. Solomon, USDA Forest Service, at http://www.

bugwood.org.
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P. dollii has one generation per year.
In the South, broods overlap, giving rise
to moth emergence from April to Novem-
ber; in the North, moths emerge mostly
during May and June.

Control

Prevention

Locate the nursery site 0.5 miles or
more away from naturally occurring or
planted poplars or willows to minimize
insect invasion. Establish the nursery with
uninfested cuttings or seedlings.

Cultural

Collect and promptly burn all branch,
terminal, and basal trimmings and culled
cuttings resulting from vegetative cutting
operations to destroy hibernating insects.

Infested stools serve as the principal
reinfestation reservoir for both P. scala-
tor (in roots) and P. dollii (root collar).
Therefore, dig and burn all sprout stools
at 3-year intervals and replant with borer-
free cuttings.

Chemical

The first application should be made
4 1o 6 days after the first adults appear
(about June 1 in Mississippi).
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30. Cottonwood Leat Beetle

Forrest L. Oliveria and James D. Solomon

Hosts

Eastern cottonwood is the major
host, particularly in the South, for the
cottonwood leaf beetle (Chrysomela
scripta). Poplars, willow, and alders are
also affected.

Distribution

The cottonwood leaf beetle occurs
throughout the United States but is most
numerous in the lower Mississippi River
Valley.

Damage

These beetles are serious defoliators
of cottonwoods, particularly in the South
and West. Continuing defoliation and
twig damage through the summer reduces
seedling growth and vigor. Lateral buds
sprout below the injured terminals and
grow rapidly, resulting in multiple-forked
tops. Stunted growth in nursery plantings
reduces cutting yield.

Diagnosis

Look for the sudden appearance of
ragged foliage near branch ends and
terminals (fig. 30.1). Some leaves will
have brown patches where young larvae
have skeletonized the leaves. Other leaves
will have only their veins and midribs
remaining. Heavy damage results in
dead, black terminals with most of the
leaf tissue consumed. Also look for black
droppings on leaves.

Egg clusters, gregariously feeding
larvae, and adult beetles are present on
the affected foliage. The lemon-yellow
eggs (fig. 30.2) are laid in clusters of 15
to 75 eggs on the underside of the leaves.
Larvae are blackish to gray and about
12 mm long when mature (fig. 30.3).

Figure 30.1—Damage to terminals and leaves of cottonwood caused by cottonwood leaf beetles. Photo by James

D. Solomon, USDA Forest Service, at http://www.bugwood.org.

Figure 30.2—~Lemon-yellow egg clusters of the
cottonwood leaf beetle. Photo by Whitney Cranshaw,
Colorado State University, at http://www.bugwood.org.

Figure 30.3—Larvae of the cottonwood leaf beetle.
Photo by James D. Solomon, USDA Forest Service, at http://
www.bugwood.org.
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Two whitish spots exist on the sides of
each segment. When disturbed, the larvae
release a pungent odor. Adults have a
wide variety of color markings. Beetles
are oval, yellow, and about 6 mm long,
with slender black markings on their
wingcovers (fig. 30.4). The head and
thorax are black and the thorax margins
are yellow or red.

Figure 30.4—Adult of the cottonwood leaf beetle.
Photo by Lacy L. Hyche, Auburn University, at http://www.
bugwood.org.

Figure 30.5—Pupae of the cottonwood leaf begtle.
Photo by James D. Solomon, USDA Forest Service, at http://
www.bugwood.org.
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Biology

The adults hibernate under bark, litter,
and forest debris. They emerge in early
spring and feed on unfolding leaves and
tender buds at twig tips. In a few days, the
female begins to lay eggs in clusters on
the underside of leaves.

When the eggs hatch, the larvae begin
to feed in groups on the underside of the
foliage. Older larvae often feed separately
and consume the entire leaf, except for
the larger veins.

The pupae (fig. 30.5) attach them-
selves to leaves and bark or to weeds and
grass beneath the trees.

Depending on latitude, two or more
generations may develop per year. In
Mississippi, a generation can develop in
35 days, and there may be up to seven
generations per year.

The spring generation of the leaf-
beetle may be greatly reduced by ladybird
beetles, Coleomegills maculate, which
feed on the eggs and pupae (fig. 30.6).
Several other species of lady beetles,
predaceous bugs, and two species of
parasites also destroy leaf beetle eggs and
larvae.

Figure 30.6—V-marked lady beetle feeding on
cottonwood leaf begtle egg cluster. Photo by James D.
Solomon, USDA Forest Service, at http://www.bugwood.org.

Control

Prevention

Use cottonwood clones that have
demonstrated tolerance to leaf beetle
defoliation.

Cultural

Employ sanitation practices in and
around nurseries to either destroy the
hibernating beetles directly or to expose
them to winter temperatures.

Chemical

Schedule insecticide applications be-
fore larvae enter the pupal stage; treating
seedlings at this time minimizes damage
to predator populations.
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31. Charcoal and Black Root Rots

Edward L. Barnard

Hosts

Charcoal root rot, caused by Mac-
rophomina phaseolina (syn. Sclerotium
bataticola), affects more than 300 plant
species worldwide, including monocots,
dicots, and gymnosperms. This disease
has been considered one of the most
serious diseases in conifer seedlings in
forest tree nurseries in the Southern and
Western United States. A closely related
black root rot in southern forest nurseries
has been attributed to M. phaseolina in
combination with pathogenic Fusarium
species and perhaps certain root parasitic
nematodes.

Distribution

M. phaseolina and charcoal root rot
occur in warm temperate and tropical
regions of both the Eastern and Western
Hemispheres. The pathogen is particular-
ly prevalent in arid and semiarid environs.
Black root rot has been described only in
forest nurseries in the Southern United
States, although Fusarium root rots and
nematodes are common throughout North
America (fig. 31.1).

Damage

Infections result in aboveground
symptoms, ranging (and progressing)
from damping-off of young seedlings,
to stunted growth, to off-color wilting
and reddening foliage, and eventual
older seedling death (fig. 31.2). Infected
seedlings are often irregularly distributed
in nursery seedbeds, occurring singly
or in clusters of a few to hundreds or
thousands of seedlings, depending upon
the distribution of infective inoculum in
seedbed soils and associated predisposing
stresses or cultural treatments (fig. 31.3).
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For example, it is not uncommon for
infection foci to be concentrated at the
ends of seedbeds or in seedbeds nearest
to unfumigated irrigation pipelines where
inoculum-laden soil may be mixed with
fumigated soil during seedbed tilling and
shaping operations. Also, charcoal root
rot often flares up after stress-inducing
cultural practices employed to improve

Figure 31.1—Pine seedbeds in a Texas nursery
severely affected by black root rot. Photo by Edward L.
Barnard, Florida Division of Forestry.

Figure 31.2—Seedbeds with slash pine infected
with Macrophomina phaseolina. Photo by Edward L.
Barnard, Florida Division of Forestry.

Figure 31.3—S/ash pine seedbeds infected with
Macrophomina phaseolina. Photo by Edward L. Barnard,
Florida Division of Forestry.

seedling quality, such as undercutting,
root wrenching, or withholding irrigation
to harden-off seedlings for lifting.

Diagnosis

Root systems infected by M. pha-
seolina exhibit varying degrees of root
discoloration and loss of fine feeder roots.
Swelling, blackening, and cracking of
infected cortical tissues may also occur,
especially in advanced stages of disease
development on taproots,
larger lateral roots, and
root collars (fig. 31.4). The
presence of tiny black micro-
sclerotia (50 to 200 microns)
of M. phaseolina within
and beneath cortical tissues
of infected roots and root
collars is common (fig. 31.5),
especially where such tissues
are moribund. M. phaseolina
pycnidia have been observed
on infected seedling stems, but
these asexual spore-producing
structures are far less common
than microsclerotia. Micro-
sclerotia and pycnidia may
be visible to the unaided eye
but are more readily observed
with a hand lens.

Figure 31.4—Pine seedling
exhibiting symptoms of black root
rot. Note swollen/darkened cortex
on taproot and lower stem. Photo
by Edward L. Barnard, Florida Division of
Forestry.
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Figure 31.5—Black microsclerotia of Macrophomina phaseolina on the surface of the xylem tissue beneath
the bark of an infected slash pine seealing. Photo by Edward L. Barnard, Florida Division of Forestry.

Biology

M. phaseolina is a high temperature,
soil-borne, facultative parasite possessing
a low competitive saprophytic ability;
that is, it is easily suppressed by the
activities of competitive, antagonistic, and
hyperparasitic soil microflora. In culture,
optimum temperatures between 30 and
37°C (86 and 99 °F) are common for
M. phaseolina isolates, and microsclerotia
of the pathogen have been reported to
survive soil temperatures in excess of
55 °C (131 °F). The fungus is capable
of surviving in soils for years in the
absence of a suitable host by means of
resistant, resting state microsclerotia.
However, survival of microsclerotia is
strongly influenced by interactions of soil
moisture and temperatures. Germination
of microsclerotia is stimulated by a variety
of organic substances, many of which
may be supplied by host root exudates.
Survival and activity of the pathogen in
soils is responsive to inorganic fertilizers
and organic soil amendments.

M. phaseolina is particularly aggres-
sive on hosts subjected to various physi-
ological stresses, particularly moisture
stress. Thus, root disease episodes tend
to peak late in the growing season when
(1) soil temperatures approach their
annual highs, (2) reduced rainfall and
irrigation result in dry soils and some-
times excessively moisture-stressed
seedlings, and (3) activity of beneficial
soil microflora is restricted due to eleva-
ted soil temperatures and reduced soil
moisture.

Control

Cultural

Several strategies are available to
minimize the occurrence of charcoal and
black root rots. Maintenance of adequate
levels of soil organic matter (at least
2 percent) is helpful. Doing so promotes
microbial activity, which may suppress
M. phaseolina, an organism possessing
low competitive saprophytic ability.
Avoid excessive applications of nitrogen

fertilizers in seedbeds, and favor nonhost
cover crops such as millet over known
hosts such as corn, peas, and sorghum.
Avoid unnecessary, late season seedling
stress because M. phaseolina is primarily
aggressive on injured, water-stressed
seedlings in warmer soils.

Chemical

Soil fumigation is recommended
where charcoal root rot is persistent and
problematic.
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32. Cylindrocladium Diseases

Edward L. Barnard and Jennifer Juzwik

Hosts

Nearly 50 species of the closely
related fungal genera Cylindrocladium
and Cylindrocladiella induce diseases of
various kinds on more than 130 genera
of plants and trees worldwide. Cylindro-
cladium species including C. scoparium,
C. floridanum, and C. parasiticum cause
diseases on a wide variety of forest
tree seedlings. Notable hosts in the
North Central and Northeastern United
States and Eastern Canada are red and
eastern white pine and black, red, and
white spruce. Highly susceptible hosts
in the South include black walnut,
yellow-poplar, sweetgum, eucalyptus,
and eastern white pine. Other species that
have been affected by Cylindrocladium
species include cherrybark oak, northern
red oak, flowering dogwood, and redbud
seedlings.

Distribution

Cylindrocladium diseases of forest
tree seedlings occur primarily in the
North Central, Northeastern, and South-
ern United States. These diseases also
occur in Ontario and Quebec, Canada. In
addition, a species of Cylindrocladium
has been isolated from soil samples in
Washington State.

Damage

Cylindrocladium diseases, especially

root infections, can cause significant seed-

ling mortality (up to 80 percent) in forest
nursery seedbeds and transplant beds
(figs. 32.1 and 32.2). Sublethal infections
may induce foliar chlorosis, stunting, or
top dieback, resulting in costly culling of

infected seedlings. Outplanting of nursery

stock with undetected Cylindrocladium
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infections may also result in significant
mortality within several years of planta-
tion establishment.

Diagnosis

Depending on specific host, pathogen,
and environmental combinations, Cylin-
drocladium species can cause pre- and
post-emergence damping-off, foliage blight,
stem lesions, and root rots. In northern
conifers, lesions often accompanied with
exuded resin masses may be visible on
infected roots before any foliar symptoms
are apparent. When the epidermis is re-
moved from affected roots, reddish-brown
cortical tissue can be seen. Advanced stage
root rot on conifers results in lateral and
primary root necrosis, often accompanied
by blackening and slipping of the root

Figure 32.1—Cylindrocladium root rot affected
black spruce in a northern bareroot nursery field. Photo
by Jennifer Juzwik, USDA Forest Service.

cortical tissues (fig. 32.3). Root rot on
hardwoods typically exhibits pronounced
blackening, often with distinct longitu-
dinal fissuring (fig. 32.4). Stem lesions
on infected eucalyptus seedlings are
frequently centered on leaf petioles, sug-
gesting that infections beginning as leaf
spots often progress to stems through the
petioles. Foliage blights on black spruce
and other conifers are characterized by
foliar chlorosis, reddening and browning,
necrosis, defoliation, and eventual seed-
ling mortality in severe cases. Abundant
asexual spores (conidia) may be produced
on infected plant parts when conditions
are suitable. Such fungal blooms often
appear as a white, powdery, or granular
covering or sheet.

Cylindrocladium species can be
isolated directly from diseased tissue,
indirectly from plant baits (for example,
alfalfa seedlings and azalea leaves)

Figure 32.2—~Bed of black walnut infected by
Cylindrocladium species. Photo by Charles E. Cordell,
USDA Forest Service.
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growing in or exposed to infested soil, or
indirectly from soil when microsclerotia
(groups of dark-colored, thick-walled
cells) are captured on fine-mesh sieves.
Once a Cylindrocladium has been iso-
lated, the identity of the species present
can be determined by microscopic ob-
servation of features of the asexual state.
Distinguishing features are the shape of
the terminal vesicle (swelling) of the co-
nidiophores (spore-producing structures)

Figure 32.3—~Root infection of black spruce seed-
ling by Cylindrocladium floridanum. Photo by Jennifer
Juzwik, USDA Forest Service.

and the size of the conidia (asexual
spores). C. parasiticum and C. floridanum
are characterized by spherical-shaped
vesicles compared with the ellipsoidal

to pear-shaped vesicles of C. scoparium.
The straight conidia of C. parasiticum are
larger (62 by 6 microns) than those of the
straight conidia of C. floridanum (40.0 by
3.5 microns) and the straight to slightly
curved conidia of C. scoparium (37 by

6 microns).

Figure 32.4— Symptomatic roots of yellow-poplar seedlings infected with Cylindrocladium species.

Photo by Charles E. Cordell, USDA Forest Service.
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Biology

Cylindrocladium species survive and
overwinter as microsclerotia in infected
plant tissues and infested soils. The
microsclerotia may persist in northern
nursery soils for more than 15 years.
Microsclerotia germinate and initiate new
infections when stimulated by host root
contact or exudates under suitable soil
conditions. During periods of excessive
moisture (humidity, rainfall, or overhead
irrigation) and suitable temperatures,
foliage and stem infections may develop
from airborne asexual or sexual spores
(conidia or ascospores, respectively).
Perithecia (up to 1 mm) are reddish,
enclosed structures of the sexual state
that are not particularly abundant. They
have been observed with C. parasiticum
infections and on containerized longleaf
pines infected with C. floridanum (sexual
state Calonectria kyotensis) in Florida
(fig. 32.5). Cylindrocladium species are
apparently tolerant of a wide pH range,

a reality that reduces the effectiveness of
certain cultural control measures.

Figure 32.5—Perithecia of Calonectria kyotensis,
the sexual state of Cylindrocladium floridanum,

on containerized longleaf pines. Photo by Edward L.
Barnard, Florida Division of Forestry.
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Control

Cultural

Delineate and avoid infested nursery
sites as much as possible. Restrict
infected stock movement (for example,
transplanting of susceptible stock within
the nursery). Avoid spread of infectious
propagules through movement of con-
taminated soil, equipment, or seedlings.
Reduce disease spread by pressure wash-
ing tires and tillage implements between
uses in Cylindrocladium disease-prone
and other nursery fields. Favor nonhost
cover crops such as corn and grasses
(for example, sorghum-sudangrass) as
opposed to known hosts such as soy-
beans, clover, and alfalfa in areas where
Cylindrocladium has been problematic.
Reduce the amount of organic substrate
for Cylindrocladium population buildup
by reducing sowing density and limiting
cover crop development prior to soil
incorporation. Maintain proper seedling
spacing to promote aeration and growth
while discouraging foliage and root
infection. Rogue and cull badly damaged
seedlings.

Chemical

Deep soil fumigation may be required
for highly susceptible deep-rooted hard-
woods including black walnut, yellow-
poplar, and sweetgum. In northern nurseries,
“preplant” soil fumigation is effective
in dramatically reducing soil fungus
populations and preventing the disease in
subsequent crops. Judicious fungicide use
may be helpful to prevent infections on
certain conifer, hardwood, and eucalyptus
species. Dipping transplant seedling roots
in a fungicide solution is an effective
control, but concerns regarding worker
exposure to the chemical are significant.
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33. Damping-Oft

Robert L. James

Hosts

Damping-off is a generic term that
refers to the disease and mortality of
recently germinated seeds and emerging
seedlings. Several fungi and Oomycetes
commonly cause damping-off in both
bareroot and container nurseries, includ-
ing Fusarium, Rhizoctonia, Phytophthora,
and Pythium species. Most conifer and
hardwood plant species are susceptible
to damping-off, although junipers are an
exception.

Distribution

Nurseries throughout tropical and
temperate areas are prone to damping-off
losses. Because damping-off is caused by
a variety of pathogenic organisms with
different environmental requirements,
most nurseries experience some level of
this disease.

Damage

Damping-off affects seeds and seed-
lings during germination and emergence.
Pre-emergence damping-oft occurs when
germinating seeds are affected before
their hypocotyls break through the soil
surface. Post-emergence damping-off
occurs shortly after seedling emergence
when tissues are still succulent. Infection
usually results in seed or seedling death.

Diagnosis

Losses from pre-emergence damping-
off are often subtle and difficult to detect.
Poor emergence in scattered pockets
within bareroot beds or few or no emerg-
ing seedlings within containers, however,
is a good indication that damping-off
has occurred. Hardwood and conifer
post-emergence damping-off symptoms

are different. Post-emergence damping-
off on hardwood seedlings appears as
necrotic areas at or below the groundline.
Infected seedlings wilt and die, but they
often remain upright. Dead seedlings are
brittle and break off easily just above the
groundline. Post-emergence damping-off
of conifers occurs between emergence
and primary needle development. Infec-
tions also occur at or slightly below the
groundline and result in water-soaked,
discolored (usually brownish) areas that
rapidly become sunken or constricted
(fig. 33.1). Affected seedlings fall over
(damp-off) (fig. 33.2). Seedlings that
have fallen over are often green distal to
the affected area until they dry out. The
specific pathogen causing damping-off
cannot be determined on the basis of
symptoms. Identification usually requires
infected tissue culturing and microscopic
examination of associated organisms.
Such identification is usually necessary
before specific control recommendations
can be made.

Biology

Most damping-off pathogens survive
in soil, within plant debris, or on seeds

Figure 33.1—=Conifer seedling with typical foliar
symptoms of post-emergence damping-off. Photo by
Robert L. James, USDA Forest Service.

(fig. 33.3), usually as viable dormant
spores. They tend to increase when
seedbeds are used continuously for
seedling production without fallowing or
preplanting soil fumigation. Damping-
off organisms are not necessarily very
aggressive pathogens. Pathogens may
cause serious damage, however, when
environmental conditions are conducive
to their proliferation, especially when
such conditions are detrimental to early
seedling establishment. The principal
environmental factors influencing disease
development are soil pH, moisture, nutri-
tion, and temperature; effects of these
factors vary with the predominant patho-
gen and seedling species. All damping-off
pathogens grow and reproduce best when
the soil or growth medium pH is above
the optimum for seedling growth. Cool,
wet conditions slow germination and
extend the time seeds and germinating
seedlings are exposed to pathogens,
increasing damping-off losses. Excessive
soil moisture at moderate temperature
favors Pythium and Phytophthora de-
velopment. Soil texture, organic amend-
ments, and nutrients can also influence
disease severity. Fine-textured soils with
high clay content retain water and warm

Figure 33.2—Newly emerged conifer seedling
killed by post-emergence aamping-off. Note
discolored, constricted area of stem just above the
groundline. Photo by Robert L. James, USDA Forest Service.
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Figure 33.3—Fungal growth on seedcoat attached
fo an emerging seedling is a sign of damping-off.
Photo by Robert L. James, USDA Forest Service.

slowly in the spring. Organic amend-
ments may improve soil drainage, but
may also provide substrates of potential
damping-off pathogens. Nitrogen fertiliz-
ers applied when seedlings are emerging
often increase seedling losses. Severe
damping-off in bareroot nurseries is
often associated with impeded surface or
subsurface soil drainage. Damping-off in
container nurseries is most often related
to container reuse and seed contamination
by potential pathogens.

Control

Cultural

Cultural practices can be modified to
remedy conditions conducive to damping-
off and can reduce potential damping-off
organism inoculum. Soil pH can be lowered
by adding sulfur compounds (granular
sulfur or ammonium sulfate) or inorganic
acids (sulfuric acid). Soil drainage can be
improved in bareroot nurseries by leveling
soil, installing subsurface drainage tiles,
and adjusting irrigation frequency—
which must be carefully controlled in
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container nurseries. Treating seeds and
reused containers to reduce contamination
by potential damping-off pathogens will
greatly reduce losses. Also, minimize
seed exposure to damping-off pathogens
by delaying sowing until soil temperatures
have risen to near optimum for rapid
germination.

Chemical

Soil fumigation is the most ef-
fective way to control damping-off
in bareroot nurseries. Soils should be
fumigated when temperature, moisture,
and physical condition are optimum for
proper fumigant distribution. Pathogen-
contaminated seeds should not be sown in
fumigated soil because potential pathogen
antagonists are usually eliminated by
fumigation. Soil fungicide drenches are
usually effective against damping-off in
both bareroot and container nurseries.
Pathogens causing disease, however,
must be correctly identified because many
modern fungicides are effective only
against certain groups of related fungi.
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34. Fusarium Root and Stem Diseases

Robert L. James

Hosts

Fusarium diseases are caused by
several Fusarium species, especially
F. oxysporum, F. proliferatum, F. solani,
and several species within the “roseum”
complex, including F. acuminatum,
F. avenaceum, F. sambucinum,
F. sporotrichioides, and F. equiseti.
Recent evidence indicates that some
highly virulent strains previously identi-
fied as F. oxysporum, should be classified
as F. commune. Although all conifer and
many hardwood species may be affected,
Douglas-fir, pines, larch, and true firs are
most susceptible to Fusarium diseases.
Spruce is often damaged less and species
of cedar and cypress are relatively resis-
tant to Fusarium diseases.

Distribution

Fusarium diseases are common
throughout North America and in many
temperate and tropical parts of the world.
They especially have been a problem in
Western Canada, and the North Central,
Southern, and Western United States.

Damage

Fusarium species cause seedling
root decay, stem cankers (including
hypocotyl rot), seed decay, and wilt of
some plant species within nurseries.
Infected seedlings are often killed or have
reduced growth and vigor. This pattern
often results in increased numbers of
culls and reduced survival after outplant-
ing. Mortality is more common during
the first growing season on bareroot
stock and toward the end of the growth
cycle on container seedlings. Losses
can vary greatly depending on nursery
management practices, seedling species,
seedlot, geographic area, soil type, and
environmental factors.

Diagnosis

Fusarium species cause a variety of
disease symptoms within nurseries. Root
disease usually results in primary and
secondary root decay. Affected root sys-
tems often look black and lack actively
growing root tips. The epidermis and
cortex can often be easily stripped away
from decayed roots. Aboveground root
disease symptoms include: yellowing of
foliage; needle tip and twig dieback; and
foliar, branch, and stem necrosis (figs.
34.1, 34.2, and 34.3). Some Fusarium
species also cause stem cankers either
just above the groundline or higher on
the main stem. Cankered seedlings often
display aboveground symptoms similar
to those of root-diseased seedlings.
Fusarium sporulation can often be found

on necrotic stem cankers or on seed coats

and appear as orange to yellow pustules

called sporodochia (fig. 34.4). F. oxyspo-

rum can also cause wilt of some nursery
seedlings, resulting in foliage chlorosis
and necrosis, and seedling tip and lateral
branch bending. Root necrosis is not as-
sociated with wilt-causing Fusarium.

Analysis by a specialist is needed to
identify Fusarium species. In a laboratory,
Fusarium can be isolated from infected
tissues or from soil using selective agar
media and the different species identified
by the unique fungal colony and repro-
ductive morphology characteristics. In

Figure 34.1—Severe mortality in bareroot
seedlings due to Fusarium root disease. Photo by
Robert L. James, USDA Forest Service.

Figure 34.2—True fir seedlings killed by Fusarium root disease. Note the random distribution of mortality.

Photo by Robert L. James, USDA Forest Service.

Forest Nursery Pests 117



Conifer and Hardwood Diseases

Figure 34.3—Containerized conifer seedlings with typical symptoms of Fusarium root disease. Photo by
Robert L. James, USDA Forest Service.

Macrocondia are multicelled, slightly curved,

and typically canoe-shaped (fig. 34.7).
Microconidia usually have one or two
cells, are ovoid or oblong, and borne in
masses or in chains. Macroconidia and
microconidia are formed within phialides
on condiophores. Chlamydospores com-
prise the major resting structures of many
Fusarium species. These chlamydospores
have thick cell walls and form within

Figure 34.4—Orange pustules of sporulating
Fusarium species on an infected seed. Photo by
Robert L. James, USDA Forest Service.

culture, the mycelium is extensive or ap-
pressed (pionnotal). Different Fusarium
species produce different pigments in
culture. For example, F. oxysporum and
F. proliferatum usually produce dense
white aerial mycelium and violet pigments
best seen through the bottom of culture
plates (fig. 34.5). Species in the “roseum”
complex may produce carmine red to
yellow mycelium and different intensities
of carmine pigmentation (fig. 34.6).

Four main spore types can be produced.

Figure 34.5—Violet pigment produced by
Fusarium oxysporum and F. proliferatum in culture.
Photo by Robert L. James, USDA Forest Service.
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plant substrates or macroconidia (fig. 34.8).
A few Fusarium species, such as F. oxy-
sporum, also produce long-lived resting
structures called sclerotia. These sclerotia
may remain viable within plant tissues or
soil for many years. Light is required for
some spore types to be produced.

Biology

Fusarium species have very wide host
ranges, including many agricultural and
natural plants and weeds. Host-specific
strains of some pathogenic species occur,
however. Fusarium strains can either
be pathogenic (capable of causing plant
disease symptoms) or saprophytic (not
causing symptoms). Pathogenic and
nonpathogenic strains are genetically
distinct, but often appear morphologically
identical. Fusarium species readily colo-
nize nursery soil and organic matter and
can remain dormant as chlamydospores
and sclerotia in the absence of susceptible
host plants. Diseased seedling roots
from previous crops and organic amend-
ments are major inoculum sources in
bareroot nurseries. Reused containers and
contaminated debris within greenhouse
interiors are important inoculum sources

Figure 34.6—Carmine pigment typical of species
in the Fusarium “roseum” complex in culture. Photo by
Robert L. James, USDA Forest Service.
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Figure 34.7—NMulticelled, canoe-shaped macroconidia typical of Fusarium species. Details of shape and
number of cells are among the characteristics used to identify Species. Photo by Robert L. James, USDA Forest Service.

Figure 34.8—Thick-walled chiamydospores can survive unfavorable conditions. Photo by Robert L. James, USDA
Forest Service.

in container operations. Many different
plant seeds may be contaminated with
Fusarium and may provide an important
pathogen introduction source for nurseries.
Chlamydospores germinate when root
exudates of susceptible host plants are
present and soil or greenhouse temperatures
are warm. During warm, moist conditions,
Fusarium grows on root surfaces, penetrates
the epidermis, and spreads throughout
root cortical tissues. Pathogenic strains
penetrate host vascular systems, initiating
disease symptoms. Some Fusarium
species also produce toxins that aid host
plant colonization and disease expression.
Secondary disease spread can occur from
aboveground inoculum (primarily macro-
conidia within sporodochia), especially on
container stock within greenhouses. After
the infected plants die and the fungus uses
all available plant substrate nutrients, resting
structures form and the cycle is repeated.
Although some Fusarium species period-
ically form perfect (sexual) states, these
spores are usually not as important in
disease epidemiology as the more common
asexual spores (macroconidia, microconidia,
and chlamydospores).

Control

Prevention

The most effective way to reduce
losses from Fusarium diseases is preven-
tion, primarily by reducing pathogen
inoculum levels within seedling growing
environments. Prevention methods
include treating seeds before sowing,
adequately cleaning reused containers,
cleaning greenhouse interiors between
seedling crops, using pathogen-free
growing media for container seedling pro-
duction, and periodic diseased seedling
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removal during crop production cycles.
Any seedling culls should not be added to
soil for organic matter or stored near seed
or transplant beds.

Cultural

Cover crops that control soil erosion
and increase soil organic matter usually
increase Fusarium populations after
incorporation into the soil. The cover
crop incorporated into the soil provides
organic matter that stimulates pathogen
population buildup. Leguminous cover
crops are especially conducive to Fu-
sarium level buildup. Fallowing fields for
at least 1 year before sowing seeds helps
reduce soilborne Fusarium populations.
Some composts have potential to reduce
Fusarium inoculum and subsequent seed-
ling diseases. Avoiding seedling stress is
important in reducing disease severity. It
is important to maintain proper irrigation
and balanced fertilization to avoid excess
nitrogen levels.

Chemical

Preplant soil fumigation is the
most common way to reduce Fusarium
populations and subsequent disease in
bareroot operations. Efficacy of particular
fumigants varies among nurseries and is
probably primarily related to soil char-
acteristics including texture, density, and
biological properties. Solarization (cover-
ing nursery soils with clear polyethylene
tarps) is fairly effective in reducing
Fusarium populations in some areas, but
has limited efficacy on more northern
sites. Commercial biological control
agents (primarily antagonistic fungi,
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actinomycetes and bacteria) are available
to help control Fusarium diseases. Their
efficacy varies; most tests have resulted
in disappointing disease control probably
because biological control agents were
not derived specifically from forest nur-
series. Chemical fungicide application as
a soil drench is usually ineffective after
diseased seedling symptoms become
evident, unless it is applied to reduce sec-
ondary disease spread from stem-colonizing
pathogens, particularly within greenhouses.
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35. Gray Mold

Diane L. Haase and Michael Taylor

Hosts

Gray mold is caused by the fungus
Botrytis cinerea. Hundreds of woody and
herbaceous species are affected. Spruce,
redwood, giant sequoia, hemlock, larch,
and Douglas-fir are all very susceptible.
Container seedlings, bareroot seedlings
grown at relatively high densities, and
seedlings with some dieback (lower
needle dieback or tissue damage caused
by frost or other factors) are especially
prone to infection.

Distribution

Botrytis cinerea is present in temper-
ate regions worldwide.

Damage

Botrytis primarily affects needle
tissue. Under heavy infection, it can pen-
etrate stem tissues and kill the seedling.
Roots tend to be unaffected while in the
bareroot bed or in a container; however,
after removal from the bed or container
and placement in storage, roots can also
be susceptible. Damage can occur in
patches or can cause significant mortality
in highly susceptible plants. Cold storage
(at or above 0 °C, 32 °F) for longer than
2 weeks increases the risk of gray mold
developing at damaging levels. Botrytis
growth is inhibited in freezer storage
(below 0 °C, 32 °F).

If less than 25 percent of the needles
are damaged and no damage is observed
on the stem, affected seedlings will often
survive and grow well after outplanting
where warmer, drier, aerated conditions
are inhospitable to the mold. Seedlings
with 25 to 75 percent needle loss and
no stem damage may also survive in
favorable outplanting environments but

could have stunted growth in the first

1 to 2 years because of the reduced
photosynthetic area. Seedlings with stem
damage or a musty or pungent odor,
regardless of the amount of gray mold
present, are likely compromised and
should be discarded.

Diagnosis

Symptoms usually occur in late summer
and early fall but can arise year-round
under favorable conditions in the nursery
or in storage. Botrytis appears as a grayish-
brown mold (mycelium), often on the
lowermost foliage (fig. 35.1). Development
of the mold leads to foliage discoloration
and death (fig. 35.2). Microscopic fruiting
bodies develop on infected seedlings and
release puffs of spores when agitated

Figure 35.1—Development of gray mold on lower
foliage of stored Douglas-fir seealings. Photo by Diane
L. Haase, USDA Forest Service.

(fig. 35.3). As the disease builds on dead
needle tissue, it can spread into healthy
shoots and into the stem, causing bark
sloughing, cankering, and girdling.

Biology

Botrytis is a common saprophyte in
forest nurseries. It can tolerate a wide
temperature range (0 to 26 °C, 32 to 78 °F)
with optimal development at 20 to 24 °C
(68 to 75 °F). Inoculum usually originates
from dead organic matter in or around the
nursery and from senescent needles on
the seedling shoot. Botrytis spores spread
by air, water, and insects and can build
to epidemic levels in a short time. The
spores require free water to germinate.
Under moist conditions, gray mold can
spread vegetatively throughout the shoot

Figure 35.2—~EXxtensive gray mold on foliage of
containerized Engelmann spruce seedling. Photo from
USDA Forest Service Archive, at http://www.bugwood.org.

Forest Nursery Pests 121



Conifer and Hardwood Diseases

Figure 35.3—Botrytis cinerea sporulating on Scots pine needles. Photo by Petr Kapitola, State Phytosanitary Adminis-

tration, Czechia, at http://www.bugwood.org.

and onto adjacent seedlings, especially
with dense foliage conditions (such as
tight spacing or after seedling canopy
closure in late summer). In storage, dark,
moist conditions and stagnant air further
favor gray mold development.

Control

Cultural

Gray mold is best controlled by mini-
mizing conditions that favor this disease.
It is essential to keep the seedling canopy
dry and well aerated. Humidity can be
controlled in greenhouses with proper
ventilation and spacing among plants.
Irrigation can be applied in early morning
to ensure foliage dries during the day.
Nursery sanitation is critical. Removal
of diseased seedlings and dead or dying
organic matter (culls, weeds, etc.) mini-
mizes sporulation of the pathogen. Stor-
age units should be kept clean, cool, and
well ventilated. In addition, minimizing
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cold storage duration and outplanting
seedlots with incipient molding as soon as
possible can greatly reduce or eliminate
the impact of gray mold.

Chemical

Many fungicides are effective in gray
mold control, most need direct contact
with the affected material. Few are
limited to use during specific life stages
of the plant or fungus. It is important
to rotate among at least three different
chemical families to reduce the risk of the
pathogen developing fungicide resistance.
In greenhouses, applications should begin
when the canopy closes and lower lying
foliage reduces drying and air circulation,
and should continue depending on species
susceptibility or disease incidence until
seedlings are hardened off. When applying
to dense foliage, irrigation pressure and
application rate should enable adequate
canopy penetration. Application intervals
should be 1 to 4 weeks, depending on

species susceptibility or disease incidence.
In bareroot nurseries, fungicides are applied
as a gray mold preventative for highly
susceptible species such as redwood or
sequoia; otherwise, applications are made
after the fungus is present, especially in
high-density crops.

Biological

Application of beneficial bacteria
(for example, Streptomyces griseoviridis)
or fungi (for example, Trichoderma or
Gliocladium species) have been shown
to suppress incidence of Botrytis in forest
nurseries.
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36. Nematodes

Stephen W. Fraedrich and Michelle M. Cram

Hosts

Seedlings of most tree species are suscep-
tible to damage caused by plant parasitic
nematodes. Some plant parasitic nematodes
have wide host ranges that may include
woody plants, cover crops, and weeds.
Other nematodes favor only certain plant
species. A large number of nematode
species have been found to damage
forest-tree seedling crops. Among the
most damaging nematodes are the stunt
nematodes (Tylenchorhynchus spp.), dag-
ger nematodes (Xiphinema spp.), needle
nematodes (Longidorus spp.), root-knot
nematodes (Meloidogyne spp.), pine cys-
toid nematodes (Meloidodera spp.), lance
nematodes (Hoplolaimus spp.), stubby-
root nematodes (Trichodorus spp.), and
lesion nematodes (Pratylenchus spp.).

Distribution

Plant parasitic nematodes can affect
forest-tree seedling production in all areas
of the United States. More nematode spe-
cies, however, occur in warmer regions,
and seedlings produced in the South are
more likely to be affected. Some nurseries
in the Midwestern and Pacific Northwest-
ern United States and Western Canada
have reported problems with several
nematode species, but documented cases
of damage are rare in nurseries located in
other areas of the western and northern
regions of the United States.

Damage

Plant parasitic nematodes feed directly
on seedling roots resulting in damage to
the root system. Nematode feeding can
reduce nutrient uptake, suppress root
elongation, and generally interfere with
the normal metabolic processes of seed-
lings. Wounds created by nematodes can

also serve as infection courts for fungal
pathogens that further debilitate roots.
Seedlings affected by nematodes lack
vigor and are usually stunted, although
even severely stunted seedlings will
often survive in seedbeds until they are
challenged with a period of soil moisture
stress. Stunting caused by nematodes
reduces seedling quality and can render
seedlings unsuitable as planting stock.
Seedlings are particularly vulnerable to
damage by nematodes during the weeks
that follow seed germination. Later in
the growing season, larger seedlings can
better withstand some nematode feeding
without noticeable effects.

Diagnosis

Nematode feeding produces various
symptoms in seedlings that can be
helpful in alerting nursery managers to
problems with nematodes, but correct
diagnosis requires nematode extraction
from soil and roots. Seedlings damaged
by nematodes exhibit stunting, and foli-
age may be reduced in size and appear
chlorotic (fig. 36.1). Seedling stunting
may not be uniform throughout fields
and can give fields a wavy appearance
(figs. 36.1 and 36.2). The root systems of
nematode-damaged seedlings are often
greatly reduced in size compared with

Figure 36.1—Chlorosis and stunting in slash pine seedlings caused by the stunt nematode (Tylenchorhynchus

claytoni). Photo by Michelle M. Cram, USDA Forest Service.

Figure 36.2—Stunting in loblolly pine seedlings caused by the needle nematode (Longidorus americanus).

Photo by Stephen W. Fraedrich, USDA Forest Service.
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undamaged, healthy seedlings (fig. 36.3).
Nematode species such as root-knot or
dagger nematodes may induce galls on
roots, but most nematodes produce no
such definitive symptoms. Less obvious
symptoms produced by nematodes can
include swelling of roots, lesions, or a
reduction in root elongation. Wounds
caused by nematodes may provide an
entry court for fungal pathogens resulting
in root rot and seedling wilting.

Cooperative extension offices, some
Federal agencies, and private companies
evaluate soil and plant samples for
plant parasitic nematodes. A variety of

techniques should be used to account for

ectoparasitic and endoparasitic nematodes.

Roots should be examined and sampled
for endoparasitic nematodes, such as lance
nematodes, and sedentary nematodes, such
as root-knot nematodes. Soil extraction
techniques with the Baermann funnel or
the centrifugal flotation methods are often
adequate for most ectoparasitic nematodes
that are less than 2 mm in length. These
extraction techniques may have to be
modified for larger nematodes, such as
needle nematodes, by using wider mesh
screens in the Baermann funnel method
or higher sugar concentrations in the
centrifugal flotation method.

Figure 36.3—Healthy loblolly pine seedlings (left), and seedlings exhibiting slight (center) and severe (right)
stunting caused by the stunt nematode (Tylenchorhynchus ewingi). Photo by Stephen W. Fraedrich, USDA Forest Service.
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Biology

Most plant parasitic nematodes are worm-
like for a least a part of their life cycle.
Their lengths generally range from 0.5

to 2.0 mm, although some species, such
as those in the genus Longidorus, can be
up to 11 mm in length. Nematodes with
sedentary stages, in which females attach
to roots and swell as they feed, ultimately
have a round to pear-shaped appearance.
Plant parasitic nematodes possess a hollow
stylet, which is used to puncture root cell
walls and suck the contents from cells
(fig. 36.4). Plant parasitic nematodes are
either ectoparasites that feed outside the
roots or endoparasites that burrow inside
the roots to feed. Nematodes have an egg
stage, and most go through four juvenile
stages before reaching the adult stage.
Usually, nematodes can complete their
life cycle in just 3 to 6 weeks under optimum
conditions, although some nematode spe-
cies require 1 year or more to complete a
life cycle. Nematodes are most common
in the upper 30 cm (12 in) of soil but can
occur deeper in soil. Some nematode spe-
cies can also migrate vertically through
the soil in response to temperature and
moisture fluctuations.

Control

Prevention

Movement of plant parasitic nematodes
by equipment is a primary way that infes-
tations spread. After a field is identified
as infested, restrict equipment movement
through the field or wash any nematode-
infested soil and debris off the equipment
before moving to uninfested fields.



Conifer and Hardwood Diseases

Figure 36.4—Needle nematode (Longidorus
americanus) head with long stylet. Photo by Michelle M.
Cram, USDA Forest Service.

Cultural

Crop rotations with nonhost crops can
prevent the buildup of plant parasitic
nematodes in nurseries. For instance,

the needle nematode, L. americanus,
feeds and reproduces on pines and oaks
but does not feed on grasses such as
sorghum-sudan and rye. In contrast, the
stunt nematodes have wide host ranges
that include pines, grasses, and legumes.
Pearl millet varieties have been identified
as nonhosts or poor hosts for many differ-
ent plant parasitic nematodes, including
species of root-knot, lesion, sting, and
needle, and stunt nematodes. Information

about the host range for individual nema-
tode species is necessary to effectively
use crop rotation.

The use of fallow can be an effective
strategy for controlling many nematode
species. Nematodes require host plants
for survival in fields, and maintaining
fallow fields can starve nematodes. This
technique requires controlling weeds that
might be hosts for the nematodes. Peri-
odic soil disking or tilling can also hasten
the decline of nematode populations in
fields. Nematodes that can live in soil for
extended periods without hosts, such as
the dagger nematode X. diversicaudatum,
are unlikely to be controlled by fallow or
crop rotations and may require chemical
controls.

Chemical

Broad-spectrum fumigants provide excel-
lent control of plant parasitic nematodes.
Fumigants are typically applied to the
upper 15 to 20 cm (6 to 8 in) of soil and
can significantly reduce nematode popu-
lations during the first year. However,
fumigation may not eliminate nematodes
in deeper soil layers, soil clods, or in
roots not penetrated by fumigants. In
addition, nematodes can be easily moved
from infested fields to fumigated fields
by equipment. Thus, nematode popula-
tions often rebound on seedling crops
after fumigation, making it necessary to
refumigate fields, rotate with nonhosts, or
fallow before the next seedling crop.
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37. Phytophthora Root Rot

Michelle M. Cram and Everett M. Hansen

Hosts

Phytophthora root rot occurs on a

broad range of conifers and hardwoods.
Tree species most often affected by
Phytophthora in forest nurseries include
black walnut, Fraser fir, Douglas-fir, and
red pine. Other Phytophthora hosts in
forest nurseries include species of true fir,
hemlock, larch, pine, spruce, white-cedar,
yew, oaks, birch, and American chestnut.
Species identified as highly tolerant of
Phytophthora include western redcedar,
western larch, lodgepole pine, ponderosa
pine, and Chinese chestnut.

Distribution

Phytophthora root rot is predominately

a problem in bareroot forest nurseries
throughout the United States. The disease
develops in nurseries where susceptible
seedlings are grown in saturated soils.
Damage by Phytophthora in bareroot for-
est nurseries occurs most often in low wet
areas or poorly drained areas (fig. 37.1).
Damage in container nurseries occurs
when container soil becomes contaminated
either by storing containers and potting
soil on infested ground or by irrigation
from infested water sources. Some common
Phytophthora species that cause root rot
and stem damage include P. cinnamomi,
P. citricola, P. cactorum, and P. drechsleri.
In the Pacific Northwest conifer seedlings
are also affected by P. sansomeana,

P. megasperma, P. pseudotsugae,

P. cryptogea, and P. gonapodyides.

Damage

Phytophthora root rot can extend to the
root collars and stems of susceptible
conifer and hardwood seedlings, affecting
seedling quality and mortality. Seedlings
lifted with an incipient Phytophthora
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Figure 37.1—Phytophthora root rot develops on seedlings in low wet and poorly drained areas. Photo by

Everett M. Hansen, Oregon State University.

infection on the root systems can result in
seedling losses in storage, transport, and
outplanting. Whole nursery fields of high-
ly susceptible hosts have been destroyed
due to infestation by Phytophthora.

Diagnosis

General aboveground symptoms of Phy-
tophthora root rot on seedlings include
chlorosis, stunting, wilting, and eventual
mortality (fig. 37.2). The disease usually
occurs in patches as infection spreads
from seedling to seedling. The cambium
tissue of infected conifers turns a reddish-
brown or butterscotch color at the root
collar and in the primary and lateral roots
(fig. 37.3). Fine feeder roots infected by
Phytophthora are often black, decayed, or
missing.

Black walnut is the hardwood species
most susceptible to Phytophthora root
rot. Black walnut infected tissue becomes
black, soft, and water-soaked at the

root collar, extending into the stem and
primary root (fig. 37.4). Oak and chestnut

seedlings have similar damage patterns,
but the infected tissue is brown or tan.

Positive identification of Phytophthora
infection requires using the services of
a pathologist or commercially available
test kits. Diagnostic kits for Phytophthora
provide a quick identification in the field.

Figure 37.2—Symptoms of Phytophthora root rot
in a black walnut bed. Photo by Michelle M. Cram, USDA
Forest Service.
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Figure 37.3—~Red-brown or butterscotch colored
cambium tissue of a Douglas-fir seedling infected
by Phytophthora. Photo by Everett M. Hansen, Oregon State
University.

Accuracy of these tests is high, but false
negatives and positives for Phytophthora
can occur. To increase test accuracy, take
multiple samples and use the diseased
tissue along the leading infection edge to
avoid secondary organisms that invade
dead tissue. Pathologists can provide a
very accurate Phytophthora species iden-
tification with the use of selective culture
media; however, laboratory isolation
techniques require more time.

Biology

Phytophthora species produce motile

spores (zoospores) in sporangia (fig. 37.5)

that can swim up to several hours in
saturated soil or flowing water before
infecting roots or root collars. These
motile spores can be produced under wet
conditions within 24 hours. Seedlings

Figure 37.4—>Blackened and water-soaked tissue of
black walnut infected by Phytophthora. Photo by Michelle
M. Cram, USDA Forest Service.

Figure 37.5—Sporangium and zoospores of
Phytophthora. Photo by Michelle M. Cram, USDA Forest
Service.

growing in flooded or saturated soil are
further predisposed to infection from
damage created by oxygen deficiency.
Phytophthora species can survive dry
conditions and temperature extremes by
forming resting structures (chlamydospores
and oospores) in damaged plants or soil.
These resting structures will remain dor-
mant until activated by high soil moisture.

Control

Prevention

Select nursery fields with well-drained
soils. Maintain good drainage by avoiding
compaction and promptly fixing leaking
irrigation pipes and sprinkler heads.
Avoid transplanting seedlings from
infested to disease-free nurseries or fields.
Do not use diseased trees as mulch and
avoid moving equipment from infested to
uninfested areas. Use Phytophthora-free
water sources, such as well water, if
possible. Irrigation water from sources
that include surface runoff may have
Phytophthora contamination and require
chlorination before use.

Cultural

Reduce potential for saturated soil by
improving soil surface and subsurface
drainage. Drainage can be improved by
building raised nursery beds or installing
underground drain tile systems and drain-
age ditches. Correct compacted soils by
deep ripping or chiseling. After seedbeds
are sown, wrenching can help reduce com-
paction. Prevent overwatering by moni-
toring soil moisture and irrigation output.

Patches or small areas of seedlings with
Phytophthora root rot should be lifted
separately from the noninfested areas
and destroyed. Any equipment used in
infested areas must be cleaned of soil
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and plant debris before being used again.
When possible, avoid moving equipment
through areas affected by Phytophthora,
or work in infested areas last and clean
the equipment before moving to another
field. Losses to Phytophthora root rot
during storage and outplanting can be
reduced by not lifting seedlings in infested
zones and culling seedlings that appear
diseased.

In container operations, avoid Phytoph-
thora contamination by irrigating with
uninfested water and keeping containers
and soil off the ground. Use a potting
mix that is highly porous and avoid soil
compaction in the containers.

Chemical

Fumigation significantly reduces
Phytophthora populations in the soil,
although it is less effective in poorly
drained soils where Phytophthora is most
likely to be a problem. Systemic fungi-
cide use may also be required to control
Phytophthora root rot development,
especially with susceptible seedlings in
nurseries affected by this pathogen in
the past. Fungicides are more effective
if applied prior to infection and can be
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used to reduce disease progression in

an infested field. They seldom eradicate
an established infection, and may make
diagnosis more difficult by temporarily
limiting symptom expression on already
infected seedlings. Rotate between differ-
ent chemical families to avoid develop-
ment of resistant strains of Phytophthora
to systemic fungicides.
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38. Pythium Root Rot

Jerry E. Weiland

Hosts

Pythium root rot, caused by various
Pythium species, affects a wide range of
hosts, including most conifer and hardwood
seedlings. The most common species
identified as causing damage are P. apha-
nidermatum, P. irregulare, P. mamillatum,
P. splendens, P. sylvaticum, and P. ultimum.

Distribution

Pythium species are present in agricultural
and nursery soils throughout the United
States and Canada.

Damage

Aboveground symptoms include leaf or
needle chlorosis, stunting, and seedling
death. In some cases, new growth may
wilt and form a shepherd’s crook before
ultimately dying (fig. 38.1). Belowground,
roots are stunted with few lateral and
feeder roots (fig. 38.2). Damage is often
limited to fine roots, although in severe
cases necrosis may extend into older root
tissues.

Diagnosis

Look for patches of dead or dying
seedlings in nursery beds, particularly in
low-lying areas where water accumulates
(fig. 38.3). Seedlings may pull easily from
the ground as the root system deteriorates.
The remaining roots are brown or black
and often lack healthy, white root tips.
Frequently, the cortical tissue is easily
slipped off the root, which leaves a white
cylinder of xylem (fig. 38.4).

Diagnosis is confirmed through
isolation of the pathogen into culture.
Alternatively, ELISA (Enzyme-linked
immunosorbent assay) test kits, which

Figure 38.1—Shepherd’s crook on seedling killed by Pythium species. Photo by Jerry E. Weiland, USDA Agricultural

Research Service.

use specific antibodies to detect Pythium
species, are available and provide quick
results in the field. Pythium species,
grow readily from freshly killed root
tips. Cultures are white and fast-growing
with relatively large, coenocytic hyphae.
Identification is based on microscopic
features or DNA (Deoxyribonucleic acid)

analysis. However, fast-growing Pythium
cultures can mask the presence of slower-
growing pathogens such as Fusarium or
Phytophthora species, which also cause
root rot. Therefore, the appropriate selec-
tion of isolation media is often required
for proper diagnosis.
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Figure 38.2—Five-week-old seedlings: Three healthy seedlings on left with a long, central root and lateral
roots beginning to form. Three seedlings on right infected with Pythium ultimum and showing stunted root and
shoot formation. Photo by Jerry E. Weiland, USDA Agricultural Research Service.

Samples should be collected as soon as
possible after symptoms are noticed.
Entire plants, including the root system,
should be dug, gently shaken to remove
excess soil, and then kept cool and moist
until the diagnosis can be performed. A
collection of seedlings with a range of
symptoms is ideal for analysis. Avoid
collecting seedlings, however, which
have been dead for an extensive period
of time because secondary, saprophytic

fungi quickly colonize freshly killed plant

tissue and can make pathogen isolation
difficult.

Biology

Pythium species survive in the soil and
crop debris primarily as thick-walled
oospores. Root and seed exudates stimu-
late the oospores to germinate. Hyphae
then grow through the soil and directly
infect host roots. Fine roots, or roots
damaged during planting or weeding, are
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particularly susceptible. Sporangia are
formed where excess moisture is present.
Sporangia produce motile spores (zoo-
spores) that swim to the host plant, then
attach, encyst, germinate, and infect the
root or seed. Excess moisture also allows
exudates to travel further in the soil and

may stimulate spore production. Pythium
species are spread through the movement
of infested soil or infected plant material

and by water splash, runoff, and contami-
nated irrigation water.

Control

Cultural

Avoid poorly drained soils and low-lying
areas that collect water. Do not overwater
and install drainage as necessary. Water
from recycling ponds should be filtered or
treated before reapplication. Avoid exces-
sive fertilization and overcrowding. These
conditions promote succulent growth that
is susceptible to infection.

Rotation to bare fallow during the sum-
mer months can significantly reduce Py-
thium populations. Start with clean stock
and avoid replanting newly fumigated
fields with heavily infested stock mate-
rial. In container production systems, start
with pathogen-free media or pasteurized
soil and use clean, disinfested pots.

Figure 38.3—Pythium root rot in low-lying area next to leaky irrigation line. Photo by Jerry E. Weiland, USDA

Agricultural Research Service.
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Figure 38.4—Root cortex of a diseased seedling
easily slips and reveals a white cylinder of xylem
underneath (arrows). Photo by Jerry E. Weiland, USDA
Agricultural Research Service.

Chemical

Management with fungicides requires

an accurate diagnosis. Pythium species
are oomycetes and many fungicides

are ineffective against these particular
pathogens; therefore, make sure to select
fungicides that target oomycetes. Rotate
fungicide use according to mode of action
to prevent resistant Pythium strains from
developing. Application is achieved
through soil drenches or by incorporating
granular or wettable powder formulations
directly into the soil. Fungicides are best
used as a preventative. After seedlings
have become infected, fungicides rarely
function effectively as a curative treatment.

Fumigation continues to be the most viable
method for large-scale disinfestation of
field soils. When applied properly, low
permeability plastic films (totally imperme-
able film, TIF) cause fumigants to be
retained in the soil for longer periods of
time. This may enable nursery managers
to reduce fumigant rates while maintain-
ing the same level of disease control
observed under conventional rates of
application.
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39. Seed Fungi

Stephen W. Fraedrich and Michelle M. Cram

Hosts

Seedborne fungi can potentially affect
seed quality of any forest tree species.
Some seedborne fungi are saprophytes
and have no affect on seed quality, but
others are pathogenic and can cause
germination failure or seedling diseases.
The best known and most studied seed-
borne fungi are those that affect conifer
species. Diplodia pinea, Lasiodiplodia
theobromae, Sirococcus conigenus, and
Fusarium species such as F. circinatum
and F. oxysporum are pathogenic fungi
routinely associated with conifer seeds.
The dogwood anthracnose pathogen,
Discula destructiva has been found on
dogwood seeds. Other species in genera
such as Pencillium, Aspergillus, Pestalo-
tia, Trichoderma, Mucor, and Rhizopus
are associated with various tree seeds,
although their role in seed deterioration
and quality is often not clear.

Distribution

Seedborne fungi are widely associated
with forest tree seeds in all regions of the
United States. Specific fungi, however,
can be limited in their range because of
climatic conditions and host type. For
example, F. circinatum (pitch canker
fungus) has been associated with south-
ern pine and Monterey pine seeds in
California maritime areas. In contrast,

S. conigenus and C. fulgens are only asso-
ciated with conifer seeds in the Northern
United States.

Damage

Some seedborne fungal pathogens primar-
ily cause disease in seeds and appear to
have little-to-no effects on other develop-
mental stages of trees. These pathogenic

132 Forest Nursery Pests

fungi infect the internal tissue of seeds,
destroying the embryo and endosperm or
gametophyte tissue (figs. 39.1 and 39.2).
Examples include L. theobromae, which
destroys slash pine seeds in the Southern
United States, and C. filgens, which
affects seed quality of conifers in Canada
and the Northern United States. In con-
trast, there are several notable conifer
pathogens found on seeds that may have
little effect until after seed germination,
when they can cause damping-off, root
rot, and seedling blight (fig. 39.3). These
pathogens frequently reside on or in the
seedcoat and initially cause little damage
to the seeds. Occasionally, seedborne
pathogens will infect the cotyledons

of developing seedlings that have the
seedcoat still attached (fig. 39.4). Some
pathogens of this type can have severe
economic and ecological consequences if
they are introduced into regions of

the world where they are not native.
These pathogens include D. pinea (syn.
Sphaeropsis sapinea), S. conigenus,

F. circinatum, and F. oxysporum.

Figure 39.1—Hyphae of a fungus on the seedcoat of
a contaminated pine seed after incubation in the labo-
ratory. Photo by Stephen W. Fraedrich, USDA Forest Service.

Figure 39.2—Black seed rot of slash pine caused
by Lasiodiplodia theobromag. Photo by Stephen W.
Fraedrich, USDA Forest Service.

Figure 39.3—NMortality of longleaf pine seedlings caused by the pitch canker fungus (Fusarium circinatum)
that was associated with contaminated seed sources. Photo by Stephen W. Fraedrich, USDA Forest Service.
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Seedborne fungi such as Penicillium,
Aspergillus, Mucor, and Rhizopus are
often regarded as saprophytes, and their
association with seeds is usually an indi-
cation of poor seed quality. These fungi
often colonize seeds as a result of physi-
cal damage or adverse environmental
conditions such as high temperatures or
moisture conditions that may affect seeds
during collection, extraction, and storage.

Other fungi such as S. conigenus, F. cir-
cinatum, and D. pinea are seedborne
pathogens capable of causing other
diseases such as stem cankers and shoot
dieback. S. conigenus becomes estab-
lished in seedlots when older cones are
inadvertently included in the cone harvest.
The conditions that favor this pathogen’s
establishment in seeds include high hu-
midity, low light, and cool temperatures
ranging from 10 to 20 °C (50 to 68 °F).
Seed contamination levels by Fusarium
species can vary by collection date and
by orchard. Fresh wounds are known to
provide infection courts for F. circinatum
and various agents can wound reproduc-
tive structures, including insects, high
wind, hail, and cone handling practices.
Seed contamination by F. circinatum can
also vary greatly among clones in seed
orchards. Cones from clones that are
highly susceptible to pitch canker tend to

have greater levels of seed contamination.

These diseased cones can contaminate
the cones and seeds from less susceptible
clones when they are included in bulk
collections. Not all Fusarium species are
pathogenic to tree seeds and isolates of
some species (for example, F. oxyspo-
rum) can vary greatly in pathogenicity.
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Control

Prevention

Proper cone and seed collection, storage,
and extraction techniques are essential to
seed disease prevention. Some seedborne
diseases can be prevented by not collect-
ing old cones or cones that have been

in contact with the ground for extended
periods. The potential for seed diseases
can also be reduced by collecting mature
cones with a specific gravity less than
0.89 and storing them in dry, aerated
conditions. Avoid collecting diseased and
damaged cones, or sowing highly infested
seedlots.

Cultural

Collecting seeds by clone may help

to reduce the incidence of seedborne
contamination in clones unaffected by
the disease. Mechanical seed treatments,
such as specific gravity tables and the IDS
(Incubation Drying Separation) system,
can be used to remove fungus-damaged
seeds from seedlots. Avoid damaging
seeds during cleaning, dewinging, and
treatment. Seed treatments such as water
rinses and heat treatments have been
shown to control some seedborne patho-
gens without deleterious effects on seed
germination. Although these treatments
may reduce the incidence of seedborne
fungi, they may not be as effective as
some chemical seed treatments.

Chemical

Seed treatments primarily reduce or
remove pathogens from the seed coat.
Nurseries commonly use labeled fungi-
cides, and in some cases disinfectants,

as seed treatments. Seed treatments can
have a negative effect on germination
and should be applied with caution to
avoid unnecessary damage. Disinfectants
such as sodium hypochlorite, hydrogen
peroxide, and hydrogen dioxide can be
used to reduce fungal contamination and
improve seed germination. Hydrogen per-
oxide has long been known to eliminate
seedborne mycoflora and stimulate seed
germination.
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40. Sudden Oak Death

Gary Chastagner, Marianne Elliott, and Kathleen McKeever

Hosts

The exotic, federally quarantined plant
pathogen Phytophthora ramorum causes
Sudden Oak Death (fig. 40.1) and ramo-
rum shoot or leaf blight on more than 100
hosts from 36 different families. Hosts
include a number of conifers, maples,
tanoak, beech, and oak species (table 40.1).
Although some hosts, such as oak and
tanoak, develop stem cankers, most hosts
only develop leaf spots and twig dieback
when infected by P. ramorum, and are
not usually killed by the pathogen. These
diseases are commonly referred to as
ramorum blight or dieback. In addition to
hosts that have been naturally infected in
the field, laboratory research indicates that
a number of conifers, particularly many
true firs and larch, may also be potential
pathogen hosts.

Distribution

Naturally infected hosts have been
reported in forests and landscapes in Cali-
fornia and southwestern Oregon coastal
areas. Infected ornamental nursery stock,
has been detected throughout the United
States and British Columbia, Canada.
Despite efforts to eradicate the pathogen
from nurseries, the pathogen has spread to
waterways and plants outside of infected
nurseries at a limited number of sites. The
distribution of this disease is expected to
increase over time.

Damage

Depending on the host species affected,
P. ramorum may cause leaf spots, shoot
blight, leaf and twig dieback, and outright
tree mortality from stem cankers. Besides
the direct damage this pathogen may cause,
Federal and State regulatory actions asso-
ciated with the detection of infected host

Figure 40.1—Tanoaks killed by Phytophthora ramorum /n a California forest. Photo by Gary Chastagner, Washington

State University.

Table 40.1—Partial list of forest tree species that are hosts of Phytophthora ramorum.

Name
Tanoak

Species

Notholithocarpus densiflorus

Symptom type
Stem and foliage

Coast live oak Quercus agrifolia Stem
California black oak Quercus kelloggii Stem
Shreve’s oak Quercus parvula var. shrevei Stem
Canyon live oak Quercus chrysolepis Stem

Douglas-fir Pseudotsuga menziesii Foliage, stem, and shoot dieback
Grand fir Abies grandis Foliage and shoot dieback

White fir Abies concolor Foliage and shoot dieback
California red fir Abies magnifica Foliage and shoot dieback

Coast redwood Sequoia sempervirens Foliage

European yew Taxus baccata Foliage

Pacific yew

Taxus brevifolia

Stem, foliage, and shoot dieback

California nutmeg

Torreya californica

Foliage and shoot dieback

Japanese larch Larix kaempferi Stem, foliage, and shoot dieback
Western hemlock Tsuga heterophylla Stem, foliage, and shoot dieback
California bay laurel Umbellularia californica Foliage

Pacific madrone Arbutus menziesii Foliage

Horse chestnut Aesculus hippocastanum Stem

Oregon ash Fraxinus latifolia Foliage

Bigleaf maple Acer macrophyllum Foliage
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material have the potential for significant
economic losses to individual nurseries
and the forest nursery industry.

Diagnosis

Symptoms caused by P. ramorum on
conifer hosts look much like injury from
a late frost or Botrytis tip blight. Initial
infections occur on new growth in spring,
and during bud break and shoot elonga-
tion periods. After the initial infection,
the pathogen causes the emerging shoot
to wilt (fig. 40.2). The pathogen may con-
tinue to spread down the shoots, resulting
in dieback. Dieback extent varies by
host, when the infection occurs, and en-
vironmental conditions. When shoots are
infected just after bud break, the pathogen
commonly grows down the shoot into the
previous year’s growth. Often the needles
on the previous year’s growth are shed

as the pathogen grows down the shoot,
resulting in dead twigs with tufts of dead

Figure 40.2—Tip dieback of Douglas-fir caused
by Phytophthora ramorum in a California Christmas
free plantation. Photo by Gary Chastagner, Washington State
University.
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terminal needles (fig. 40.3). If infection
occurs later during shoot elongation, the
pathogen may only cause a dieback of the
newly developing shoot. Repeated infec-
tion may kill seedlings and saplings or
greatly alter young tree growth and form.
On conifer nursery stock, where shoot
elongation often occurs throughout the
growing season, it is likely that P. ramorum
infections are not limited to the spring.
Symptoms on hosts other than conifers can
vary greatly, from leaf spots to mature
tree death.

Phytophthora species produce no easily
recognizable fruiting bodies or spores on
infected tissue, and diagnosis can be con-
firmed only through isolating the organism
into pure culture. Because P. ramorum
causes symptoms similar to those caused
by other plant pathogens and abiotic con-
ditions, samples must be sent to a lab for
diagnosis. Selective media are often used
in attempts to isolate the pathogen from

Figure 40.3—Tip dieback of grand fir caused by
Phytophthora ramorum in a California Christmas
tree plantation. Photo was taken in May shortly after
infection following spring rainstorms. Photo by Gary
Chastagner, Washington State University.

infected tissues. P. ramorum produces
copious amounts of chlamydospores in
culture (fig. 40.4). Phytophthora species
identification is usually left to specialists.
Polymerase chain reaction (PCR) molecular
tests are often used to confirm P. ramorum
presence in samples.

Biology

During wet periods, P. ramorum pro-
duces copious amounts of sporangia and
zoospores from spots on infected leaves
of epidemiologically important (spore-
producing) hosts such as California bay
laurel (fig. 40.5). The spores are then
carried by wind-driven rain to the foliage
and bark of other susceptible hosts.
Research on Christmas tree varieties

in California shows that fairly high
inoculum (spores) levels are necessary
for Douglas-fir infection, and that little
infection risk exists for trees located 5 to
8 m (16 to 26 ft) away from infected, epi-
demiologically important hosts. Recent
observation and research in the United
Kingdom indicates that infected Japanese
larch support high foliar sporulation
levels, unlike Douglas-fir and grand fir,
which are most likely epidemiologically
unimportant because inoculum is not
produced on infected tissues. In addition
to its natural dispersal, P. ramorum can
also be spread via contaminated irrigation
water and the movement of contaminated
soil and infected plants.

This pathogen grows between 2 and 28 °C
(35 and 82 °F), with optimum growth at
20 °C (68 °F). Hyphae can survive short
time periods at temperatures as low as
-5°C (23 °F) and as high as 30 °C (86 °F).
Chlamydospores embedded in host tissue
can survive temperature extremes from
-10 to 35 °C (14 to 95 °F) for up to 1 week.
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Figure 40.4—Chlamydospores and hyphae of
Phytophthora ramorum as seen in culture. Photo by
Marianne Elliott, Washington State University.

In water, zoospore release from sporangia
is stimulated by exposure to low tempera-
tures around 4 °C (39 °F), and direct
sporangia germination occurs at higher
temperatures.

Control

Prevention

Although the risk of P. ramorum develop-
ing on conifer nursery stock is unclear,
excluding the pathogen from the nursery
is the single most effective way to reduce
risks. Do not transplant seedlings from
infested nurseries into disease-free ones.
In infested areas, a seedling in close prox-
imity to a spore-producing host has an
increased P. ramorum infection risk. In
these areas, nursery perimeters should be
inspected for the presence of inoculum-
producing hosts that could potentially
serve as an inoculum source. Inform
crews about P. ramorum implications on
nursery stock and sanitation practices that
reduce pathogen transfer when working

Figure 40.5—Tips of California bay laurel leaves
infected with Phytophthora ramorum. This host

is responsible for much of the disease spread in
California forests. Photo by Kathy Riley, Washington State
University.

in infested areas. Avoid equipment and
crew movement between infested and
noninfested areas. Scrape, brush, and
hose off accumulated soil and mud from
clothing, gloves, boots, and shoes and
sanitize these items with a disinfectant.

Cultural

Remove potential landscape hosts that are
located within 10 m (33 ft) of the nursery
site. Don’t irrigate crops with water

from streams or ponds potentially con-
taminated with the pathogen unless the
water has been treated. Several methods
for treating Phytophthora-infested water
can be employed, which include adding
chemicals such as chlorine to the water
and filtrating the water.

Chemical

Several fungicides are registered for

P. ramorum control in nurseries. Soil
fumigation is an effective treatment for
soil infested with chlamydospores.
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e
41. Yellows or Chlorosis

Tom Starkey

Revised from chapter by Samuel J. Rowan, 1989.

Hosts

All green plants are susceptible to foliage

yellowing or chlorosis.

Distribution

Seedling foliage chlorosis occurs
throughout the temperate regions of the
world.

Damage

The term yellows, or chlorosis, describes
a generalized yellowing or bleaching of
foliage due to a lack of chlorophyll. The
destruction or reduced synthesis of chlo-
rophyll may be caused by any number
of biotic or abiotic agents. Chlorosis, for
a brief period, may cause slight growth
reductions. If chlorosis persists over an
extended period of time, however, plant
mortality may occur.

Diagnosis

Chlorosis of seedlings may be caused
by one or a combination of biotic and
abiotic factors, which requires a diag-
nostic procedure that involves a process
of elimination. Look for standing water,
insects, heat or cold injury, and fungal
disease symptoms. Foliar and soil analy-
sis will aid in pinpointing any nutritional

deficiencies, excesses, and problems with

soil pH or nematodes.

Biology

A number of factors cause the symptom

called yellows or chlorosis. The following

list includes some of the factors.
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Most Common

. Nutrient imbalance is a deficiency (or

excess) of elements essential to plants
such as iron, nitrogen, phosphorus,
potassium, and calcium, along with
minor elements such as magnesium,
manganese, zinc, boron, copper,
molybdenum, and sulfur. Nutrient
deficiency is generally tied to either
high or low soil pH (fig. 41.1).
Probably the most common form of
chlorosis is called iron chlorosis. Iron
chlorosis results when seedlings are
unable to obtain iron needed for the
production of chlorophyll. In conifers,
chlorosis is observed as an overall
yellowing of needles. In mild cases,

the younger needles are most affected.

In more severe cases, the whole plant
may become chlorotic. In hardwoods,
the primary symptom is interveinal
chlorosis (fig. 41.2)—observable as
brown spots that develop between

the main leaf veins. Iron chlorosis

generally begins on the newer growth
at the branch tips. If not corrected, the
leaves may curl, dry up, and drop off.

. Adverse environmental conditions

or factors that can cause chlorosis
include extreme temperatures and
either excess or inadequate soil drain-
age. Cold temperatures, for example,
are often associated with pigment
synthesis other than chlorophyll,
leading to red, purple, or yellow
seedlings. Seedling color may return
to a normal green when conditions
improve as long as these are short-
term environmental stresses.

. Parasitic fungi, bacteria, and nema-

todes cause root, stem, or foliage dis-
case. These pathogens are commonly
associated with chlorotic seedlings. In
most cases, roots are destroyed, thereby
limiting the seedlings’ ability to take
up essential elements (fig. 41.3).

Figure 41.1—~Chlorosis caused by nutrient deficiency in a southern pine nursery. Photo by David B. South,
Auburn University.
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Figure 41.2—nterveinal chlorosis of red maple
caused by iron deficiency. Photo by John Ruter, University
of Georgia, at http://www.bugwood.org.

Least Common

1. Toxic concentrations of herbicides,
fungicides, nematicides, insecticides,
and other compounds used in nurseries.

2. Feeding by insects and mites, such
as red spider mites on coniferous
seedlings.

3. Certain viruses and mycoplasmas
that primarily affect hardwood tree
species.

4. Genetic abnormalities, which result
in the loss of ability to synthesize
chlorophyll. Albinism is the most
common genetic abnormality as-
sociated with chlorotic forest tree
seedlings. These seedlings generally
do not survive much past the germina-
tion phase.

5. Soils high in soluble salts.

Control

Cultural

Adjust soil pH to between 5.0 and 6.0
by either adding lime to raise the pH
or ammonium sulfate (or other sulfur

compounds) to lower the soil pH. Adjust
nutrient deficiencies by applying the
required mineral element(s) to the foliage
or soil. Reduce the effects of air and soil
temperatures by mulching, shading, and
irrigating seedbeds. Ensure the nursery
beds drain properly to eliminate excess
soil water.

Chemical

Root diseases and nematodes can be
controlled by soil fumigation prior to
sowing. Use deep shank injection of soil
fumigants to provide better control of
persistent nematode problems. Foliage
and stem pathogens can be controlled
with fungicidal foliar sprays. Insects and
mites can be controlled with insecticides.
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42. Aphids

Art Antonelli

Revised from chapter by Michael D. Connor and William M. Hoffard, 1989.

Hosts

Seedlings of all tree species are subject to
attack by one or more species of aphids.
Species of the genus Cinara, which attack
conifers, are probably the most important
of the seedling-infesting aphids.

Distribution

Aphids occur throughout North America.
There are approximately 1,380 species in
277 genera.

Damage

Aphids feed on plant sap, causing a
general weakening in the area of feeding.
Heavy feeding may result in branch
dieback or the death of seedlings. Aphids
may also spread pathogenic viruses dur-
ing feeding. When this occurs, damage to
plants can be substantial.

Diagnosis

Aphids attack all types of seedling tissues
(roots, stems, and foliage). Look for
symptoms such as yellowing of foliage,
curling of leaves, branch deformities, and
galls. Aphids excrete a sugary substance
called honeydew. A fungus, called sooty
mold, often grows on the honeydew and
makes the foliage appear black. Ants are
often found together with aphids; they
protect the aphids and feed on the honey-
dew. The combination of ants and black
foliage is a good indication that aphids
may be a problem. Aphids are soft-
bodied, globe- or pear-shaped insects,
about 0.8 to 6.4 mm long (fig. 42.1). They
may be white, pink, yellow, green, blue,
brown, gray, or black. The adults may

be winged or wingless. When wings are
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present, two pairs fold in a roof-like fash-
ion over the body (fig. 42.2) Aphids have
three pairs of thoracic legs. The mouth is
a piercing-sucking beak, which appears to
arise between the front legs. Most species
have a pair of tube-like structures located
on the back of the abdomen. Aphids are
usually exposed while feeding, but some
cover themselves with a waxy material
(fig. 42.3), and others feed inside galls.

Biology

Since there are so many species of aphids,
only a general description can be given
of their life cycles. Winged females lay
eggs. The eggs hatch, and nymphs mature
into wingless adults. These wingless

Figure 42.1—Cinara species aphids feeding on
stem of conifer seedling. Photo courtesy of Washington
State University.

Figure 42.2—Winged aphid with offspring. Photo by
Ken Gray. Image courtesy of Oregon State University.

Figure 42.3—~Root aphids on conifer roots. Note
white, waxy bodies. Photo by Art Antonelli, Washington State
University.
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forms reproduce without mating, and the
females usually bear live young. After
several generations, winged females are
produced. These winged females migrate
to a new host, and wingless females are
again produced. After several more gen-
erations, males and females are produced.
They mate, the females lay eggs, and the
cycle is repeated. Some species of aphids
have a more complicated life cycle and
migrate between a primary and secondary
host. Environmental conditions strongly
affect aphid populations. Fungus-caused
diseases; parasitic wasps; and predators
like lady beetles, lacewings, nabid bugs,
and syrphid fly larvae provide some
natural control. When environmental
conditions are favorable for the aphid
population, however, biological agents
cannot keep populations in check. This

is especially true in nurseries, where
susceptible host plants are concentrated in
a small area.

Control

Cultural

Maintain seedling vigor through proper
fertilization and irrigation to increase
tolerance to aphids.

Chemical

Use registered insecticides to effectively
control aphids. Apply sprays to the point
of runoff on all foliage and stem surfaces.
Read and follow label directions carefully
to prevent seedling injury.

Selected References

Anderson, R.F. 1960. Forest and shade tree
entomology. New York: John Wiley & Sons:
347-351.

Connor, M.D.; Hoffard, W.H. 1989. Aphids.
In: Cordell, C.E.; Anderson, R.L.; Hoffard,
W.H.; Landis, T.D.; Smith, Jr., R.S.; Toko,
H.V., tech. coords. Forest nursery pests.
Agriculture Handbook 680. Washington, DC:
USDA Forest Service: 134-135.

Cranshaw, W. 2004. Garden insects of North
America. Princeton, NJ: Princeton University
Press. 656 p.

Furniss, R.L.; Carolin, V.M. 1977. Western
forest insects. USDA Forest Service Misc.
Pub. No. 1339. Washington, DC: USDA
Forest Service. 654 p.

Hollingsworth, C.S.; Antonelli, A.; Hirnyck,
R., eds. 2009. Pacific Northwest insect man-
agement handbook. Corvallis, OR: Oregon
State University Press. 698 p.

Johnson, N.E. 1965. Reduced growth associ-
ated with infestations of Douglas-fir seedlings
by Cinara species (Homoptera: Aphidae).
Canadian Entomologist. 97(2): 113-119.

Johnson, W.T.; Lyon, H.H. 1991. Insects
that feed on trees and shrubs, 2nd ed. rev.
Ithaca, NY: Cornell University Press: 68—69,
248-271.

Pike, K.S.; Boydston, L.L.; Allison, D.W.
2003. Aphids of western North America with
keys to subfamilies and genera for female
alatae. Washington State University Extension
Miscellaneous 0523. Pullman, WA: Washington
State University Extension. 282 p.

Smith, C.F.; Parron, C.S. 1978. An annotated
list of aphididae (Homoptera) of North America.
Tech. Bull. 255. Raleigh, NC: North Carolina
Agricultural Experiment Station. 428 p.

Forest Nursery Pests 143



Conifer and Hardwood Insects

]
43. Cutworms

Michael E. Ostry and Jennifer Juzwik

Hosts and Pest
Description

Cutworms (family Noctuidae) feed on the
foliage of a wide variety of weeds and
agricultural crops. In bareroot tree nurser-
ies, cutworms feed on young conifer

and hardwood seedlings. A number of
different cutworm species occur in forest
nurseries, and the species may differ by
geographical region. The adult is a moth
(order Lepidoptera) whose head has an
“owl-like” appearance. Larvae coloration
and size varies among species.

Distribution

Several cutworm species are found
throughout the United States.

Damage

Large cutworm populations, such as the
dingy cutworm (Feltia ducens) (fig. 43.1),
can quickly destroy conifer seedlings by
feeding on recently emerged seedling
cotyledons and needles (fig. 43.2) in tree
nurseries. Cutworms can also feed on older
seedling foliage, but damage is usually
insignificant. Young hardwood seedlings
can be cut at or slightly above or below
the groundline. Climbing cutworm species
can feed on young leaves. Populations
fluctuate widely from year to year and
since high populations build up only dur-
ing favorable environmental conditions,
cutworms are generally only of periodic
importance.
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Figure 43.1—Dingy cutworm larva (left) and pupa. Photo from USDA Forest Service Archives.

Figure 43.2—Cutworm damage on young conifer seedling. Note clipped needles. Photo from USDA Forest Service
Archives.
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Diagnosis

Frequently, cutworm damage is noted
before observing the insect itself because
they feed at night and remain underground
during the day. On conifer seedlings look
for cut or chewed primary needles. Old
chewing damage may become sunken

or depressed (fig. 43.3). This damage
type may be confused with damping-off
disease. Occasionally, both conifer and
hardwood seedlings are clipped at the
groundline, and tops are left lying on the
soil surface. Cutworm larvae are stout,
hairless, and dull gray in color, ranging
from 2 to 5 cm (0.8 to 2.0 in) at maturity.
When disturbed, cutworms drop to the
ground and characteristically assume

a curled position. The adult moths are
hairy, with markings on their forewings

but with rather nondescript hind-wings.
It is often difficult to identify the many
different cutworm species.

Biology

Most cutworm species have similar life
cycles. Depending on the geographic
location and cutworm species, there may
be multiple generations per year. All
cutworm species become active in early
spring, during the larval stage. They feed
on the newly emerging seedlings and rap-
idly progress through as many as seven
instars. Moths emerge in late summer
and early fall. Females deposit eggs on
plant foliage such as weeds in and around
the nursery or in the soil, where eggs or
larvae overwinter.

Figure 43.3—Cutworm damage. Note depressed area on stem. Photo from USDA Forest Service Archives.

Control

Cultural

Good weed control in and around nursery
beds will eliminate breeding sites for
cutworms. Emerging seedlings in nursery
beds should be examined weekly for feed-
ing evidence.

Chemical

Areas of nursery beds diagnosed with
cutworm feeding can be treated with
approved insecticides at the first sign of
damage. Cutworm species identification
may be necessary to determine the ap-
propriate insecticides available for use.
Biological insecticides are available for
some species.
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44. Field and Short-Tailed Crickets

Coleman Doggett

Hosts Diagnosis Adult short-tailed crickets are very similar

Short-tailed crickets are in the genus
Anurogryllus and field crickets are in the
genus Gryllus. Because these two species
have similar physical appearance, they
are lumped together in this chapter. Short-
tailed crickets have been reported feeding
on newly germinated slash pine seedlings
and field crickets have been observed
feeding on eastern redcedar seedlings in
the Southeastern United States.

Distribution

The short-tailed cricket is represented in
the United States by the single species
A. arboreus. It is found from New Jersey
to Florida and west into Texas and
Oklahoma.

A number of field cricket species in the
genus Gryllus are found in the United
States, some distinguished only by their
chirping sounds. They have similar
eastern and southern distribution as

the short-tailed cricket, but their range
extends farther north into Massachusetts
and as far west as Kansas.

Damage

Short-tailed crickets live in underground
burrows and emerge only to feed and find
mates. If pine seed or newly germinated
seedlings are available, the cricket eats
the seed, severs the seedling at the
groundline, and drags it into the burrows
to consume.

Adult field crickets spend their lives above
ground. When their populations reach
high proportions in nursery beds and red-
cedar seedlings are available, the crickets
feed on seedling stems. They debark the
stems to a height of about 2.5 cm (1 inch),
which results in seedling death.
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Adult field crickets’ color may be black,
brown, or reddish, and about 1.9 cm
(0.75 in) long. Females are equipped
with spike-like ovipositors at the end

of their abdomens, which are almost as
long as their bodies (fig. 44.1). Males can
be identified by the lack of ovipositors.
When high field cricket populations occur
in conjunction with redcedar seedlings,
look for dying seedlings and check seed-
lings for debarking at, or slightly above,
the groundline.

to field crickets except that females lack

a long ovipositor (fig. 44.2). Short-tailed
crickets are light brown in color. The
crickets leave small soil pellets or mounds
similar to crawfish activity. When observed
in or near nursery beds, closely examine
the beds near the soil pellets for signs of
severed seedlings. The tops of the severed
seedlings are normally dragged into burrows
to be eaten, and the only evidence of
injury is the severed seedling stem near
the groundline.

Figure 44.1—Field cricket. Photo by Richard Grantham, Oklahoma State University.



Conifer and Hardwood Insects

Biology

Female short-tailed crickets lay eggs in
their burrows in the late spring. The eggs
hatch and the resulting nymphs remain in
the mother’s burrows for about 1 month,
after which they disperse for a few yards
and dig their own burrows. At first the
burrows are small and near the surface,
but as the cricket matures, the burrow
becomes larger and deeper, eventually
reaching depths of 30 to 50 cm (12 to 20
in). Only one cricket is found per burrow,
except when newly hatched nymphs are
present. There is only one generation per
year.

Female field crickets deposit eggs in the
soil using their long ovipositors. When
the eggs hatch, the nymphs burrow to

the surface and emerge. The nymphs

are similar to the adults, except they

are smaller, wingless, and not sexually
mature. Within 2 to 3 months, the nymph
molts 8 to 10 times before becoming an
adult. Some species overwinter as eggs
and others as adults. Populations are very
cyclic, low in some years and quite high
in others.

All cricket species have many predators
including birds and many animal species.

Control

Chemical control has been very effective
in halting damage with early detection.
The younger the insects, the more effec-
tive chemical control will be.

Figure 44.2—Short-tailed cricket. Photo by Richard Grantham, Oklahoma State University.
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45. Fungus Gnats

Art Antonelli

Hosts or maggots are about 5.5 mm long with pupa. At the end of the pupal period, the

There are two families of fungus gnats:
the Mycetophilidae and the Sciaridae,

or dark-winged fungus gnats. The
mycetophilids are associated with fungi
as larvae. The sciarids are general feed-
ers, feeding mostly on fungi, but a few
species attack a wide range of ornamental
and vegetable plants. They can be a real
problem on greenhouse plants.

Distribution

Fungus gnats are ubiquitous and occur
wherever conditions are ambient for
development. Any nursery or greenhouse
where damp organic soils are used and
overwatering is a common practice is fair
game for these insects.

Damage

The maggot, or larva, is the damaging
stage. However, the adult flies are usually
noticed before larval damage to the plant
is apparent. When maggots become nu-
merous, they strip plant roots (fig. 45.1).

Diagnosis

Feeding by fungus gnat larvae results
in loss of plant vigor and yellowing and
wilting of the leaves.

Adult fungus gnats (fig. 45.2) are slender
and about 2.5 mm long. Their coloring

is typically dull, most being yellowish,
brown, or nearly black. In general ap-
pearance the flies, especially the myceto-
philids, are not unlike small mosquitoes.
They have long legs and antennae. They
are weak fliers but can run quite rapidly
across the soil surface. The mature larvae
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shiny black head capsules and whitish,
somewhat transparent legless bodies
(fig. 45.3).

Biology

During the female’s 1-week lifetime, she
lays 100 or more eggs. The shiny white
oval eggs are semitransparent and barely
visible to the naked eye. They are laid
either singly or in stringed groups of 10
or more on the soil surface, usually near
host plants. They hatch in 4 to 6 days.
The maggot reaches maturity in about

2 weeks, when it ceases feeding, spins a
cocoon, and sheds its skin. After about

1 week, the maggot transforms into a

Figure 45.1—2Damage to fine roots due to feeding
by fungus gnat larvae. Photo by Thomas D. Landis, USDA
Forest Service.

adult fly emerges from the soil and starts
the cycle over again. Many overlapping
generations are born each year.

Control

Cultural

Fungus gnats live in moist, shady
environments with decaying organic
material, so cultural practices such as
the elimination of dead leaves or other
decaying organic material and avoidance
of excessive watering will greatly reduce
their numbers. The use of a water meter
to determine water needs will help in
avoiding overwatering.

Figure 45.2—Adult fungus gnat. Photo by Ken Gray.
Image courtesy of Oregon State University.

Figure 45.3—Larva of fungus gnat. Photo by Thomas
D. Landis, USDA Forest Service.
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Wherever organic material and moisture
accumulates, there is potential for fungus
gnats to breed. This condition is particu-
larly true of water drains where such debris
can accumulate and provide a breeding
site for these flies. A regular (at least once
a month) cleaning with a gallon of near
boiling water poured down the drain,
followed by a cup of bleach diluted with
water in a 1:5 ratio, should render this
hard-to-reach environment fly and maggot
free for 2 weeks in most cases.

Chemical

Control of fungus gnats in commercial
plant growing operations, such as

greenhouses, can be achieved by using
registered formulations of synthetic or
biological insecticides.

Monitoring

Successful fungus gnat control depends
on a systematic monitoring program for
detection of adults. Early detection will
result in quicker suppression. For best
results, place one yellow sticky trap for
every 46 to 93 m? (500 to 1,000 ft?).
Check the traps each week, and replace
after they become covered with insects.
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46. Lesser Cornstalk Borer
Wayne N. Dixon and Albert E. Mayfield, 111

Hosts

The lesser cornstalk borer (Elasmopalpus
lignosellus) affects seedlings of Arizona
cypress, bald cypress, black locust,
dogwood, black tupelo, loblolly pine,
redcedar, sand pine, slash pine, and syca-
more. Agricultural host plants (more than
60 species) include beans, corn, millet,
peas, sorghums, and soybeans.

Distribution

The insect is found from Maine to south-
ern California and southward to Mexico,

but damage is most severe in nurseries of
the Southern United States.

Damage

Complete girdling results in seedling
death. Partially girdled seedlings
usually recover. Mortality in Arizona
cypress may be increased by infection
of wounded seedlings by the fungus
Dothiorella species.

Diagnosis

Look for wounds caused by larval feeding
below to just above groundline (fig. 46.1).
Bark may be completely or partially
removed for up to several centimeters
(fig. 46.2). Girdled seedlings remaining
alive may have a gall-like swelling on the
stem just above the girdle. Partial girdles
on the stem are usually closed by callus
formation. Severely damaged seedlings
die and may remain upright or fall over
(fig. 46.3). The slender larvae of the lesser
cornstalk borer are about 2.0 cm long
when mature. They are pale green and
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Figure 46.1—~Feeding wound made by larvae of
the lesser cornstalk borer. Photo by Florida Department of
Agriculture and Consumer Services, Division of Forestry.

Figure 46.2— Seedling girdled and debarked by
lesser cornstalk borer larvag belowground, showing
larva and silken tunnels attached to the stem. Photo
by James D. Solomon, USDA Forest Service, at http://www.
bugwood.org.

have brown banding or stripes (fig. 46.4).
Silk tunnels, which protect inactive or
disturbed larvae, can sometimes be seen
radiating from feeding sites (figs. 46.2
and 46.5).

Larvae wriggle furiously when captured,
but are difficult to find. Moths may be
more readily observed than larvae and
are often seen in short and erratic flight
patterns just above the seedling tops. They
are light- to dark-brownish gray and have
a wingspan of approximately 1.6 to 2.4 cm,
(figs. 46.6 and 46.7). At rest, female
moths are often charcoal-colored and
male moths are often tan-colored with
charcoal markings.
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Figure 46.3—Fallen bald cypress seedling girdled at the groundline by lesser cornstalk borer. Photo by Florida
Department of Agriculture and Consumer Services, Division of Forestry.

Biology

The lesser cornstalk borer has two to four
generations per year. By late summer,
most life stages can be found. After
emerging from the soil in late spring,
moths mate, and female moths deposit
eggs singly in the soil at the bases of
host plants or on their stems and lower
leaves. Each female lays approximately
125 eggs. Eggs hatch within 1 week, and
larvae mine the lowermost branches or
begin semisubterranean feeding on stems
and roots. Larvae feed from 2 to 3 weeks.
Pupation occurs in silk tunnels or soil
litter and takes 2 to 3 weeks. Then new
adults emerge, mate, and live for about 10
days. Larvae or pupae overwinter in the
soil or soil litter.

Figure 46.4—~Larva of the lesser cornstalk borer.
Photo by Florida Department of Agriculture and Consumer

Services, Division of Forestry.

Figure 46.5—Silk tunnels formed by larvae of the lesser cornstalk borer, attached to a Soybean plant. Photo by

James Castner, Entomology and Nematology Department, University of Florida.
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Figure 46.6—Adult moth of the lesser cornstalk
borer, wings folded. Photo by Gretchen L. Grammer, Grand
Bay National Estuarine Research Reserve.

Figure 46.7—Adult moth of the lesser cornstalk
borer, wings extended. Photo by James T. Vargo.
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Control

Cultural

Certain cover crops (for example, soy-
beans, pearl millet, peanuts, sorghum,
peas, and certain grasses), sandy soils,
and droughty weather encourage infesta-
tions in forest nurseries. Practice gen-
eral sanitation measures. Fall or winter
cleanup of plant residue, early cover crop
disking, and unsusceptible cover crop
rotation may help reduce the incidence of
lesser cornstalk borer.

Chemical

To prevent lesser cornstalk borer
incedence, granular insecticides can be
applied to the soil when the cover crop is
planted. The insecticide used will depend
on the cover crop. A remedial, supple-
mentary treatment may also be required.
A liquid insecticide formulation may be
applied as a soil drench at the first sign of
seedling damage. Due to the protective
silken tunnels, additional applications
may be needed to ensure the larvae are
adequately exposed to the insecticide.
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47. Mole Crickets

Coleman Doggett

Hosts Diagnosis become adults, develop wings, fly to new

Mole crickets are in the family Gryllotal-
pidae. The forelegs of these insects are
modified for digging. Three introduced
species—shortwinged mole cricket,
Scapteriscus abbreviatus; southern mole
cricket, S. borellii; and tawny mole
cricket, S. vicinus—are very destructive

to seedlings, while the several native U.S.

species seldom cause damage. A wide
variety of both hardwood and softwood
species are killed by mole crickets,
either by feeding or by the indirect effect
of their tunneling. Seedlings attacked
include the southern yellow pine, eastern
redcedar, elm, maple, sweetgum, and
yellow-poplar.

Distribution

The introduced species are currently
found from Texas to New Jersey.

Damage

Mole crickets feed on seedling roots
and lower stems. Belowground damage
initially results in wilting and if damage
is severe, eventual seedling death. The
winding tunnels constructed by the
insects cause topsoil disturbance, which
may result in mortality to very small
seedlings when rain splash covers them
with soil. Seedlings may also be severed
or girdled just above the groundline.
When affected seedlings are examined,

major and or minor roots may be missing

due to insect feeding.

Adult mole crickets are 2.6 to 5.2 cm (1.0
to 2.0 in) long with large shiny black eyes
and range in color from yellowish brown
to dark brown (fig 47.1). Their front legs
are stout and shovel-shaped with claws
for digging. They tunnel underground and
spend most of their lives in their tunnels.
The tunnels are around 3 mm in diameter
and may be visible on the soil surface.
Occasional small soil mounds on the
ground surface above the tunnels indicate
where the insects have surfaced.

Biology

Adult mole crickets lay 25 to 60 eggs in
an underground chamber in April or May.
One species, the shortwinged mole crick-
et, however, can produce eggs all year.
The eggs hatch into nymphs in 3 to 4
weeks and the nymphs begin to build un-
derground tunnels and feed. Nymphs are
similar to adults except that their wings
are not developed. They feed on plant
roots and stems, earthworms, and other
insects. There are one or two generations
per year, with two generations occurring
in the southern part of their range. After
feeding for several months, the nymphs

locales, and construct tunnels. Adults are
strong fliers and may fly up to 5 miles.
Inside the tunnels, the males produce
mating songs or rasps to attract mates.
After mating, the female digs a nursery
chamber and lays her eggs to begin a new
generation. Mole crickets are nocturnal
and are seldom seen in daylight.

Mole crickets have many natural enemies.
Predators include birds, toads, shrews,
moles, rats, skunks, raccoons, foxes, and
armadillos.

Control

Biological

A parasitic wasp, Larra bicolor, was
introduced from South America to control
mole crickets. It is established in Florida
and appears to be surviving and spread-
ing. A parasitic fly, Ormia deplete, also
from South America, has been introduced.

In addition, a nematode, Steinemema
scapterisci, has been introduced and

has been effective for control. It is com-
mercially available and has proven to be
persistent for up to 8 years.

Figure 47.1—Mole cricket. Photo by Richard Grantham, Oklahoma State University.
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Chemical

A number of both general and restricted-
use pesticides are currently registered for
mole cricket control. These chemicals
include both liquid and granular formula-
tions, as well as baits. Chemical control
is most effective when nymphs are small,
late June and early July in the mid-South.
Chemical control becomes less effective
as the insects age.

Irrigation before insecticidal application
may increase effectiveness by driving
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the insects closer to the surface. Some
insecticides require post application irri-
gation to carry the insecticide to the mole
crickets. These requirements are included
on the product label.

Most available baits contain a grain-based
attractant plus an insecticide. Since mole
crickets are nocturnal, baits should be
applied in the evening. The effectiveness
of the baits that are currently available is
decreased if rainfall or irrigation occurs
before the insects feed on the bait.
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48. Plant Bugs

David B. South

Hosts

Plant bugs (Lygus spp.; Taylorilygus
apicalis; family Miridae) feed on buds,
flowers, and growing tips of plants.
Seedlings of Douglas-fir, true fir, larch,
pine, poplar, and spruce are commonly
damaged by lygus bugs.

Distribution

Conifers are affected by plant bugs through-
out the world. Nursery damage occurs

in the Pacific Northwest (L. hesperus,

L. lineolaris, and L. elisus ), Canada, and
North Central and Southern United States
(L. lineolaris). Taylorilygus apicalis has a
worldwide distribution and occurs on six
continents.

Damage

Economic damage by plant bugs occurs
mainly on 1-0 conifer seedlings, and
feeding can severely affect the form of
the seedling. When saliva is injected into
the stem, it can cause needle twisting and
forked seedlings (sometimes referred to as
“multiple tops” or “bushy-tops”). If feed-
ing occurs soon after germination, some
seedlings will become stunted and these
may end up as culls.

Diagnosis

Lygus and Taylorilygus are typically
found feeding on weeds that produce
white or yellow flowers (fig. 48.1).
Monitoring the population can be done
by close inspection of the flowers of
daisy fleabane, cutleaf evening primrose,
common groundsel, and many Brassica
species. Use of traps (white or yellow
sticky traps or clear plastic traps) also
helps monitor plant bug population levels

(fig. 48.2), but some managers choose to
monitor weed levels because traps require
time and money.

Adult L. hesperus (fig. 48.3) are yellowish-
green to brown and the males are 5.3 to
6.5 mm long with a “V” marking on their
back. Nymphs are 1 to 6 mm long, wingless,
and appear similar to pale-green aphids.
Adult Taylorilygus (fig. 48.4) are gene-
rally green. Most damage to 1-0 conifer
seedlings occurs between May and Septem-
ber. Look for stem lesions and distorted
needles. Feeding causes deformed or

Figure 48.1—Example of a Lygus lineolaris on
daisy fleabane. Photo by Ronald Smith, Auburn University, at
http://www.bugwood.org.

Figure 48.2—Clear Plexiglas trap with a catch pan containing Soapy water. Photo by David B. South, Auburn University.
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Figure 48.3—FExample of Lygus hesperus. Photo
by Whitney Cranshaw, Colorado State University, at http://www.
bugwood.org.

aborted buds and multiple tops (fig. 48.5).
When present, some feeding also occurs
in transplants and 2-0 seedlings. In 1- to
2-year-old hybrid poplars, feeding produces
a split lesion in the middle to upper stem.
Lesions result in gall formation and stems
often break just above the wound.

Biology

Adults overwinter in plant debris along
field edges and in transplant beds. In
early spring, adults feed and lay eggs in
stems of agricultural crops or herbaceous
weeds. Within a few weeks, eggs hatch
into flightless nymphs that, like adults,
feed on plant juices. Three to four genera-
tions are completed per year in the North-
ern United States and five generations
can occur in the South. Adults are active
fliers and readily move from one crop to
another. Irrigated and fertilized nursery
crops apparently attract adults when
nearby host plants mature, senesce, or
are harvested.
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Figure 48.4—~Fxample of Taylorilygus apicalis.
Photo copyright 2006 Bill Claff.

Control

Netting is sometimes used in green-
houses, and some managers use netting
to cover containers grown outside on
benches. Netting has also reduced injury
to 1-0 Fraser fir in seedbeds.

To avoid attracting plant bugs to the nurs-
ery, some managers keep weeds mowed
to reduce the population of preferred
weed species. Unfortunately, plant bugs

can travel long distances and, therefore,
additional control measures are needed.
Some speculate that during dry periods,
lygus bugs are attracted to succulent
seedlings that have been irrigated and
fertilized.

Injury to conifer seedlings from lygus
bugs was rare in the decades when
mineral spirits were applied for weed
control. This situation might be due to
the insecticidal properties of mineral
spirits or because the volatile compounds
produced an offensive odor. After
managers ceased mineral spirit use, some
began to notice an increase in the number
of bushy-top seedlings. Because Lygus
species have several generations per year,
multiple insecticide applications may be
necessary in outdoor nurseries (fig. 48.6).
A few insecticides have proven effective
in reducing the amount of damage to
seedlings. In loblolly pine nurseries
insecticide treatments commence as soon
as Lygus adults are found feeding on
weeds, which usually occurs in late April
or early May.

Figure 48.5—Multiple shoots resulting from feeding of plant bugs. Photo by David B. South, Auburn University.
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Figure 48.6— The use of insecticides (right bed) can increase the crop value of sand pine seedlings. Photo by
Wayne N. Dixon, Florida Department of Agriculture and Consumer Services.
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49. Seed and Cone Insects

Alex C. Mangini

Hosts

Seed and cone insects are not nursery
pests in the strict sense; they are

seldom found on nursery trees. They

are important because they destroy seed
available for planting in nurseries. These
insects are mostly conifer pests, but some
affect hardwoods. Most conifer nurseries
rely on seed grown in managed seed
orchards that are located in the South and
Pacific Northwest; some are in the upper
Midwest. Insects damage acorn crops in
Southern oak orchards.

The major conifer seed and cone insects
are the coneworms, Dioryctria species
(fig.49.1); cone beetles, Conophthorus
species (fig. 49.2); seed bugs, Leptoglos-
sus species (fig. 49.3); seed worms, Cydia
species; gall midges, Contarinia species;
cone borers, Fucosma species; and

cone moths, Barbara species. Weevils,
Curculio species (fig. 49.4), and the
filbertworm, Cydia latiferranea, attack
oak acorns and other hardwood seeds.

In the South, loblolly, longleaf, slash, and
shortleaf pines are hosts. The primary
pests are the leaffooted pine seed bug,

L. corculus, and five coneworm species.
Additional pests include the shieldbacked
pine seed bug, Tetyra bipunctata, and
several seed worm species. Slash pine

is also attacked by the slash pine flower
thrips, Gnophothrips fuscus. A serious
eastern white pine pest is Conophthorus
coniperda, the white pine cone beetle.

In the Western States, Douglas-fir,
western hemlock, western redcedar, and
western larch are hosts, as are ponderosa,
lodgepole, sugar, western white, and other
pines. The western conifer seed bug,

L. occidentalis, is a Douglas-fir, pine, and
grand fir pest. Several coneworm species
attack Douglas-firs, true firs, and pines.
The Douglas-fir cone gall midge, Con-
tarinia oregonensis, is a serious pest in
Douglas-fir seed orchards, along with the
Douglas-fir seed chalcid, Megastigmus
spermotrophus.

Figure 49.1—~Larva and adult of the southern pine coneworm, Dioryctria amatella, on an infested loblolly
pine cone. Larval feeding has partially destroyed the cone. Photo by Larry R. Barber, USDA Forest Service, at http://www.

bugwood.org.
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Figure 49.2—A female cone beetle, Conophthorus
Sspecies, excavating a gallery along the axis of a
developing pine cone. She will deposit eggs along
the gallery. Photo by Steven Katovich, USDA Forest Service, at
http://www.bugwood.org.

Figure 49.3—An adult female leaffooted pine seed
bug, Leptoglossus corculus, on pine needles.

Photo by R. Scott Cameron, Advanced Forest Protection, Inc.,
at http://www.bugwood.org.
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Figure 49.4—An adult female curculio weevil,
Curculio species, on a young acorn. She will use her
elongated mouthparts to excavate a hole in the acorn
and deposit eggs. Photo by Larry R. Barber, USDA Forest
Service, at http://www.bugwood.org.

Distribution

Seed and cone insects are found wherever
their host tree species occur. Some spe-
cies are host-specific such as the Douglas-
fir cone gall midge and Douglas-fir

seed chalcid. Other species have a wide
geographical distribution and feed on
multiple hosts; for example, the western
conifer seed bug.

Seed and cone insects can be divided into
two geographic groups, those present in
the Western and Northern States on pine,
spruce, fir, and Douglas-fir and those found
in the Southern and Atlantic-Coastal
States, primarily on pines. For example,
L. occidentalis is found in the West and
L. corculus (fig. 49.3) inhabits the
Southern States. Both species are similar
in appearance and behavior but have
disjunct distributions. Similarly, distinct
coneworm species groups occur in the
West and South.

The filbertworm is found throughout the
country on various oak and hickory spe-
cies. Several curculio weevil species are
present across the country.

Damage

The damage is a lost or reduced seed
crop. Damage occurs on either the cones,
the seeds, or both. Most damage is done
by the larval stages, which is particularly
true for cone beetles, coneworms, seed
worms, and cone borers. Some species
feed on the developing cone and inciden-
tally destroy seeds. Some species feed on
cone and seed tissues as they move from
seed to seed. Other pests develop entirely
within a seed. Damage is either external
or internal.

External damage includes dead or dying
cones (fig. 49.5), dead or damaged
flowers and conelets, galls, abnormal
development, and feeding damage. Frass
and webbing may be present. Male flow-
ers can be damaged or deformed. Internal
damage can be seen when the cone or

conelet is cut or broken apart. Internal
damage includes dead tissue, frass, or
galls. Frass (solid larval excrement) and
webbing may be present; the larva(e) may
often be seen. Damaged seeds may be
discolored, shrunken, or stuck to galls.
Internally, seeds may be empty, or display
shrunken or dead contents.

Diagnosis

Externally, look for dead and dying cones,
discolored cones, dead flowers, and
conelets and distorted or abnormal cones.
Keep in mind the host species biology;
insect life cycles are tied to host phenol-
ogy, and damage can occur at specific
cone development stages. Damage may
occur in more than one host stage; for
example, coneworms can damage both
first-year and second-year cones in pines.

Figure 49.5—Damage caused by Conophthorus ponderosae, a cone beetle. The white pitch tube at the
bases of the cones indicates where the attacking female entered. Photo from USDA Forest Service, Ogden Archive, at

http://www.bugwood.org.
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Look for specific indicators. Coneworms
are indicated by frass and webbing presence
on damaged cones or conelets (fig. 49.6).
In southern pines, coneworm-killed
conelets break apart easily to reveal frass
and webbing. When cones occur in clus-
ters, the coneworms will progressively
kill each cone in the cluster. Cone borer
damage is similar to coneworm damage
but frass is more tightly packed. Cone
moth damage is also similar to coneworm
damage but pitch is more abundant in the
frass. Cone beetles usually enter at the
cone base; a pitch tube is often present.
For the Douglas-fir cone gall midge, cone
scales die and turn red in July or August.

To diagnose internal damage, one must
cut open the cone, seed, or acorn. In some
instances, seed can be radiographed to
assess damage. Again, look for specific
indicators. Seed bug damage results in
empty or partially filled seeds. Empty
seeds show up clearly in radiographs

(fig. 49.7). Similarly, Douglas-fir seed
chalcid larvae can be seen within seeds
on radiographs. Also, a distinct exit hole
is made by the emerging chalcid wasp.
Cone beetles can be found in cones and
appear as white, legless, C-shaped larvae
with brown heads or as distinctive pupae.
The filbertworm appears within acorns as
a reddish larva surrounded by coarse frass
and webbing. Curculio weevils appear

as legless, C-shaped larvae with densely
packed frass.
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Figure 49.6—A larva of the webbing cone worm,
Dioryctria disclusa, that has been feeding on a pine
conelet. Note the frass and webbing at the base of
the conelet. Photo by Larry R. Barber, USDA Forest Service,
at http://www.bugwood.org.

Biology

Seed and cone insect biology is closely
tied to the reproductive biology of the
host tree. In general, larvae feed (and
cause damage); adults disperse; the stage
that overwinters is variable.

Coneworm adults are small moths with
distinctive crossbands on wings. Females
attract males with species-specific
pheromones. Coneworm eggs are laid
on branches. Several species overwinter
as early instar larvae that feed externally
before entering flowers, shoots, and
cones. Larvae are elongate and yellow to
purple in color with dark head capsules.
As the larvae feed, they kill the cone and
its seeds. Pupation is in the killed cones.
Some species have only one generation
per season (univoltine) and some have
multiple generations (multivoltine).

Figure 49.7—A radiograph of longleaf pine seeds. Healthy seeds are white with visible embryo. Seeds dam-
aged by seed bugs have shriveled contents; seeds damaged by seed worm have gray contents and broken seed

coats. Photo by Alex C. Mangini, USDA Forest Service.
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Cone beetles are dark brown to black,
shiny, stout beetles that are related to bark
beetles. The female attacks the cone at the
base and makes a tunnel along the cone
axis. She deposits eggs along the gallery.
Eggs are shiny and ovoid. The larvae are
white, with brown heads, and feed on the
developing cone, destroying the seeds.
After pupation, new adults either over-
winter in cones or enter pine shoots until
spring. There is one generation per year.

Seed bug adults are elongate, 18 to 19 mm
long, reddish brown with a distinctive
zigzag pattern on the forewing (fig. 49.3).
Seed bugs do not have larvae or pupae.
Their immatures, called nymphs, are
similar to adults but are smaller and
without fully developed wings (fig. 49.8).
The eggs are barrel-shaped and laid
end-to-end on the needles. The western
conifer seed bug and the leaffooted pine
seed bug have similar life cycles, except
that the former has only one generation
per year while the latter may have
several. Adults overwinter and become
active in spring, feeding initially on male
flowers. Eggs are laid in spring. Five
nymphal instars exist. The second-instar
leaffooted pine seed bug nymphs feed on
conelet ovules causing conelet abortion
(fig. 49.9). Later instars and adults feed
on seeds in the developing cones leaving
the seeds empty.

Douglas-fir cone gall midge adults are
small, only 3 to 4 mm long. They emerge
in early spring. The females oviposit near
young ovules when Douglas-fir flowers
are open for pollination. The eggs hatch
in May and June. The tiny orange larvae
tunnel into scale tissue near ovules and
develop through three instars; during

this development a gall forms around

the larva. In the fall, the larvae drop to
the ground and form an overwintering

Figure 49.8—A second-instar nymph of the leaffooted pine seed bug, Leptoglossus corculus, feeding on a
pine conelet. Conelets often abort after the nymphs feed on them. Photo by Tim Tigner, Virginia Department of Forestry, at

http://www.bugwood.org.

cocoon—often in old male flowers. Seeds
may become fused to the midge galls;
consequently the seed are not shed from
the mature cone (fig. 49.10).

Figure 49.9— Ovules dissected from ponderosa
pine conelet. The top ovule has been fed on by the
western conifer seed bug and appears brown and
shrunken. The bottom ovule is healthy. Photo by Alex C.
Mangini, USDA Forest Service.

Control

Biological control of seed and cone in-
sects has not been fully explored. Cultural
control consists of orchard sanitation.
For example, white pine cone beetle
populations can be reduced by running

a controlled burn through the orchard in
late fall or early spring. The beetles over-
winter within the killed cones that drop
to the ground. Burning these cones kills
the overwintering beetles. Similarly, the
Douglas-fir cone gall midge overwinters
on the ground. It has been demonstrated
that removing the duff from the orchard
floor reduces the impact of this insect.

Seed orchard managers use integrated
pest management (IPM) to optimize pest
control efforts; all available tools are
used—including cultural and chemical
control. Chemical control of seed and
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Figure 49.10—Douglas-fir cones infested by larvae of the Douglas-fir cone gall midge, Contarinia oregonen-
sis. The larvae cause galls to form on cone scales. Heavy infestations kill the cones. Photo by Ward B. Strong, British

Columbia Ministry of Forests, British Columbia, Canada.

cone insects is difficult because these
species spend most of their life cycle
within the conelet or cone sheltered from
pesticide sprays. Managers must time ap-
plications appropriately and ensure good
coverage. Research has led to degree-day
models for the southern pine coneworm;

162 Forest Nursery Pests

sprays can be timed to coincide with early
instar larvae presence before they enter
cones. Using different pesticide chemis-
tries during the season, avoids resistance
and secondary pests. New pesticides,
such as growth regulators, are safer, more
specific, and have less nontarget impact.
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50. Mites
Alex C. Mangini

Hosts

The spider mites are the primary mite
pests in forest nurseries. A second group,
the rust and gall mites, can cause signifi-
cant damage.

Spider mites (family Tetranychidae) in
the genus Oligonychus are often pests on
conifers. The most important species in
this group is the spruce spider mite, Oli-
gonychus ununguis, which attacks spruce,
hemlock, fir, juniper, larch, redwood,
incense cedar, and pine species. O. milleri
can cause damage to nursery seedlings.

O. subnudus and O. coniferarum infest
conifers and are common in the Western
States. O. ilicis is found on conifers in

the Southern States. Some Oligonychus
attack deciduous trees. O. bicolor is found
on oaks and O. platani on sycamores and
related species. Spider mite species in the
genus Eotetranychus attack a variety of
hardwoods.

The rust and gall mites (superfamily Eri-
ophyoidea) cause two kinds of damage.
Rust mites feed on the leaf surface and
cause discoloration; gall mites cause the
host plant to make distinctive growths on
leaves and buds. The mites live in these
galls. Rust mites in the genus Trisetacus
are the eriophyoids most likely to be en-
countered in nurseries. Numerous species
infest pine, spruce, cedar, Douglas-fir,
cypress, and juniper.

Distribution

Spider mites and rust and gall mites are
widespread. They can be found across the
range of their hosts. Some mite species
are host-specific.

Damage

Reduced tree growth and vigor are the
major effects of severe mite infesta-
tions. Seedlings and small trees may

be weakened and made susceptible to
other problems. Trees are seldom killed
by mites; however, seedling mortality
may occur. Feeding damage makes trees
unsightly.

Spider mites use their needle-like
mouthparts (fig. 50.1) to pierce plant cells
and suck out the cell contents, resulting
in yellowing or browning of needles and
leaves (fig. 50.2). Feeding by the spruce
spider mite results in a mottled needle ap-
pearance; yellow spots appear on needles
as the mites feed. The needles eventually
turn yellow or brown. Associated with
the discolored needles is a dense webbing
made by the mites (fig. 50.3).

Figure 50.1—Magnified (200x) image of a Spider
mite, Tetranychus platani, showing the mouthparts.
The mite uses the long, paired, recurved stylets to
pierce the plant cell and extract the cell contents.
Photo by Alex C. Mangini, USDA Forest Service.

Figure 50.2—Browned needles resulting from an infestation of the spruce spider mite, Oligonychus ununguis,
a serious pest in conifer nurseries and plantations. Photo from USDA Forest Service—Northeastern Area Archives, at http://

www.bugwood.org.
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Figure 50.3—Spruce spider mites and the webbing
they produce are visible in this branch tip from an
infested conifer. Photo from USDA Forest Service—Region 4
Archive, at http://www.bugwood.org.

Rust mites cause similar damage to that
caused by the spruce spider mite. Trise-
tacus species on conifers discolor needles
(fig. 50.4). When infestations are severe,
the needles yellow and eventually turn a
reddish-brown or rusty color (hence the
name rust mites). Feeding by gall-making
eriophyoid mites causes the host to form
distinctive, sometimes bizarre shaped
galls (fig. 50.5). These gall-formers are
common on deciduous hardwood hosts.
As with the spider mites, the eriophyoids
have piercing mouthparts that enable
them to penetrate the plant cells.
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Figure 50.4—/nfestation of a white pine needle sheath by rust mites (Trisetacus). The top needle shows
feeding damage. Mites are visible in the center right. Photo by Alex C. Mangini, USDA Forest Service.

Figure 50.5— Spindle-shaped leaf galls caused by gall mites on a Prunus leaf. The mites live and feed within
the galls. Photo by Steven Katovich, USDA Forest Service, at http://www.bugwood.org.
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Diagnosis

Spider mite presence is indicated by
leaves or needles that are pale, washed-
out, and discolored—yellow or brown
needles are common (fig. 50.6). Heavy
infestations during hot, dry summers

can cause defoliation. Most, but not all,
spider mite species form a fine webbing
on needles and leaves. For example,
spruce spider mites produce webbing that
can form a dense covering over needles.
Mites can be seen by shaking an infested
branch over a white paper sheet. The
mites fall onto the paper and appear as
tiny red, yellow, or green specks on the
paper. A careful look using a hand lens
will show the mites walking on the paper.
The mites have globular bodies (fig. 50.7)
with four pairs of legs (three pairs in the
larval stage). The eggs may be spherical
or spherical with a stipe—a thin extension
at the top. For example, spruce spider
mite eggs are green when laid and turn
reddish brown (fig. 50.7).

Eriophyoid rust mite infestations are
indicated by leaves that yellow and
eventually turn brown or rusty. Rust
mites are extremely small—0.1 to 0.5 mm
long—and must be seen using a hand lens
or microscope. They are elongated and
worm-like with four legs at the head end
of the body. They are yellowish-white in
color and are slow moving (fig. 50.8).

Rust mite damage on conifers is similar
to that caused by spider mites. To dis-
tinguish the damage, shake an infested
limb over a white paper sheet. Spider
mites will be visible on the paper as dark
specks. Rust mites, however, are far too
small to be seen on the paper without a
hand lens. The presence of webbing will
also distinguish the spruce spider mite
from rust mites. Trees with bronzing
should be examined by removing the
needle sheath and using a hand lens to
examine the exposed needle bases.

Figure 50.6— Ponderosa pine seedlings damaged by Oligonychus subnudus Show the characteristic pale,
Yyellow appearance resulting from extensive spider mite feeding. Photo by Whitney Cranshaw, Colorado State University, at

http://www.bugwood.org.

Biology

Spider mites have five life stages—egg,
larva, protonymph, deutonymph, and
adult. The larva has three pairs of legs;
the nymph and adult stages have four.
Spider mites have very short life cycles
and populations can grow rapidly. The
spruce spider mite overwinters as eggs at
the needle base. The eggs hatch in spring
and reach the adult stage in about 15 days.
Several generations occur in a season.
One female spider mite can lay up to 50
eggs. Most eggs develop into females. As
a result, populations expand rapidly when
conditions are good. The mites and their
eggs are protected by the dense webbing
they produce. The mites disperse by wind,
because of their small size, they are easily
lifted into the air on wind currents.

Rust mites in the genus Trisetacus over-
winter as adults and eggs in the needle
sheaths of their conifer hosts. In the
spring, they move to new growth. Several

Figure 50.7—An adult female of the Spruce spider
mite, Oligonychus ununguis. The body is dark while
the legs and mouthparts are lighter in color. Below
the female is an egg with the characteristic thin stipe
at the top of the egg. Photo from USDA Forest Service—
Northeastern Area Archives, at http://www.bugwood.org.
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overlapping generations occur per year.
When populations become very large, the
mites will leave the needle sheaths and
feed on the exposed needle surface. These
mites are usually present on their conifer
hosts at all times. Population outbreaks
occur when weather conditions are favor-
able. Also, repeated insecticide applica-
tion promotes outbreaks by eliminating
natural enemies.

Control

Biological

Both spider mites and rust mites have
natural enemies that keep their popula-
tions in check. Several arthropod natural
enemies feed on spider mites. These
enemies include beetles in the family
Coccinellidae, anthocorid bugs, preda-
ceous thrips, and predaceous mites in
the family Phytoseiidae. By far the most
important biological control agents are
the phytoseiid mites.

Figure 50.8—An adult Trisetacus rust mite feeding
on a white pine needle. Note the elongated body and
the two pairs of legs. The mouthparts are between the
first pair of legs. Photo by Alex C. Mangini, USDA Forest Service.

166 Forest Nursery Pests

Phytoseiid mites are common associates
of spider mites and have been much
studied. About 2,000 species exist
worldwide. Most species are predatory
but also feed on pollen, honeydew, and
rust mites. Many are specialist spider mite
predators (fig. 50.9); these include species
in the genera Phytoseiulus, Galendromus,
and Neoseiulus. Phytoseiids have a short
life cycle, produce many eggs per female,
and have a preponderance of females in
the population. Under ideal conditions,

a 5-day generation time is common; one
female can lay up to five eggs per day

for several weeks. This rapid population
growth makes them useful control agents
against spider mites. Phytoseiid mites

are available commercially for use in
greenhouses and nurseries.

Cultural

Mite infestations can build up quickly.
During the growing season, trees should
be monitored for mite presence. If found,

Figure 50.9—A pale yellow phytoseiid mite,
Galendromus occidentalis, feeding on a European red
mite, Panonychus ulmi. Phytoseiids are important
biological control agents against spider mites. Photo by
Elizabeth H. Beers, Washington State University.

mites and eggs can be washed off with a
strong water spray. Proper irrigation to
maintain growth will reduce the impact
of mites. Avoid planting host species
such as pine, cedar, hemlock, fir, juniper,
or spruce adjacent to windbreaks of the
same species.

Chemical

Spider mites and rust mites may occur

in nurseries after insecticide application
that controls other pests. The natural
mite enemies are killed and conventional
insecticides may not affect mites. It may
be necessary to apply miticides in

severe infestations. Modern miticides

are the avermectins, organotins, and the
benzoylureas. The latter interrupt growth
by inhibiting transition from one stage to
the next. Products should be alternated to
avoid pesticide resistance in mites. When
applying miticides, it is important to
ensure thorough coverage of the plants.
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1. Weevils
Art Antonelli

Revised from chapter by William M. Hoffard, 1989.

Hosts

Weevils (family Curculionidae) feed on a
wide variety of plants. In forest nurseries,
seedlings of many species, especially
hemlock, spruce, and Douglas-fir, may be
severely attacked. The most destructive
weevils in nurseries are members of the
genus Otiorhynchus (syn. Brachyrhinus).
These weevils, collectively referred to as
root weevils, include the strawberry root
weevil, O. ovatus; the black vine weevil,

O. sulcatus; the rough strawberry weevil,
O. rugusostriatus; and the woods weevil,
Nemocastes incomptus. Other weevil
species that can cause problems in nurser-
ies are the pales weevil, Hylobius pales;
the pitch-eating weevil, Pachylobius
picivorus; the Japanese weevil, Pseudoc-
neorrhinus bifasciatus; and the yellow-
poplar weevil, Odontopus calceatus.

Distribution

The most severe losses due to weevils
have been observed in the West, but dam-
age can occur almost anywhere.

Damage

Weevils sometimes cause serious
damage to various species of conifer
seedlings, especially in the West where
they are among the most serious insect
nursery pests. Outright mortality may be
widespread. Heavy culling is sometimes
necessary due to severe damage.

Diagnosis

On aboveground plant parts, look for
needles with notches or holes (fig. 51.1)
or stems with small sections of bark
removed. Infested roots or crowns may be

Figure 51.1—Noiches on needles made by feeding of adult weevils. Photo by Chal Landgren, Oregon State University

Extension Service.

entirely stripped of their bark for several
centimeters (fig. 51.2) or debarked on
only one side. Root-damaged trees may
show symptoms reminiscent of damage
due to root pathogens. Adult weevils
have well-developed snouts with clubbed,
elbowed antennae (figs. 51.3 and 51.4).
Adults can be found in the soil litter layer
during the day and on foliage at night.
(Some species estivate in the soil during
hot summer months and become active in
the fall.) Larvae are legless and C-shaped,
with shiny smooth heads, and pale cylin-
drical bodies (fig. 51.5).

Biology

The life histories of weevils vary accord-
ing to species and geographic influences.
A generalized life history of the root wee-
vils mentioned previously will serve as
an example. Weevils overwinter as larvae
or sometimes as pupae and adults at soil

Figure 51.2—Bark stripped from the lower stem
and roots of a fir seedling by feeding of weevil larvae.
Photo by Thomas D. Landis, USDA Forest Service.
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Figure 51.3—Adult black vine weevil. Photo by Ken
Gray. Image courtesy of Oregon State University.

depths of 15 to 20 cm (6 to 8 in). They
emerge as adults from early May to late
July. These adults are present throughout
the remainder of the growing season.
Sometimes two weevil generations are
born per year, but one is more common.
The weevils are night feeders, preferring
to hide beneath leaves, stubs, stones, and
other debris during the day. At night, they
become active, climbing seedling stems
and eating notches in needles and stems.
Egg-laying begins about 4 to 6 weeks
after adults appear and can continue until
September, depending on species. In
about 20 days, the eggs hatch, and the
tiny larvae move deeper into the soil,
where they feed first on fine roots and
later on larger roots. Pupation occurs in
cells just beneath the soil surface.

Monitoring

Determining the onset of adult weevil
emergence and feeding is important in
maximizing egg-laying suppression since
newly emerged females do not begin to
lay eggs for 30 days or more. If effective
control methods are implemented within
1 month after emergence, it is possible

to reduce the local weevil population by
nearly 100 percent. Several monitoring
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Figure 51.4—Adult obscure root weevil. Photo by Ken
Gray. Image courtesy of Oregon State University.

techniques can be employed to determine
the onset of weevil emergence. New
leaves can be observed in early spring
for notching. In addition, the presence of
adults can be confirmed at night in early
spring with a flashlight by inspecting
foliage of strategically placed bait or trap
crops, such as susceptible, nonresistant
rhododendrons on warm, still evenings.
Trapping is still another technique worthy
of discussion. Laying a small piece of
cardboard at the base of affected plants

provides a hiding place that can be
checked the next morning. Pitfall traps
buried near the plants will achieve the
same end.

Control

Cultural

Practicing clean cultivation, rotating
transplant beds, and allowing infested
areas to lie fallow and be thoroughly
cultivated in alternate years are effective
methods of reducing weevil populations.

Chemical

Fumigate seedbeds with a registered prod-
uct before seeds are sown. Fumigation is
very effective in controlling soil-inhabiting
insects like weevils. Application of a
registered adulticide may be advisable.
Make sure application occurs before
egg-laying begins.

Figure 51.5—Root weevil larvae. Photo by Art Antonelli, Washington State University.
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Biological

Entomophagous nematodes can control
weevils very effectively in container-
grown crops. These creatures contain
lethal bacteria that are released into

the body cavities of larvae and pupae.
There are several caveats that need to be
adhered to if this technique is to be effec-
tive. First, inspect the product for quality
and morbidity to be certain the nematodes
are mostly alive at time of purchase.
Also, thoroughly wet the soil prior to ap-
plication so that the nematodes can move
through the soil particles easily in search
of larvae and to maintain their own body
moisture. Never apply the nematodes in
direct sunlight since ultraviolet light will
kill them. The best time for application

is probably in the morning before the

sun comes up or in the evening as the
sun is setting. The soil temperature must
be 11 °C (52 °F) or warmer at the time

of application to activate the nematodes.
Finally, if you apply nematodes with a
sprayer that has a filtering mesh screen in
the nozzle be sure to remove it because

it will stop movement of the nematodes
through the nozzle and onto the soil.
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§2. White Grubs

Albert E. Mayfield, 111

Hosts Diagnosis White grub larvae are fairly large and

White grubs are soil-dwelling larvae

of insects commonly known as “May
beetles” or “June beetles” in the fam-

ily Scarabaeidae. These grubs feed on
herbaceous plant roots and other soil
organic matter, but will also feed on the
roots of woody plants, including all types
of coniferous and hardwood seedlings in
nursery settings. Numerous genera known
to cause damage in forest nurseries
include the common Phyllophaga (with
more than 100 different species), Poly-
phylla, Diplotaxis, Dichelonyx, Serica,
Cotalpa, Anomala, and others.

Distribution

Phyllophaga species and other white
grubs are widely distributed, and can

be found throughout much of North
America, although the geographic range
of an individual species may be more
restricted.

Damage

Depending on the severity and extent of
root injury, damage by white grubs kills
seedlings or reduces their growth and
vigor. Substantial losses may occur when
more than one grub per 0.1 m? (1 ft?)

of soil surface exists. When white grub
problems occur, they may be more severe
on light (i.e., sandy) soils and in newly
turned seedbeds. White grub populations
can become abundant beneath dense sod,
weeds, or agricultural and cover crops in
fallow years, thus nursery bed establish-
ment on or near these sites may increase
the risk of damage.
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White grub damage is typically noticed
from June through early fall, when
formerly healthy seedlings become
discolored, wilt, and die. Aboveground
symptoms may resemble drought injury.
Heavily damaged seedlings can be pulled
gently from the soil due to extensive root
loss (fig. 52.1) Belowground, the taproot
or lateral roots may be chewed off, girdled,
gouged or debarked (fig. 52.2).

distinct, and may be readily detected in
freshly prepared or turned soil. Larval
size varies with age and species, but
mature larvae are typically 20 to 45 mm
(0.8 to 1.8 in) long, C-shaped, creamy-
white, with a brown head, prominent
mouthparts, and three pairs of well-
developed legs (figs. 52.3 and 52.4). The
abdomen is usually slightly enlarged and
translucent, allowing internal contents to
be seen through the skin.

Figure 52.1—Nursery-grown pine seedlings, showing root consumption by white grubs. Photo from Florida
Department of Agriculture and Consumer Services, Division of Forestry.
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Figure 52.2—Extensive white grub damage to seedling on left, including severed taproot, missing lateral
roots, and debarked surfaces. Photo by James D. Solomon, USDA Forest Service, at http://www.bugwood.org.

Adults in the genus Phyllophaga are ro-
bust, oval-shaped beetles with prominent
legs, commonly 12 to 25 mm long, vary-
ing in color from yellow to reddish-brown
to black (fig. 52.5). Other May and June
beetle species may be shiny and brightly
colored. Adults are nocturnal and not nec-
essarily evident at the site where larvae
have caused seedling damage.

Biology

The life cycle of Phyllophaga species
may require 1 to 4 years to complete,
depending on species and geographic
location. Species with 2- and 3-year life
cycles are common, and due to multiple
species and overlapping broods, all life
stages may occur during any given year at
a particular location.

Adults emerge from the ground in the
evenings (typically in May and June)
and move to the foliage of nearby trees
or other vegetation to mate and feed. At
dawn, mated females return the soil and
lay eggs at depths of 3 to 20 cm (1.2 to
8.0 in) beneath the surface. Larvae hatch
within 2 to 3 weeks and begin to feed,
first on soil organic matter and eventually
on nearby seedling roots. In autumn,
larvae migrate downward to depths of up
to 1.5 m (5 ft), depending on temperature,
frost levels, and soil characteristics, and
remain inactive until spring, when they
return to near the soil surface to feed
again on roots. Larvae may repeat these
patterns of root-feeding in the warm
season and downward migration to over-
winter for 1 or more years. When larvae
are fully mature they pupate in earthen
cells and later emerge as adults.
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Figure 52.3—White grub larvae. Photo from Clemson
University—USDA Cooperative Extension Slide Series, at http://
www.bugwood.org.

Control

Cultural

Identify potential problem areas by
scouting for white grubs in the soil at the
start of and throughout seedbed prepara-
tion. Repeated disking of new, fallow,

or infested planting ground, particularly
when grubs are nearest the surface (late
spring through early fall), may help
destroy or reduce grub populations.

Chemical

Seedbed fumigation can eliminate

white grubs in the upper soil horizons,
but overwintering larvae may reside or
migrate to depths below the effective
fumigation zone. Granular and liquid
formulations of insecticides may also be
used against white grubs. Irrigating the
soil before and after insecticide applica-
tion may help to bring grubs nearer to the
surface and move insecticide into the soil,
respectively.
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§3. Animal Damage

David B. South

Hosts

Most plant species grown in nurseries can
be injured by vertebrates.

Distribution

Seed damage caused by animals occurs
worldwide. Damage to plants from
browsing animals varies depending on the
population present on adjoining lands.

Damage

Seed consumption reduces seed efficiency
and profits. Damage to roots is typically
minor when compared with seed losses
and losses from uprooting by browsers.
After the first growing season, clipping
by browsers in the winter is often minor
and typically has no long-term effects on
seedling survival or growth. Browsing
late in the season, however, can result in
complaints from some customers.

Diagnosis

Birds commonly remove the entire seed
from the area. In the absence of tracks,
direct observation is often the only
evidence that birds are the problem. With
large-seeded species, however, empty
husks are often a sign of seed predation
either by birds or rodents (fig. 53.1). Most
managers can identify the animal type by
their tracks (fig. 53.2) and fecal pellets
(when present). Clipping injury caused by
rabbits, hares, and small rodents can usu-
ally be identified by a smooth, oblique cut
on the woody stem or on the cotyledons,
needles, or leaves. Deer browsing injury
is characterized by a splintered, ragged
break on the stem. Meadow voles remove
basal bark from young seedlings, giving
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Figure 53.1—A reduction in seed efficiency caused by crows eating pecans during the germination phase.

Photo by David B. South, Auburn University.

them a fuzzy, finely gnawed appearance.
The presence of burrowing animals, such
as gophers and moles, is detected by
mounds that outline tunnels or burrow
openings.

Control

Habitat Management

Eliminating protective cover (both
within the nursery and in adjacent fields)
will reduce favorable habitat for most
rodents and other small mammals. Small



Miscellaneous Pest Problems

Figure 53.2— Turkey tracks. Photo by David B. South, Auburn University.

mammals are usually wary of crossing
long, exposed distances from their
burrows to newly established seedbeds.
Remove brush, keep grass and weeds
short, and eliminate brush piles and trash
dumps to reduce protective cover.

Predators

Although rodents, rabbits, and birds

are prey for some carnivores, predators
cannot keep their populations low enough
to prevent damage in nurseries. Predators
should be encouraged where their pres-
ence does not pose a problem for workers
because they influence the behavior of
small animals and birds.

Mechanical

Screens or netting can be used to protect
seeds in seedbeds and containers (fig. 53.3).
A fairly rigid material with fine mesh
will keep birds from becoming entangled.

When the animal is readily taking the
bait, set the trap. Trap placement is often
extremely important. Tunnels, burrow
openings, or holes in a fence are excellent
choices for trap placement. Often these
trap sets do not require baiting.

Shooting

Shooting can be effective for certain
animals whose populations are fairly low.
Shooting has the additional advantage of
producing frightening sounds. In the past,
some nurseries employed bird patrols that
warned off birds with shotguns and fire-
crackers. Bird patrols are a labor-intensive
practice, however, which can become
very expensive. Before a shooting or trap-
ping program is undertaken, check local
laws and regulations governing nuisance
animals.

If rodents or rabbits are a problem, the
netting edge should be buried to prevent
digging beneath the barrier. A wire mesh
fence 76 to 90 cm (30 to 36 in) tall may
help exclude meadow voles and rabbits.
Holes should be no larger than 6 mm
(0.25 in) for voles and 25 mm (1 in) for
rabbits. The bottom 15 ¢cm (6 in) should
be turned outward and buried in the ground
15 cm (6 in) deep. The fence must include
tight-fitting gates and sills to keep animals
from digging below the bottom rails. Some
managers use a tall woven wire fence to
exclude deer and other large mammals
(fig. 53.4). Tight attachment to the ground
is important because deer frequently try
to go under fences. Electric fences can
also be used to deter large browsers.

Trapping is practical for controlling
animal pests whose numbers are not
too great. Select a trap designed for the
animal. It is usually best to bait traps
and leave them unset for several days.

Figure 53.3—Shade cloth is sometimes used to
protect seed from birds. Photo by David B. South, Auburn
University.
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Figure 53.4—A high fence can reduce the amount of damage from deer. Photo by David B. South, Auburn University.

Scare Methods

Firecrackers, propane guns, whistles,
horns, scarecrows, flashing lights, and
various other devices have been used to
frighten birds and deer. However, some
animals quickly adapt and eventually
ignore these methods. Relocating the
devices periodically and combining
them with human activity may help them
remain effective longer.

Chemical

Repellents can be effective against some
birds or animals, but no single chemical
is a universal repellent. Area repellents
are sprayed on vegetation or cloth strips
and placed around a crop to keep animals
away. Taste repellents are sprayed
directly on a crop to deter feeding. Since
new shoot growth is not treated and most
chemicals wash off, a single treatment to
foliage is usually ineffective. Repellents
are often used on seed to deter predation
by birds. Repellent use does not require a
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permit but the product must be registered
for such use in the State.

In the past, baits laced with lethal
avicides were used to kill birds. Manag-
ers now prefer to use sublethal dosages
to train crows and other birds to avoid
nursery fields. Nursery managers should
check with their local county extension
agent, U.S. Department of Agriculture,
Animal Plant Health Inspection Service
(USDA-APHIS), or U.S. Department
of the Interior, U.S. Fish and Wildlife
Service to determine if a permit is needed
before using any product or method to
control protected bird species.
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§4. Environmental and Mechanical Damage

Michelle M. Cram

Hosts

Abiotic damage from temperature
extremes, wind, drought, and mechanical
damage can affect all forest nursery seed-
lings. Seedlings grown from seed sources
of a lower latitude or elevation are more
susceptible to environmental damage.

Diagnosis

Diagnosis of abiotic damage is often
determined by the damage pattern, tissue
damage, and records on weather or cultural
treatments. Environmental damage tends
to be relatively uniform; often affecting a
particular crop or seed source more than
others (fig. 54.1). Seedlings affected by
freeze damage, heat, or drought may go
unnoticed for weeks or even months, until
stunting or seedling mortality is obvious.
Freeze or heat damage will eventually be
visible as discolored foliage or inner tis-
sue, stem constrictions, and lesions. Early
visual assessment of lethal cold damage
is possible following a freeze or unusual
winter warming event. Place affected
seedlings indoors at room temperature in
a plastic bag or other containment to pre-
vent desiccation; after 2 to 8 days look for
brown or water-soaked tissue of the stem,
buds, needles, or roots (container seed-
lings). Other more quantitative testing

for injury is possible with measuring the
level of electrolyte leakage or chlorophyll
fluorescence emissions; however, these
tests have some drawbacks aside from
equipment and technical requirements.
Electrolyte leakage must be compared
with standard response curves for the
species and seed source to be accurate.
Chlorophyll fluorescence testing requires
green tissue and cannot be used with
hardwoods. These tests may not be as ac-
curate in determining lethal damage as the
more time consuming visual assessment.

Figure 54.1—Germinating white oak seedlings were the only species damaged by a December freeze.

Photo by Michelle M. Cram, USDA Forest Service.

Seedling damage related to cultural or
mechanical injury usually produces a sys-
tematic pattern within the nursery beds.
Poor irrigation and shallow undercutting
are examples of cultural or mechanical
damage that produce systematic patterns.
Diagnosis of mechanical damage can
usually be confirmed visually. Occasion-
ally, stunting related to irrigation or heat
damage can be mistaken as a disease and
may require a pathologist or soil testing
to rule out pathogens or nematodes.

Specific Problems

Frost

Freeze injury occurs when seedlings are
not cold-hardy enough to tolerate freezing
temperatures. Foliage damaged by frost
will turn from light yellow to red (fig. 54.2).
Freeze damaged stem and root tissue be-
comes discolored and eventually turns the

Figure 54.2—FEastern white pine foliage damaged
by frost. Photo by Michelle M. Cram, USDA Forest Service.

bark brown or red. A stem constriction can
form on a frost-damaged seedling that is
able to continue photosynthesis (fig. 54.3).
These seedlings can go unnoticed until
they become stunted and discolored during
the growing season.

Trees become acclimated to withstand
freezing temperatures in response to
shortened days, lower temperatures
(accumulated chill hours), and reduced
moisture. Frost damage is more likely in
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Figure 54.3—Freeze injury causing a constriction
and inner tissue discoloration of a Fraser fir seedling.
Photo by Michelle M. Cram, USDA Forest Service.

years with unusually warm fall weather
that encourages active growth. Similarly,
unusual warm periods during the late
winter and spring can cause some species
or seed sources to break dormancy early,
leading to tissue damage when freezing
temperatures return.

Frost Heaving

In the fall and spring, soil in nursery beds
can freeze during the night and thaw dur-
ing the day causing the soil and seedlings
to lift and fall in response (fig. 54.4). Frost
heaving damages seedlings mechanically

by breaking the roots and lifting the seedlings
out of the ground. First year seedlings and

transplants in wet, fine textured soils are
most vulnerable to frost heaving.
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Winter Burn

Seedling winter burn occurs when
seedlings transpire in response to warm,
windy weather when the ground is still
frozen or dry. Under these conditions
seedlings are unable to take up water and
the exposed needles and stems become
desiccated. Seedling needles turn yellow
to red and appear scorched in response to
desiccation. Seedlings in containers and
in exposed locations have a greater winter
burn probability.

Figure 54.4— Seedlings and soil displaced by frost
heaving. Photo from USDA Forest Service Archives.

Heat Lesions

Seedlings develop lesions or are girdled
when ground temperatures reach greater
than 52 to 54 °C (126 to 129 °F). Heat
lesions on succulent seedlings can range
from superficial white spots on stems
facing the sunlight to a full constriction
at the base (fig. 54.5). Young succulent
seedlings with severe heat lesions will
collapse and may be confused with
damping-off. Older seedlings damaged
by heat will often remain erect with a
constricted base (fig. 54.6). Damaged
seedlings with functioning xylem can
become stunted and develop a slight
swelling above the heat lesion where
carbohydrates accumulate.

Drought

Moisture stress can occur in forest
nurseries if irrigation patterns are poor or
fail altogether due to either mechanical
or human error. Similar damage occurs
if seedling transpiration rates exceed the
ability of the roots to absorb moisture

Figure 54.5—Heat lesions on loblolly pine seedlings. Photo by Michelle M. Cram, USDA Forest Service.
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under periods of high heat and dry winds.
Slight moisture stress damage can go
unnoticed initially. Seedlings that receive
less water due to poor irrigation patterns
can become stunted, especially in dry
years, giving the nursery beds a system-
atic wavy pattern (fig. 54.7). Other visible
symptoms of moisture stress include wilt-
ing, graying of foliage, needle and leaf
scorch, and premature foliage drop (fig.
54.8). Aboveground symptoms of drought
can appear similar to root diseases, injury,
or flooding damage.

Wind Abrasion

Seedlings develop lesions and calluses
at the groundline in response to soil
particles hitting the stems during high
winds. Wind abrasion occurs more often
in nurseries with sandy soil and in open
and exposed fields.

Mechanical

Mechanical injury can be diagnosed
based on the damage pattern, cultural
records, and interviews with nursery per-
sonnel. Damage to seedlings can include
severe root pruning, hand weeding, rough
handling, and stripped roots at lifting.
Seedlings with severe root loss from
mechanical injury will have symptoms
similar to drought stress.

Prevention

Frost

Freeze injury can often be controlled

by sowing species or seed sources that
are well adapted to the local conditions.
Avoid late summer applications of
nitrogen fertilizer and allow seedlings to
harden prior to damaging frosts. Protect
container seedlings until they are able to

Figure 54.6—~Pine stem girdled by heat and block-
ing movement of carbohydrates causing the stem to
swell above the damaged phloem. Photo by Edward L.
Barnard, Florida Division of Forestry.

Figure 54.7— Systematic spots of stunted pine
seedling caused by a poor irrigation pattern. Photo by
Michelle M. Cram, USDA Forest Service.

Figure 54.8—Drought damage due to lack of irrigation for 4 days. Photo by Michelle M. Cram, USDA Forest Service.
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withstand freezing cold by maintaining
them under cover or insulated from the
cold until frost damage is unlikely. Irriga-
tion can be used to prevent frost when
the temperatures are above -7 °C (19 °F);
however, it is important to apply enough
water to continue the freezing process
(liquid to solid), which releases heat and
maintains seedlings temperature just
above freezing.

Frost Heaving

The frequency and severity of frost heav-
ing can be reduced with cultural practices
that increase soil drainage and prevent
rapid soil temperature fluctuation between
freeze and thaw. Mulch use insulates

the ground and reduces the effect of the
day-to-night temperature changes. Shade
in the form of manmade covers or natural
shading by vegetation will also protect
seedlings from frost heaving. Uniform
seedling beds with larger root systems
and full crown closure will provide natu-
ral shading and reduce frost heaving.

Winter Burn

Windbreaks help protect overwintering
seedlings from drying winds that lead to
winter burn. Fencing or vegetation wind-
breaks work best when perpendicular to
the direction of the wind. Other cultural
techniques to protect seedlings from
winter burn include thick mulches, shade
cloth, bed frames, or cold protection fab-
ric. In North Central States, snow blowers
have been used to coat seedlings in snow
to protect from winter burns (fig. 54.9). In
Southern States, overwintering conifers
may be subjected to unusual warm peri-
ods (18 to 28 °C, 64 to 82 °F) and require
irrigation if beds become too dry.
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Heat Lesions

Seedbed orientation along the sun’s sum-
mer path, plus optimum seedling density
allows for mutual shading. Sow seedlings
early enough so that seedlings are older
when temperatures reach damaging levels
and have a protective bark layer. If a crop
must be sown late in the growing season,
shading may be required for young and
vulnerable seedlings. Frequent irrigation
during extreme heat periods can be used
to cool ground temperatures. Avoid
using dark-colored mulches that absorb
sunlight.

Drought

Seedling damage from drought can

be avoided through proper irrigation.
Uniform water distribution is especially
important to avoid under-irrigated areas.
Maintain soil water potential to field
capacity and carefully monitor soil water
during seedling germination and early
growth. Increasing the soil organic matter
of well-drained soils will increase the
soil’s water holding capacity. Mulch use
on seedbeds can help prevent evaporation
and reduce water runoff.

Wind Abrasion

Windbreaks reduce soil particle move-
ment that causes wind abrasion damage.
Soil stabilizers such as mulches and poly-
meric adhesives can significantly reduce
soil movement. Other cultural techniques
to stabilize soil include irrigating the soil
surface and sowing cover crops in fields
out of production.

Figure 54.9—Snow blowers are used in Northern
States to coat seedlings in snow for protection from
winter burns. Photo from Minnesota Department of Natural
Resources.

Mechanical

Well-trained and skilled nursery equip-
ment operators are essential to avoiding
mechanical damage. The condition of
the soil, seedlings, and weather should
be taken into consideration prior to any
cultural or lifting operations. Ensure that
seedlings have adequate field moisture
following mechanical treatments to the
root systems to prevent moisture stress.
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§5. Pesticide Injury

David B. South

Hosts

Pesticide injury can occur on all tree
species.

Damage

Injury can range from slight cosmetic
effects to mortality.

Diagnosis

By maintaining untreated check plots, the
nursery manager can determine if seed-
ling injury is due to pesticides (fig. 55.1).
Without check plots, diagnosis can be
difficult, even for a specialist. Successful
diagnosis without check plots requires a
thorough knowledge of the employed pes-
ticide’s modes of action and experience
with injury from inert ingredients, insects,
and certain abiotic factors.

Injury Types

Seedling injury varies with the chemical
used; the adjuvant used; inert ingredients;
the concentration contacting the seedling;
the species, age, and physiological con-
dition of the seedling; the soil texture;
the weather; and other environmental
considerations. Pesticide damage is most
likely to occur when seedling tissue is
young and succulent.

Seed

Some chemical seed treatments may inhibit
germination. In some nursery trials, the
reduction caused by a fungicide seed
treatment may be economically signifi-
cant (for example, 7-percent lower germi-
nation) but not statistically significant.
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Figure 55.1—Pesticide injury can be easily detected by use of untreated check plots. Photo by David B. South,

Auburn University.

Foliage

Newly formed needles may be burned by
inert ingredients like naphtha (fig. 55.2).
In some situations, nitrogen fertilization
can increase succulence of new tissue,
thus increasing susceptibility to injury
from certain herbicides. Some managers
have observed injury to foliage after fu-
migating soil with compounds that release
methyl isocyanate (MITC).

Roots

Certain herbicides can damage seedling
roots. Several dinitroaniline herbicides
can injure root systems if the herbicide is
incorporated into the soil before sowing.
Certain herbicides (for example, sulfu-
rometuron) can also affect the root system
when applied to the soil surface. When
applied directly to roots after lifting, some
fungicides may reduce root growth after
transplanting.

Stems

When applied to the soil surface, some
dinitroaniline herbicides may cause
herbicide galls to form on the stem at

the root collar (fig. 55.3). Occasionally,
some fungicides (for exaple, dicloran) can
also injure stems when applied to newly
emerged seedlings.

Growth

Some pesticide injury will be mostly cos-
metic (fig. 55.1) and may have little effect
on growth. Cosmetic injury may be typi-
cal with some pesticides. In some cases,
however, growth has been stunted when
seedlings are growing in soil containing
an herbicide that has a long half-life.
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Figure 55.2—Seedling injury can be caused by ingredients that are incorrectly labeled as “inert.” All seedlings

in this photo were treated with an insecticide containing naphtha, but only the young seedlings were injured.

Photo by David B. South, Auburn University.

Figure 55.3—Herbicide gall on loblolly pine seedling.
Photo by David B. South, Auburn University.

Reason for Injury

Damage caused by pesticides usually re-
sults from one of the following situations.

Misapplication

Injury to a seedling crop is often the
result of failure to carefully read the
pesticide label. For example, one manager
injured pine seedlings when applying a
wettable dispersible granule as though

it was a granular herbicide. Additional
mistakes include failure to properly clean
equipment, inadequate herbicide solution
mixing, improper equipment calibration,
improper application timing, and failure
to seek expert advice.

Particle Drift

Particle drift involves airborne droplet
movement away from the intended target.
The amount of drift is influenced by
droplet size, microclimate, chemical for-
mulation, and adjuvants. Nozzle type and
size selection is critical. In general, the
smaller the spray droplets are, the greater

the drift. Hence, when applying pesticides
like glyphosate, a coarse spray (large
droplets) should be chosen. Thickeners,
additives, foaming agents, and emulsify-
ing agents can be added to the solution to
affect droplet size and lessen drift.

Vapor Drift

Vapor drift is applied as a solid or liquid
to the target site and then a portion moves
offsite in a gaseous state. In some cases,
this transformation can occur days after
the initial application. As a result, some
managers do not use certain herbicides
(for example, oxadiazon and oxyfluorfen)
in greenhouses since they might “lift off”
and injure susceptible plants. Also, weath-
er conditions can profoundly influence
offsite drift. For example, an inversion
layer can suspend and move MITC vapor
a considerable distance before contacting
sensitive seedlings. To reduce this injury,
some experts recommend covering certain
soil fumigants (for example, metam-
sodium) with a tarp.

Incorrect Formulation

Careful selection of the pesticide formula-
tion can minimize plant damage when the
product is applied directly to seedlings.
Pesticides formulated as granules

or water-dispersible packets are less
likely to cause damage than emulsifiable
concentrates. Pesticide formulations and
adjuvants containing oil can also injure
succulent foliage.

Adverse Weather

Temperature, rainfall, inversion layers,
and cloud cover can affect pesticide
injury. Some pesticides cause damage if
applied during hot or dry weather. During
heavy rainfall events, some water-soluble
herbicides may be carried in surface
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runoff and may accumulate in low spots.
With certain herbicides, injury may result
after high winds that sandblast seedlings
(fig. 55.1), especially if the seedlings are
less than 2 months old.

Research and education are keys to pre-
venting pesticide injury. Seeking expert
advice before applying a pesticide will
likely avoid costly injury. When using
selective pesticides, well-informed man-
agers can often lower the pest population
and minimize the risk of seedling injury.
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§6. Salinity Damage
Katy M. Mallams and Thomas D. Landis

Hosts

Many native plants, including most forest
tree species, are very sensitive to the
level of salts in soil and irrigation water.
Germinants and young seedlings are par-
ticularly sensitive due to their succulent
nature and small root systems. Older
seedlings and transplants become more
tolerant of salinity. Small-seeded or slow-
growing species are more susceptible to
salt damage because they take longer to
grow out of the juvenile succulent stage.

Distribution

Soluble salts are inorganic chemical com-
pounds that release electrically charged
particles called ions when they are dis-
solved in water. The specific compounds
present and total salt concentration in soil
or water will determine whether soluble
salts have a beneficial, neutral, or damag-
ing effect on seedlings. For example,
magnesium sulfate (MgSO,) can be used
as a fertilizer, but sodium chloride (NaCl)
is toxic.

Soluble salts in nurseries can originate
from several sources. Salts accumulate
naturally in the surface soil of arid and
semiarid areas with less than 38 cm

(15 in) of annual precipitation and in
areas where evapotranspiration exceeds
precipitation. Groundwater used for
irrigation in these areas is often high

in salts. In coastal areas, saltwater may
intrude into the groundwater. Overfertil-
ization, improper use of fertilizers, soil
compaction, naturally calcareous soil,
and contaminated mulches can result in
excessive salt levels in nursery soils and
container media.

Damage

There are four ways that soluble salts
can injure seedlings. High concentrations
of soluble salts can reduce the amount
of water available to seedlings through
osmosis, the process that enables plants
to absorb water from the soil. High
concentrations of sodium ions reduce the
permeability and water infiltration rate of
the soil. High concentrations of sodium,
chloride, and boron are directly toxic to
plants. An imbalance of nutrients, such
as calcium, will reduce the availability
of other essential nutrients such as iron,
magnesium, and phosphorus.

Salinity damage can result in mortality
of young germinants and growth losses
in older stock. Growth losses may be
difficult to determine because significant
reductions in growth often occur before
more visible symptoms become evident.
Seedlings that are stunted due to salin-
ity damage may perform poorly after
outplanting due to low vigor or poorly
developed root systems. High concentra-
tions of salts may also reduce frost hardi-
ness and resistance to some pathogenic
fungi. In addition to damaging plants,
high concentrations of soluble salts can
form deposits that clog sprinkler nozzles
and leave unsightly whitish deposits on
foliage.

Hot, dry weather increases the potential
for salinity damage. Irrigation practices
that enable the soil to dry out concentrate
salts in the soil. In particular, brief
irrigation used for cooling seedlings

in hot weather increases salinity at the
soil’s surface due to evaporation, which
pulls salts to the surface where they
concentrate. Soil management practices
can also lead to accumulation of salts

in the seedling root zone, especially in
fine-textured soils. Improper or excessive
cultivation may break down the soil
structure, reducing porosity, inhibiting
water infiltration and drainage, and allow-
ing salts to accumulate. Repeated use of
heavy equipment in seedbeds causes im-
permeable hard pans, which can restrict
drainage. Application of dry inorganic
fertilizers without sufficient irrigation can
concentrate salts at the soil surface where
the roots of young germinants are present.

Diagnosis

Mortality due to salt damage in germinat-
ing seeds and emerging seedlings is
often confused with other diseases such
as damping-off. The pattern of mortality
is often patchy and irregular. In larger
seedlings, symptoms vary depending

on the species, stock type, and age.
Symptoms include chlorosis (fig. 56.1),
scorched needle tips and leaf margins
(fig. 56.2), bluish leaf color, white

Figure 56.1—Chlorosis of young needles, a symp-
tom of iron deficiency associated with saline Soil.
Photo by Thomas D. Landis, USDA Forest Service.

Forest Nursery Pests 185



Miscellaneous Pest Problems

at several different depths, but especially
from the surface horizons where salts ac-
cumulate. An electrical conductivity test
of the irrigation water or a saturated paste
of the soil is the best way to measure

the total soluble salt level. Electrical
conductivity can be determined at the
nursery using a conductivity meter. Read-
ings of greater than 4,000 microSiemens
per centimeter (mS/cm) are considered
excessive, and values between 2,500 and
4,000 mS/cm should be of concern (fig.
56.7). Concentrations of individual salts

Figure 56.2—Scorched needle tips caused by
physiological drought due to high levels of soluble

salts. Photo by Thomas D. Landis, USDA Forest Service. . . .
Figure 56.3—Salt accumulation at the tips of

spruce needles. Photo by Thomas D. Landis, USDA Forest
Service.

deposits on foliage (fig. 56.3), stunting
(fig. 56.4), lack of roots near the surface,
patchy growth patterns (fig. 56.5), and
mortality. Salt crystals can sometimes be
seen on seedling roots when examined
under a microscope. Soil characteristics
may also provide evidence for salinity
damage. Calcareous soils often develop a
white crust on the surface (fig. 56.6) that
effervesces when tested with a drop of
dilute acid. Soil high in sodium salts is
blackish with a slick feel.

In most cases, salinity damage is very
difficult to identify solely by visual symp-
toms. Accurate diagnosis requires com-
prehensive evaluation that should include
chemical analysis of the soil or container
media, irrigation water, and seedling

foliage. Soil samples should be collected
Photo by Thomas D. Landis, USDA Forest Service.
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can be measured by laboratory tests of
water extracted from the soil. Salinity can
be described in terms of total salinity, or
concentrations of specific salt ions. High
pH may also be an indicator of excessive
salt levels.

Control

The best solution for problems with
salinity is to avoid them through careful
selection of nursery sites. During the

site selection process, both the irrigation
water and soil should be tested for total
soluble salts and the relative concentra-
tions of specific salts. Soil permeability
and porosity should also be tested to de-
termine the leaching potential of the soil.
In established nurseries, the soil should
be mapped to identify problem areas and
ensure that sensitive species and stock
types are planted on the best soils. Irriga-
tion water should be tested several times a
year to monitor changes in salinity.

Figure 56.4— Stunted seedlings, often in a variable pattern, are a characteristic symptom of saline soil.
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Cultural

In bareroot nurseries, cultural practices
such as deep-ripping, addition of organic
matter, and leaching of salts can alleviate
the effects of saline water and prevent
buildup of salts in the soil. Leaching
consists of applying large amounts of
water to the soil to dissolve salts and flush
them down below the seedling root zone.
This treatment should be conducted while
fields are fallow and after deep-ripping to
break up any impermeable hard pans and
promote rapid drainage.

Deep irrigation to decrease the levels of
salts in the surface soil during germina-
tion and seedling emergence can reduce
the potential for damage. It is important,
however, to ensure that the soil does not
become waterlogged during this treatment
or seedlings may become vulnerable to
root diseases. It is always best to irrigate
during times when the evapotranspiration
rate is low to avoid salt buildup in the
surface soil.

Figure 56.5—Stunting and chlorosis often occur in irregular patches throughout the seedbed. Photo by Thomas
D. Landis, USDA Forest Service.

Mulches are a good way to maintain con-
sistent soil moisture, decrease evaporation
from the soil, improve water infiltration,
and prevent the formation of salt crusts.
Light-colored mulches are recommended
to avoid heat damage to seedlings that

Figure 56.6—Salt crust on the surface is an indica- may occur with the use of dark-colored
tor of saline soil. Photo by Thomas D. Landis, USDA Forest mulches. A thin layer of fresh sawdust
Service.

or hydromulch, about 1 cm thick, may

be used as mulch on top of newly sown
seedbeds or on seedlings after emergence.
Sand or grit can also be effective as a
mulch but should be tested for salts before
use.

Inorganic fertilizers are salts, so it is criti-
Figure 56.7—Guidelines for interpreting soluble cal that they be applied carefully because

gjr/e[sfggfvﬂﬂamms‘ Graphic by Thomas . Landis, USDA they add to the total salt level. In nurseries
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with naturally saline soil or water, only
products with a low salt index should

be used. In container nurseries, use of
very dilute liquid fertilizer or controlled-
release fertilizer is recommended to keep
salts within acceptable limits. Several
small fertilizer applications are less likely
to cause damage than one large presowing
application. Organic fertilizers such as
sewage sludge and animal manure should
be tested before they are purchased as
they may contain high levels of salts,
heavy metals, or even poisons.

Chemical

Chemical treatments should be applied
only after thorough testing to avoid
creating additional problems. Soils with
excessive levels of sodium can be treated
by adding gypsum at a rate of about
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22.4 metric tons per ha (10 tons per acre).
Adding gypsum will improve the porosity
and infiltration rate of the soil. Soils high
in calcium can be treated with elemental
sulfur at a rate of 560 to 1,120 kgs per

ha (500 to 1,000 Ibs per acre). Elemental
sulphur converts calcium carbonate to the
more soluble calcium sulfate. Sulfur treat-
ments also lower soil pH but, because the
process takes time, it should be applied

at least 1 year before a crop is sown. A
significant lowering of soil pH may take
many years to accomplish.
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Index of Nursery Pests

This index lists the pests mentioned in the numbered chapters. It includes scientific names of the pathogens and insects, as well as common names
of diseases; insects; other biotic pests such as mammals; and environmental factors, such as frost. The number(s) after the name of the pest refers
to the chapter(s) where information can be found.

Abiotic damage, 54
Actinomycetes, 34
Amphimallon majalis, 52
Animal damage, 53

birds, 20, 44, 47, 53

deer, 53

gophers, 53

hares, 53

meadow voles, 53

moles, 53

rabbits, 53

rodents, 53
Anomala spp., 52
Anoplonyx occidens, 22
Anthracnose, 23, 39
Anurogryllus spp., 44

A. arboreus, 44
Aphids, 42, 48
Apiognominia spp., 23
Aspergillus spp., 39
Asperosporium sequoiae, 12
Aureobasidium spp., 23
Bacteria, 24, 34, 35, 41
Bacterial leaf spot, 24
Barbara spp., 49
Beetles, 29, 30, 49, 50, 52
Black root rot, 31
Blackstem disease, 26
Blister rust, 19
Borers, 29, 46, 49
Botrytis blight, 35, 40
Botrytis cinerea, 35
Brachyrhinus spp., 51
Brown felt blight, 18
Brown spot needle blight, 1, 4
Calonectria kyotensis, 32
Caloscypha fulgens, 39
Cankers, 3, 10, 11, 13, 14, 16, 19, 23, 24, 26,

29, 34, 35, 39, 40
Ceratobasidium spp., 15
Cercospora blight, 9
Cercospora sequoiae, 9, 12
Cercospora sequoiae var. juniperi, 9
Charcoal root rot, IPM, 31
Chlorosis, 28, 32, 34, 36, 37, 38, 41, 56
Chrysomela scripta, 30
Cinara spp., 42

Clearwing borer, 29
Cold temperatures, 41, 54
Collar rot, 3, 10, 31, 37
Colletotrichum spp., 23
Cone beetles, 49
Cone borers, 49
Cone moths, 49
Coneworms, 49
Conophthorus spp., 49

C. coniperda, 49
Contarinia spp., 49

C. oregonensis, 49
Cotalpa spp., 52
Cottonwood borer, 29
Cottonwood leaf beetle, 30
Crambidae, 20
Cranberry girdler, 20
Crickets, 44, 47
Cronartium quercuum, 5
Cronartium quercuum f.sp. fusiforme, 6
Cronartium ribicola, 19
Cryptocline spp., 23
Crysoteuchia topiaria, 20
Curculio spp., 49
Curculionidae, 51
Cutworms, 43
Cyclaneusma minus, 8
Cydia spp., 49

C. latiferranea, 49
Cylindrocarpon root disease, 2
Cylindrocarpon spp., 2

C. cylindroides, 2

C. destructans, 2

C. didymum, 2

C. tenue, 2
Cylindrocladiella spp., 32
Cylindrocladium diseases, 32
Cylindrocladium spp., 32

C. floridanum, 32

C. parasiticum, 32

C. scoparium, 32
Cytospora spp., 26

C. chrysosperma, 26
Damping-off, 3, 10, 14, 15, 31, 32, 33, 39, 43,

54, 56
Dark-winged fungus gnat, 45
Diaporthe lokoyae, 13

Dichelonyx spp., 52
Dingy cutworm, 43
Dioryctria spp., 49
Diplodia canker, 3
Diplodia collar rot, 3
Diplodia pinea, 3, 39
Diplodia scrobiculata, 3
Diplodia shoot blight, 3, 17
Diplodina spp., 23
Diplotaxis spp., 52
Diprionidae, 22
Discella spp., 23
Discula spp., 23, 39

D. destructiva, 39
Dothichiza spp., 26

D. populea, 26
Dothiorella spp., 46
Dothistroma needle blight, 1, 4
Dothistroma pini, 4
Dothistroma septosporum, 4
Douglas-fir cone gall midge, 49
Douglas-fir seed chalcid, 49
Drepanopeziza spp., 25
Drought, 13, 46, 52, 54, 56
Eastern gall rust, 5
Elasmopalpus lignosellus, 46
Endocronartium harknessii, 5
Environmental damage, 41, 54
Eotetranychus spp., 50
Eriophyoid mites, 50
Eriophyoidea, 50
Eruptio acicola, 1
Erysiphe spp., 28
Eucosma spp., 49
Feltia ducens, 43
Field crickets, 44
Filbertworm, 49
Foliage blight, 10, 11, 12, 18, 32, 35, 40
Freeze injury, 54
Frost, 7, 13, 23, 35, 40, 54
Fungus gnats, 14, 45
Fusarium root disease, 34
Fusarium spp., 2, 14, 26, 31, 33, 34, 38, 39

F. acuminatum, 34

F. avenaceum, 34

F. circinatum, 14, 39

F. commune, 34
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F. equiseti, 34

F. moniliforme var. subglutinans, 14

F. oxysporum, 34, 39

F. proliferatum, 34

F. “roseum” complex, 34

F. sambucinum, 34

F. solani, 26, 34

F. sporotrichioides, 34

F. subglutinans, 14, 39
Fusarium stem disease, 34
Fusiform rust, 5, 6
Gall midges, 49
Gall mites, 50
Gall rust, 5
Galls, 5, 6, 29, 36, 42, 46, 48, 49, 50, 55
Gliocladium spp., 35
Glomerella spp., 23
Gnominia spp., 23
Gnomoniella spp., 23
Gnophothrips fuscus, 49
Gray mold, 35
Gremmeniella abietina, 16
Gryllotalpidae, 47
Gryllus spp., 44
Heat, 26, 41, 54, 56
Herpotrichia juniperi, 18
Hoplolaimus spp., 36
Hylobius pales, 51
Hypocotyl rot (see Fusarium), 34
June beetles, 52
Kabatina juniperi, 12
Larch needle cast, 7
Lasiodiplodia theobromae, 26, 39
Leaf beetle, 30
Leaf blight, 23, 24, 40
Leaf rust, 27
Leaf spots, 23, 24, 25, 26, 32, 40
Leaffooted pine seed bug, 49
Lecanosticta acicola, 4
Lepidoptera spp., 43
Leptoglossus spp., 49

L. corculus, 49

L. occidentalis, 49
Lesser cornstalk borer, 46
Longidorus spp., 36

L. americanus, 36
Lophodermium spp., 8

L. seditiosum, 8
Lophophacidium hyperboreum, 18
Lower stem canker (see Fusarium), 34
Lygus bugs, 48
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Lygus spp., 48

L. elisus, 48

L. hesperus, 48

L. lineolaris, 48
Macrophomina phaseolina, 31
Marssonina blight, 25
Marssonina spp., 25

M. balsamiferae, 25

M. brunnea f.sp. brunnea, 25

M. brunnea f.sp. trepidae, 25

M. castagnei, 25

M. populi, 25
May beetles, 52
Mechanical damage, 54
Megastigmus spermotrophus, 49
Melampsora spp., 27

M. medusae, 27

M. occidentalis, 27
Meloidodera spp., 36
Meloidogyne spp., 36
Meria laricis, 7
Microsphaera spp., 28
Miridae, 48
Mole cricket, 47
Moths, 20, 21, 29, 43, 46, 49
Mucor spp., 39
Mycetophilidae, 45
Mycoplasmas, 41
Mycosphaerella dearnessii, 1
Mycosphaerella pini, 4
Nantucket pine tip moth, 21
Needle blight, 1, 4
Needle cast, 1,7, 8
Nematodes, 31, 36, 41, 54

dagger nematode, 36

ectoparasitic nematodes, 36

endoparasitic nematodes, 36

lance nematode, 36

lesion nematode, 36

needle nematode, 36

pine cystoid nematode, 36

root-knot nematode, 36

stubby-root nematode, 36

stunt nematode, 36
Nemocastes incomptus, 51
Neodiprion spp., 22

N. burkei, 22

N. lecontei, 22

N. pinetum, 22

N. sertifer, 22

N. similis, 22

N. tsugae, 22

Neopeckia coulteri, 18
Noctuidae, 43
Odontopus calceatus, 51
Oidium spp., 28
Oligonychus spp., 50

0. bicolor, 50

O. coniferarum, 50

0. ilicis, 50

0. milleri, 50

O. platani, 50

0. subnudus, 50

O. ununguis, 50
Oomycetes, 33, 37, 38, 40
Otiorhynchus spp., 51

0. ovatus, 51

O. rugusostriatus, 51

O. sulcatus, 51
Ovulariopsis spp., 28
Pachylobius picivorous, 51
Paranthrene dollii, 29
Passalora blight, 9
Passalora sequoiae, 9, 12
Penicillium spp., 39
Peridermium harknessii, 5
Pestalotia spp., 10, 39
Pestalotiopsis foliage blight, 10
Pestalotiopsis funerea, 10
Pesticide injury, 55
Phacidium abietis, 18
Phacidium infestans, 18
Phoma blight, 11
Phoma spp., 11

P. eupyrena, 11
Phomopsis blight, 9, 12
Phomopsis canker, 13
Phomopsis spp., 12, 13, 26

P. juniperovora, 12

P. lokoyae, 13

P. macrospora, 26

P. occulta, 13
Phyllactinia spp., 28
Phyllophaga spp., 52
Phyllosticta spp., 24

P. minima, 24

Phytophthora root rot, 37

Phytophthora spp., 2, 33, 37, 38, 40

P. cactorum, 37

P. cinnamomi, 37
P. citricola, 37

P. cryptogea, 37

P. dreschleri, 37

P. gonapodyides, 37



P. megasperma, 37

P. pseudotsugae, 37

P. ramorum, 40

P. sansomeana, 37
Pikonema alaskensis, 22
Pine needle cast, 8
Pine tip moth, 21
Pitch canker, 14, 39
Pitch pine tip moth, 21
Plant bugs, 48
Plectrodera scalator, 29
Pleochaeta spp., 28
Ploioderma lethale, 8
Podosphaera spp., 28
Polyphylla spp., 52
Popillia japonica, 52
Poplar canker, 26
Poplar leaf rust, 27
Post-emergence damping-off, 14, 32, 33
Powdery mildew, 28
Pratylenchus spp., 36
Pre-emergence damping-off, 14, 32, 33
Pristiphora erichsonii, 22
Pseudocercospora spp., 9, 24

P. fuliginosa, 24

P. juniperi, 9
Pseudocneorrhinus bifasciatus, 51
Pythium root rot, 38
Pythium spp., 2, 33, 38

P. aphanidermatum, 38

P.irregulare, 38

P. mamillatum, 38

P. splendens, 38

P. sylvaticum, 38

P. ultimum, 38
Ramorum blight, 40
Rhizoctonia blight, 15
Rhizoctonia spp., 15, 33
Rhizopus spp., 39
Rhyacionia spp., 21

R. bushnelli, 21

R. frustrana, 21

R. rigidana, 21

R. subtropica, 21
Rhytisma spp., 24

R. punctatum, 24
Root disease, 2, 31, 34, 36, 41, 54, 56
Root rot, 15, 31, 32, 36, 37, 38, 39
Root weevils, 51
Rust, 5, 6, 19, 27

Rust mites, 50
Salinity, 56
Salinity damage, 56
Salt damage, 56
Sarcotrochila spp., 18
Sawflies, 22
European pine sawfly, 22
hemlock sawfly, 22
introduced pine sawfly, 22
larch sawfly, 22
lodgepole sawfly, 22
redheaded pine sawfly, 22
two-lined larch sawfly, 22
white pine sawfly, 22
yellowheaded spruce sawfly, 22
Scapteriscus spp., 47
S. abbreviatus, 47
S. borelli, 47
S. vicinus, 47
Scarabaeidae, 52
Sciaridae, 45
Scirrhia acicola, 1
Scleroderris canker, 16
Sclerophoma pythiophyla, 12
Sclerotium bataticola, 31
Seed and cone insects, 49
Seed bugs, 49
Seed fungi, 39
Seed worms, 49
Septoria leaf spot, 24
Septoria spp., 24, 26
S. alnifolia, 24
S. musiva, 26
S. populicola, 26
Serica spp., 52
Shieldbacked pine seed bug, 49
Shoot blight, 3, 10, 12, 13, 17, 23, 35, 40
Short-tailed crickets, 44
Shortwinged mole cricket, 47
Sirococcus shoot blight, 17
Sirococcus spp., 11,17, 39
S. conigenus, 17, 39
S. piceae, 17
S. strobilinus, 17
S. tsugae, 17
Slash pine flower thrips, 49
Snow blight, 18
Snow mold, 18
Soluble salts, 41, 56
Southern mole cricket, 47

Sphaeropsis spp., 3, 11,39
S. sapinea, 3, 39
Sphaerotheca spp., 28
Spider mites, 41, 50
Spruce spider mites, 50
Streptopodium spp., 28
Sudden oak death, 40
Taphrina spp., 24
T. populina, 24
Tawny mole cricket, 47
Taylorilygus apicalis, 48
Temperature extremes, 54
Tenthredinidae, 22
Tetranychidae, 50
Tetyra bipunctata, 49
Thanatephorus spp., 15
Tip blight, 10, 12, 15, 17, 40, 54

Tip moth, 21

Tortricidae, 21
Trichoderma spp., 35, 39
Trichodorus spp., 36

Trisetacus spp., 50
Tubakia dryina, 24
Tubakia leaf spot, 24
Tylenchorhynchus spp., 36
T. claytoni, 36
T. ewingi, 36
Uncinula spp., 28
Upper stem canker (see Fusarium), 34
Viruses, 41, 42
Weevils, 49, 51
black vine weevil, 51
Japanese weevil, 51
obscure root weevil, 51
pales weevil, 51
pitch-eating weevil, 51
root weevils, 51
rough strawberry weevil, 51
strawberry root weevil, 51
woods weevil, 51
yellow-poplar weevil, 51
Western conifer seed bug, 49
Western gall rust, 5
White grubs, 52
White pine blister rust, 19
White pine cone beetle, 49
Wind abrasion, 54
Winter burn, 54
Xiphinema spp., 36
X. diversicaudatum, 36
Yellows, 41
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Index of Host Plants

This index contains the common names and Latin names (in parentheses) of host trees, as listed in chapters.
Chapter numbers follow the common and Latin names.

ALer (AINUS SPP.) ceveeeeeeiieeeeieseee s 30
1€d (A. FUDFQA) ..t 24
ASh (Fraxinus SPp.) «c.cceeeeeeeeeninseeeinseeeeneseeenenes 23
Oregon (F. [atifoli@) ........ccceevrnninieiicceneens 40

Bald cypress (Taxodium diStichum)...............ccccceoeueune. 9,46
Beech (Fagus SPP.) oo 40
Birch (Betula Spp.) .....cvevveeeeveeeieeieeirieeeeeisieveesenns 23,37
Black locust (Robinia pseudoacacia) ................cuen.... 46

Black tupelo (Nyssa sylvatica)..........ceeeevevneereeennnnns 46
Black walnut (Juglans nigra)............cceceeeeveerveeeeenennns 23,28,32,37
Buckeye (Aesculus Spp.) ....cveveveveeeeinieseseiineeeeens 28
California bay laurel (Umbellularia californica)........... 40
California nutmeg (Torreya californica) ....................... 40
Catalpa (Catalpa spp.) ....cccoeeevvveeeeennsceinnseeeeene 23

Cedar, true (Cedrus Spp.) ......ccoveeeeeenrseeoinnseieeenens 12,17, 50
eastern red (Juniperus virginiana)...............c........ 9,12,44, 46, 47
incense (C. alocedrus decurreus) ...........c..uu.... 50
northern white (Thuja occidentalis) ...................... 37
western red (Thuja plicata) .............ccoeveeeeunne. 13, 18,49

Cherry (PrUnUS SPP.) .voveveeeereerierereieesssieseissssssssessssnnnns 24,28
chokecherry (P. Virginiana)..............c.coecvevevevevnnn. 24

Chestnut, American (Castanea dentate)......................... 37

Common persimmon (Diospyros virginiana)................ 24

Cottonwood (Populus SPP.) ..ccceeeeeeeenieeeeeiinirisieesennns 28,29, 30

black (P. trichocarpa) ................cccocvevevvvnenenne 24
eastern (P. deltoids) .......cccoeevveeecinnneeinennnns 29, 30
Cypress (CUPFESSUS SPP.)cveeeeervrereeeeiniririeieeereseeieenenens 9,12,50
A1izona (C. AFiZONICA) ....ccueeveeeevereierereiereieieeeaens 46
Dogwood, flowering (Cornus florida) ................ccc.c.... 28,32, 39, 46
Douglas-fir (Pseudotsuga menziesii) ............coveeueenne 2,11, 13, 18, 20, 34, 35, 37, 40, 48, 49, 50, 51

coastal (P. menziesii var. menziesii) ............c......... 13
Rocky Mountain (var. glauca) ..........cccocoeoeeeeuennene 13

EIM (UIMUS SPP.) cvveverveieieieiririeieieeesisievesssssesesssnnnns 23,28, 47

Eucalyptus (Fucalyptus Spp.)...c.ccceeeveeeeserrnsreeennennns 32

Fir, true (ADIes SPP.)..ceeeveceeereneeeeieenseiesenseisnseisenenn 2,3, 11,18, 34,37, 48, 49, 50, 51
alpine (A. lasiocarpa) .........eeecvcveveneeecveenennnnnns 18

balsam (4. balsamea) ............cccevveceeveereeecenenens 18
California red (4. magnifica)...........cccocececcceennne 11, 18, 40
European silver (4. alba)............oocevevvecececcnennne 18

Fraser (4. frasert) ...ccocveeecinnnceinneeecnees 37,48, 54
grand (A. @Frandis) ......ccoeeeeeevveecennreeenenenes 18, 40, 49
NOble (A. Procera) .........ucecennveeenensceienens 18, 20
Pacific silver (4. amabilis) ...........ccceceevevvreecvnnennne. 18,22
red (A. MAGRIfICA) ... 11, 18,40
subalpine (4. [asiocarpa).............cocovcvvvnenenencnne. 18

white (A. CORCOIOT) . ..cvvvuereriieieeeieieereeeeies 11, 18, 40
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Hemlock (TSuga SPp.).eeeeeeeeeeeneeeeieinirseeeieieeeeens 17, 22, 35, 37, 50, 51

eastern (7. canadensis) ...........ouweecececccccenenns 18
mountain (7. mertensiana) ...............eceeeeeeererennnn. 17,18
western (7. heterophylla)..............cccveevvvcenenne 13, 18, 40, 49
Hickory (Carya spp.) ..c.oeeeeenveceeennsceininsceeeene 23,28, 49
Horse chestnut (Aesculus hippocastamon) .................... 40
Juniper (JURIDETUS SPP.) ecveveerereeeciiirinisicieiineceeeene 9,12, 18,50
Alligator (J. deppeana)..............coueeeeeeveeeennnee 18
Creeping (J. horizontalis) ...........oceeeoeeeeennnns 18
Rocky Mountain (J. scopulorum).............c.ccuen.... 9,18
Larch (Larix SPp.) cococeceeeeeceeessnnnenicceteeeeenenas 3,7,20,27,34,35,37, 40, 48, 50
European (L. decidua) ..........ccovvvveenveerirnernnnns 7
hybrid (L. eurolepis)........cccceceevvevereecenerereeeennns 7
Japanese (L. kaempferi) ..........cooceveevvveevcenennnnnn. 7,40
Siberian (L. SiDirica)..........ccoccceevvvnnnninenccnes 7
tamarack (L. 1aricing).........ccccovveecinnveeccnennnnnn. 22
western (L. occidentalis) ..........cocveoveeneceenenens 2,7,13,22,37,49
Linden (Tilia SPP.) «.cceveveeeeeeenineieieinineeeeerseeeeene 23
MapIe (ACET SPP.).vveveeireeieiiiirisiciecrirse et 23,24, 28, 40, 41, 47
bigleaf (4. macrophyllum)..........c...cccccevvveeenns 24, 40
Norway (4. platanoides) ............c.cccccoveevvvecvnenens 28
1€d (A. FUDFUM) .o 24,41
OaK (QUEFCUS SPP.) evvevrvrreerereirieiereiresisissesssssssessssnnns 5, 6,23, 24,28, 36, 37, 40, 49, 50
black (Q. Veluting) ........coeveveeeerevereecirerereiesenns 23
bur (Q. MACTOCATDA)......cvveveeeririererririereirereens 523
California black (Q. kelloggii).......cccccvverevvvnunnnn. 40
canyon live (Q. chrysolepis)........ccoccveveeevcenenennnn. 40
cherrybark (Q. pagoda) ..............ooevevvvcccncnnnne 32
coast live (Q. agrifolia) ..........oeeeececccccennnns 40
red, northern (Q. rubra)........ccvveevvevvcecinennnn, 23,32
Shreve’s (Q. parvula var. shrevei) ... 40
Southern red (Q. falcate) ..........cooovveueeinnnnennn. 6
Water (Q. MEGFA) c.cuereeeveeiirieieieienieieeiee e 6
White (Q. @lba).......c.ooveeuveecriienccrirecnenne 23, 54
Pacific madrone (Arbutus menziesii) ..........ccocoeveerenns 40
Pecan (Carya illinoinensis)........c..coceeveeveeecrenrieeecnennnns 23,53
PN (Pins SPP.) cveveeeeeeeieeieieieieieisssnresit e 1-6, 8, 10, 14-19, 21, 31, 34, 36, 37, 39, 41, 44, 48-50, 52, 54, 55
Aleppo, (P. halepensis) ......c.ccvvveveveveeerienernennns 5,8
Austrian (P. HIQEa).....vcvveeeeieerieeeiieieieeeeneeenns 3,4,8,16
biShOp (P. MUFICAIA) ...cevveeeeieiieieieieiieieiernenns 5,14
bristlecone (P. aristat@) ...........coceceeceevrereereennenens 18, 19
Canary Island (P. canariensis) ..........c.c.cccccccceunee 5
Coulter (P. cOUlteri)........cuvmnmnnnieieiicccenenenns 5
Cuban (P. CUDENSIS).....covueeinerreeirinieieieenereeies 8
castern White (P. SIFODES) .....c.coveueeneeucnicecenencnns 1, 8,10, 16, 18, 19, 21, 22, 32, 49, 54
foxtail (P. balfouriana).................ccccvveevcnennnnne. 18
gray (P. SHiniana) ...........cccceeveecccnnnccncnenennns 58
jack (P. bankSiana)............ccevevsnieencccssnnenns 3,5,16,17,22
Japanese black (P. thunbergii) ..........c.ccocoueeueunee 8
Jeffrey (P. Jeffreyi).....ccouummmrnnnniniiiciceeieneans 58,18
knobcone (P. attenuara) ..........cococevevvevevrrereeenennnns 5, 14
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Hmber (P. flEXiliS) .....ccoeeueuevvrnniniriecccccieienenns 8, 18,19

1oblolly (P. 1aeda)..........ooovveeeeeeerenrieieieiinns 1,6,38,14,15,21,22,36, 46, 48, 49, 54, 55
lodgepole (P. CONtOTtA)......cccuvureveeeeinerieeieierenns 4,5,8,11, 16,17, 18,22, 49
longleaf (P. palustris) .........coeoeeeeeennninieineenn, 1,6, 14,15,21,22,32,39,49
Monterey (P. radiata)............cocvveeecceeneveecccnennnnn. 3,4,5,8, 14,21, 39
MUEO (P. MUZO0) .t 3,5,8,11,18
PItCh (P. Figida) ...ovveeeeeeeiiiiceceeeee e 1,6,8,21
PONd (P. SEFOLINGA) ...t 1,6,8
ponderosa (P. ponderosa)............cceeeeveerereeecnsnnens 3,4,5,8,11, 18,21, 49, 50
1€d (P. FESINOSA) «evveveveerrerereierieiereiesesieseisenseans 3,8,16,17,21,22,32,37
rough-barked Mexican (P. montezumae) .............. 8
SANA (P. ClAUSA) ..uevneeeeeeeriieeeeeieeeeeeeeeeeaes 8, 14, 46, 48
SCOLS (P. SYIVESITIS) voveveererieeeiereeieieieieeesesaeseeens 1,3,5,8,16,21,22, 35
shortleaf (P. echinata) ..........cccoeeevvevevvinneenenne. 1,5,6,8,14,21,22,49
slash (P. €lliottit) .....ooveveeverereeeeeieeeeeeeee 1,6,38,14,15,21,22,31, 36, 39, 44, 46, 49
Sonderegger (P. palustris X P. taeda) ................... 1
Southern yellow (P. echinata, P. elliottii,
P. palustris, and P. taeda)..............cccucun.. 47
southwestern white (P. strobiformis) .................... 19
spruce (P. glabra).........c.cooeveevevinnncccnnnenenns 1,8, 14
sugar (P. lambertiana)...............cococeveecinnnnencnes 18, 19,49
Table Mountain (P. pungens) ..........cccocoeeeeeeeeenenns 8
Virginia (P. Virginiana) ...........c.eceeeeveeerecsiernreenens 1,5,8, 14,21
western white (P. monticola).............coevvvevevnnen. 2,4,18,19,49
whitebark (P. albicaulis) .........ccoceevveveerererrnnnnns 2,18, 19
Poplar (Populus SPP.)...ceeeeveeneeeeiniseeeeireeeseens 25, 26,27, 29, 30, 48
balsam (P. balsamifera)...........c.cocueveevvereeeenenens 25
White (P. @lba) .....c.ccooveveneiiiciiccccieisnnn 25
Quaking aspen (Populus tremuloides)...............cccc...... 25
Redbud (Cercis Canadensis) ............couweoeeennreeenennne 32
Redwood (Sequoia spp. and Sequoiadendron spp.).......35, 40, 50
coast (Sequoia Sempervirens) ...........ccuveeeererennn. 40
giant sequoia (Sequoiadendron giaganteum)........ 9,35
SPruce (PiCea SPP.) «eevveeeeeeeerieieieieieieiseseseseseseneeeaenees 3,17, 18,20, 22, 34, 35, 37, 48, 49, 50, 51, 56
black (P. mMariana)............cceoeeveeeereeeneerierereninnnns 18, 32
Colorado blue (P. pungens).........coeceeeeeeeeeuenenns 17,18
Engelmann (P. engelmannii) .........c..ccoeevevennnnnnn. 11, 18,35
NOIWAY (P. GDIES).c.veveveerieiereieiiriereieererieseeeeseens 18
1A (P. FUDERS) et 18, 32
Sitka (P. SITCRENSIS) ovvveveerieieieeeiieieeieeireieeeenns 13,17, 18
White (P. glauca) .......ccveveeeeeeieineieeiieeeeiens 18,32
Sweetgum (Liguidambar styraciflua) ............................ 32,47
Sycamore (Platanus occidentalis) ............ccccovvvceeenne 23,28, 46, 50
Tanoak (Notholithocarpus densiflorus).........c..cccee.... 40
WILLOW (SaiX SPP.) weveererieieiiininieieieireee e 24,29, 30
Yellow-poplar (Liriodendron tulipifera) ....................... 23,28,32,47
YEW (TAXAS SPP.) cvveviiririeieiiininisieieetnseieieeneseeieieeeas 18, 37, 40
European (T baccata).............occcecenvececcncnnnnnn. 40
Pacific (T. brevifolia) ............ccccoeevvvvnnnincncnnn. 18, 40
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Glossary

abiotic. Of or pertaining to the nonliving;
inanimate.

abiotic disease. Disease resulting from
nonliving agents.

abscise. Leaves or buds are shed following
the formation of a separation layer of cells
(abscission layer) in response to injury,
disease or senescence.

acervulus (pl., acervuli). A small cushionlike
asexual fruiting body, without a covering of
fungus tissue, which produces conidia spores
in a moist mass on the host tissue.

adulticide. A chemical that kills only adult
insects.

aeciospore. A nonrepeating, asexual spore,
usually orange or yellow, produced by some
rust fungi. Aeciospores are incapable of infect-
ing the host on which it is produced.

anaerobic. Process or microorganism that
occurs in the absence of oxygen.

alpha-spore. A fertile asexual spore (conidia)
of fungi in the Diaporthaceae family. Spores
are fusoid to oblong and can be produced with
beta-spores.

anamorph. A mitotically reproducing form
of a fungus, usually an asexual state of an
ascomycete or basidiomycete.

anthracnose. A leaf, twig or fruit disease
characterized by necrotic spots or lesions and
generally caused by fungi that produce spores
in an acervulus.

apothecium (pl., apothecia). A sexual fruit-
ing body that are shaped like a cup, saucer, or
wineglass that produces ascospores.

appressed. Flattened or pressed closely
against a surface.

arbuscular mycorrhiza. An association be-
tween a plant root and a mycorrhizal fungus;
the fungus invades the cortical cells of the root
and increases the plants nutrient and water
uptake in exchange for carbon.

ascomycete. A large group of fungi character-
ized by the formation of spores, usually eight
in number, in a saclike structure called an ascus.

ascus (pl., asci). A saclike cell of an
ascomycete fungus, in which ascospores are
produced.

asymptomatic. Without symptoms.

ascospore. A spore produced in the sexual
fruiting body of an ascomycete.

asexual state. A vegetative state or a repro-
ductive state in the life cycle of a fungus in
which nuclear fusion is absent and in which
reproductive spores are produced by mitosis or
simple nuclear division.

Baermann funnel. A funnel with rubber
tubing; used for isolating nematodes from the
soil.

basidiomycete. Member of a large group
of fungi characterized by the production of
external spores, usually four, on a basidium.

basidiospore. A spore produced by the sexual
state of the basidiomycetes.

basidium (pl. basidia). A cell, usually
terminal, in which nuclear fusion and meiosis
occur and on which haploid spores (usually
four) are produced.

beta-spore. An infertile spore produced
together with alpha-spores by certain fungi in
diaporthaceae. Beta-spores are long, slender
and usually curved or bent.

binucleate. A cell with two nuclei.

biological control. The use of natural enemies
to reduce or mitigate pests and their damage.

biotic. Of or pertaining to a living organism.

blastospore. A fungal spore that is produced
by budding.

blight. A plant disease that causes rapid death
or dieback of a plant or part of a plant.

blotch. A large, irregular necrotic area on a
leaf or fruit.

borer. Insect or insect larva that tunnels
within the wood of trees.

brood. All individuals that hatch at approxi-
mately the same time from eggs laid by one
set of parents.

broom. An abnormally dense mass of host
branches and foliage, in which the typical
growth pattern is replaced by a disordered
cluster of foliage at the branch tips.

bug. Any insect of the order Hemiptera
characterized by sucking mouthparts and two
pairs of wings.

callus. A protective tissue of thin walled cells
developed around the edges of wounds or
necrotic lesions.

cambium. The layer of cells that lies between
and gives rise by cell division to the secondary
xylem(wood) and the secondary phloem (inner
bark).

canker. A well defined, relatively localized
necrotic lesion primarily of the bark and
cambium.

casting. Premature loss of leaves or needles.

caterpillar. The elongated wormlike larva of
a butterfly or moth.

causal agent. An organism, such as a fungus,
bacterium, or virus, which produces a disease.

chasmothecia. A spherical ascocarp that
produces ascospores.

chlamydospore. A thick-walled asexual rest-
ing spore formed directly from hyphal cells;
typically formed by many soilborne fungi.

chlorosis. An abnormal yellowing of the
foliage.

chlorotic. Abnormal yellowish.

clone. All descendents derived from a single
individual by asexual reproduction, or parthe-
nogenesis.

cocoon. An envelope, often largely of silk,
which an insect larva forms around itself as
protection for the pupal stage.

coelomycetes. A fungus that produces condia
within a fruiting structure. Are anamorphs of
ascomycetes, or have no known sexual state.

coenocytic. A mycelium where the hyphae
lack septa.
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collar rot. Rotting of the stem at or near the
ground or soil line.

colonize. To establish an infection within a
host or part of a host.

complex diseases. A disease caused by the
interaction of two or more pathogens.

conidiophore. A specialized hypha that
produces asexual spores called conidia.

conidium (pl., conidia). An asexual spore of
a fungus typically produced at the end of a
specialized hypha called a conidiophore.

cortex. The primary tissue found between the
epidermis and the stele of a stem or root.

cotyledon. The food-storing protion of an
embryo; also known as the seed leaf.

cover crop. A crop, natural or introduced,
that is grown alternately with the main crop.
Used to prevent erosion and to improve soil
characteristics.

cull. A seedling that is rejected because it does
not meet certain specifications.

cultural practices. A general term for those
routine nursery operations required to help
seedling growth, such as irrigation, weeding,
plowing, etc.

cuneate. Wedge-shaped and more narrow at
one end.

cuticle. A thin, waxy layer on the outer wall
of epidermal cells.

damping-off. A disease of germinating seed
and seedlings characterized by mortality prior
to emergence (preemergence) or the collapse
of the seedling stem at ground level immedi-
ately after germination (postemergence).

decay. The decomposition of plant tissue by
fungi and other microorganisms.

decline. The gradual reduction in health and
vigor of a plant.

desiccation. An excessive loss of moisture;
drying out.

dieback. The progressive dying of the stem
and branches from the tip downward.
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disease. An unfavorable change in the func-
tion or form of a plant, caused by pathogenic
agents, environmental factors, or a complex

of factors.

disease cycle. The chain of events involved

in disease development, including the stage of
development of the pathogen and effect of the
diseases on the host.

distal. Near or toward the free end of any
appendage; that part of a segment farthest
from the body.

DNA. Deoxyribonucleic acid: a nucleic acid
that makes up chromosomes; contains genetic
information.

echinulate. Having many small spines.

ectomycorrhizae. A type of mycorrhizal
association in which the fungal component
grows between and/or external to the cortical
cells of the plant root.

ectoparasite. A parasite that occurs and feeds
outside its host.

ELISA. Enzyme-linked immunosorbent assay
used to identify a specific protein, especially
an antigen or antibody; used in diagnostic
tests.

emergence. The escape of a winged adult
from its cocoon, pupal case or nymph.

endemic. Native to the country or region;
existing at low stable population levels.

endomycorrhizae. A type of mycorrhizal
association in which the fungal component
invades the cortical cells of the root (syn.
arbuscular mycorrhizae).

endoparasite. A parasite that lives within its
host.

entomophagous. Feeding on insects.

epidemic. Pertaining to a disease that has built
up rapidly and reached injurious levels.

epidemiology. Factors influencing initiation,
development and spread of disease.

epidermis. The outermost layer of cells on the
primary plant body.

ellipsoid. Shape of an object with cross-
sections that are either oval or circular.

exotic. Introduced from another country or
area.

exudate. Matter that oozes out or is secreted.

facultative parasite. An organism that is
normally saprophytic but that is capable of
living as a parasite.

fallow. Cultivated land allowed to lie idle or
unplanted during the growing season.

field capacity. The maximum amount of water
a soil can hold against the force of gravity.

filiform. Long and slender; threadlike.
flaccid. Limp or nonturgid.

flag. On a living plant, a conspicuous dead
branch with the foliage attached.

frass. Insect excrement and refuse.

fruiting body. Fungal reproductive structures
that produce spores.

foci. Central points from which a disease
develops or in which it localizes.

forma specialis (pl., formae speciales). An
intraspecific population of plant pathogenic
species distinguished by host preference, but
not morphologically distinguishable from
other members of the species.

fumigation. Application of vapor or gas,
especially for the purpose of disinfecting or
destroying pests.

fungus (pl., Fungi). An undifferentiated plant
that lacks chlorophyll and conducive tissues.

Fungi Imperfecti. A group of miscellaneous
fungi that lack a known sexual state.

fusiform. Spindle-shaped; tapering toward
each end.

gall. An abnormal swelling on a plant
caused by certain fungi, bacteria, insects, or
nematodes.

gallery. Passage made in wood by an insect.



gametophyte. Stage in the life cycle of an
organism bearing or producing the sexually
reproductive structures.

geniculate. Bent abruptly at an angle, like a
knee.

genotype. The genetic composition of an
organism.

germ tube. The hypha produced by a germi-
nated fungus spore.

girdle. To destroy or remove the tissue in a
ring around a stem, branch, or root, casing a
disruption of the xylem and the phloem.

globose. In the shape of a globe or ball.

glomalin. A sticky glycoprotein produced by
arbuscular mycorrhizae.

host. The plant or animal that affords nourish-
ment to a parasite.

host range. All hosts that a particular patho-
gen or insect attacks.

host-specific. A term used to describe patho-
gens or insects that attack only certain species
of hosts.

hyaline. Transparent; having no color.

hypha (pl., hyphae). One of the filamentous
threads that make up the fungus body.

hypocotyl. That part of the axis of a develop-
ing embryo just below the attachment of the
cotyledons.

imperfect state. The anamorph or asexual
stage in the life cycle of a fungus.

incite. To cause a disease.
infect. To invade and cause a disease.

infest. To attack, inhabit, or populate a thing
or place.

inoculate. To place a pathogen on or in a host.

inoculum. The spores, mycelium, sclerotia,
or other propagules of a pathogen that initially
infects a host.

instar. The period or stage between molts
in larvae, numbered to designate the various
periods. The first instar, for example, is the
period between the egg and the first molt.

intercellular. Occurs or grows between the
cells.

intracellular. Occurs or grows within the
cells.

lancet. Any piercing mouth structure.

larva (pl., larvae). The immature stage
between the egg and pupa of an insect, which
undergoes complete metamorphosis (egg,
larva, pupa, and adult).

latent infection. An established infection
without visual symptoms.

leaf spot. A leaf disease characterized by
distinct lesions.

lesion. A well-defined, localized area of
diseases tissue.

longicorm. An insect having antennae as or
longer than the body; specifically belonging to
the family Cerambycidae.

macroconidia. The larger of two types of
conidia produced by certain fungi, such as
Fusarium species.

maggot. A white to creamy larvae without
legs or a well developed head capsule; in the
order Diptera (flies).

mandible. Anterior pair of jaws on an insect.

microconidia. The smaller of the two types of
conidia produced by certain fungi.

micron. A unit of measurement; 1/1,000 mil-
limeter, 1/25,400 inch.

microsclerotium. Small, dense aggregate of
darkly pigmented, thick-walled hyphal cells,
which serve as resting structures.

mildew. A plant disease characterized by a
coating of mycelium or spores or both on the
surface of the affected parts.

moribund. At the point of mortality.

morphology. The external form and structure
of organisms.

motile. Having the power of motion.

mycelium (pl., mycelia). A mass of hyphae
that forms the vegetative, filamentous body of
a fungus.

mycoflora. The fungi characteristic of a
region or environment.

mycoplasma. A wall-less prokaryotic micro-
organism.

mycorrhiza (pl., mycorrhizae). A symbiotic
association between a fungus and the roots
of higher plants that aids in the uptake of
nutrients by the plant.

necrosis. Death of plant cells, usually result-
ing in darkening of the tissue.

needle cast. A disease of conifer needles that
usually results in premature needle drop.

nymph. Immature stage of certain insects
having incomplete metamorphosis, (egg,
nymph, and adult).

obligate parasite. An organism that can
survive only in living tissue.

oospore. The sexual resting spore produced
by certain fungi in the class oomycetes.

oviposit. The act of depositing eggs.

ovipositor. An external egg-laying apparatus
of female insects.

parthenogenesis. Reproduction by growth of
egg cells without male fertilization.

pathogen. An organism that causes a disease.
pathogenic. Capable of causing a disease.

parasite. An organism living on or nourished
by another living organism.

perfect state. The teleomorph or sexual stage
in the life cycle of a fungus.

periderm. The outer, protective layer of
stems, consisting of the phellogen, phellum,
and phelloderm.
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perithecium (pl., perithecia). A closed, flask-
like sexual fruiting body in which ascospores
are produced. Formed by certain ascomycetes.

phellum. The suberized tissue produced by
the cork cambium in the bark.

phelloderm. Secondary tissue produced by
and to the inside of the cork cambium.

phialide. A cell that develops one or more
open ends from which a succession of conidia
emerge without increasing the length of the
cell itself.

phloem. The tissues of the inner bark respon-
sible for the transport of photosynthates.

phytotoxic. A chemical that is toxic to plants.

pionnotal. A degenerate cultural variant; a flat
slimy culture with abundant condidia.

polyphialide. A phialide with more than one
open end.

proleg. A fleshy abdominal leg of certain
insect larvae; prolegs occur in pairs.

pseudothecium (pl., pseudothecia). Asci
produced in cavities (locules) located within
a stroma (usually black); resembles a perithe-
cium.

pupa (pl., pupae). The resting, inactive stage
of an insect between larva and adult.

pustule. Small blisters created by a fungus
that mature into fruiting structures.

pycnidium (pL, pycnidia). A fungal fruiting
body, typically flask shaped, in which asexual
spores are produced.

pycnidiospore. An asexual spore produced in
a pycnidium.

pycniospore. A specialized spore, produced
in a pycnium by rust fungi, that functions as
male gamete. Synonym: spermatium.

pycnium (pl., pycnia). A structure developed
by rust fungi that produces tiny, one-celled
spores which function as male gametes.
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resistant. Able to withstand, without serious
injury, attack by an organism or damage by a
nonliving agency, but not immune from such
attack.

root collar. The area where the major roots
join the together with the base of the stem;
root crown.

rot. See Decay.

rust. A disease caused by certain fungi in the
Basidiomycetes and usually characterized by
the production of large numbers of reddish

(rusty) spores on foliage, branches, or stems.

saprophyte. An organism that uses dead
organic material as food.

sclerotium (pl., sclerotia). A firm, frequently
rounded, multicellular resting structure
produced by fungi.

scorch. The sudden browning of large,
indefinite areas on a leaf; caused by infection,
chemical injury, or unfavorable weather
conditions.

senescent. Late stage of a plants lifecycle,
eventually leading to mortality.

septate. Having cross walls, or septa, that
divide hyphae or spores into a number of
separate cells.

septum (pl., septa). The cross walls that
divide a hypha or spore into two or more
distinct cells.

sexual state. The state in the life cycle of a
fungus in which spores are produced after
sexual fusion. Synonym: perfect state.

sign. Vegetative or fruiting structures of the
casual organism on a diseased plant. Along
with symptoms, signs are used to diagnose
cause(s) of disease.

sporangium (pl., sporangia). A cell that
contains one or more asexual spores.

spore. The reproductive structure of the fungi
and other lower plants.

sporodochium (pl., sporodochia). A conidial
fruiting body in which the spore mass is
supported by a cushionlike mass of short
conidiophores.

sporulate. To produce spores.

stage. Any definite period in the development
of an insect, for example, egg and larva.

state. One spore type produced by a fungus,
which produces two or more spore types
during its life cycle. Sometimes referred to as
stage.

stoma (pl., stomata). A pore in the leaf epi-
dermis, surrounded by two guard cells, leading
into an intercellular space within the plant.

stool. A plant from which offsets may be taken
or with several stems arising together; a clump
of roots or root stocks that may be used in
propagation.

stroma (pl., stromata). A cushionlike body
on or in which fungus fruiting bodies are
formed.

stylet. A hollow protractible spear used to
puncture plant or animal prey.

sublethal infection. An infection that does not
result in death of the host.

susceptible. Unable to withstand, without
serious injury, attack by an organism or dam-
age by a nonliving agency.

symbiosis. A mutually beneficial association
of two or more different types of organisms.

symptom. The visual evidence of disturbance
in the normal development and function of a
host plant, for example, chlorosis, necrosis,
galls, and stunting.

systemic. Affecting or distributed throughout
the whole plant.

taproot. The primary descending root of a
plant from which the secondary, or lateral,
roots branch.



teliospore. The sexual spore state of a rust
fungus from which the basidium and basidio-
spores arise upon germination.

telium (pl., telia). The structure in rust fungi
that gives rise to teliospores.

tendrils. Mass of spores in a gelatinous ma-
trix, which oozes from a fruiting body in long
curling strings or hornlike projections.

thorax. The second or intermediate region
of the insect body bearing the true legs and
wings.

translocation. The transfer of food materials
or metabolites within a plant.

truncate. Cut off, a straight edged base.

urediospore. A binucleate, asexual spore
produced by some rust fungi, which is capable
of reinfecting the host on which it is formed.
Sometimes called urediospore.

uredinium (pl., uredinia). The structure in
rust fungi that gives rise to urediniospores.
Sometimes called uredium.

vascular. Plant tissue that conducts water,
food, and hormones within the plant.

vegetative. Concerned with growth and de-
velopment, as distinguished from reproductive
functions.

vesicle. A bladderlike sac, the swollen apex of
a conidiophore or hypha.

viable. Capable of becoming normally active.

wilt. A type of plant disease characterized by
the sudden wilting and collapse of the suc-
culent parts of affected plants.

virulent. Capable of causing severe disease;
strongly pathogenic.

sylem. The woody water-conducting tissues of
stems and roots.

zoospore. A motile free-swimming spore
produced by the water molds.
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CAUTION:
PESTICIDES)

This publication reports research with pesticides. It does not contain recommendations for their use, nor
doesit imply that the uses discussed here have been registered. All uses of pesticides must be registered
by appropriate State and/or Federal agencies before they can be recommended.

CAUTION: Pesticides can be injurious to humans, domestic animals, desirable plants, and fish or other
wildlife—if they are not handled or applied properly. Use all pesticides selectively and carefully. Follow
recommended practices for the disposal of surplus pesticides and pesticide coontainers.

The mention of products and companies by name does not constitute endorsement by the U.S.

Department of Agriculture, nor doesit imply approval of aproduct to the exclusion of others that may
also be suitable.








